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ABSTRACT 

NON-MUSCLE MYOSIN II  
AND CYTOPLASMIC DYNEIN REGULATE CYTOSKELETON  

TRANSLOCATION DURING AXONAL ELONGATION 
 

By 
 

Douglas H. Roossien Jr. 

 Neurons are complex cellular machines that utilize a dynamic cytoskeleton to elaborate 

long axonal processes. During embryonic development, these long processes eventually 

terminate and form a synapse with a prescribed target. Elongation is driven in part by a unique 

structure called the growth cone at the tip of the axon. A recently developed biophysical model 

for axonal elongation has proposed that forces cause the growth cone to translocate in bulk, 

while stretching the axon. This is followed by intercalated mass addition along the length of the 

axon to prevent thinning. As a result of axonal stretching, the cytoskeleton undergoes en masse 

translocation. While this has been observed in cultured neurons from a variety of different 

species, whether this occurs in vivo is unknown. In addition, the molecular force generating 

mechanisms in the axon that regulate axonal stretching and cytoskeleton translocation have not 

been characterized.  

Here, we use mitochondria docked to the cytoskeleton as fiduciary markers for bulk 

cytoskeletal movements. We use this technique in cultured Drosophila neurons to show that 

cytoskeleton translocation is conserved between vertebrates and invertebrates. Then we track the 

movement of docked mitochondria in the aCC motoneuron in stage 16 Drosophila embryos to 

show that the cytoskeleton translocates during axonal elongation. This suggests that axons grow 

by stretching in vivo. 



Non-muscle myosin II is a well-known force generating motor found in neurons. To 

characterize how myosin II contributes to axonal stretching and cytoskeleton translocation, we 

used the pharmacological agent blebbistatin to disrupt myosin II function in chick sensory 

neurons and genetic reduction of myosin II heavy chain in primary Drosophila neurons. We 

found an antagonistic relationship between myosin II in the growth cone and along the axon: 

myosin II in the growth cone promotes growth cone translocation, while myosin II along the 

axon restrains it by preventing axonal stretching.  

Cytoplasmic dynein is a microtubule motor previously implicated in axonal elongation. 

To test if dynein contributes to cytoskeleton translocation, we used microinjection of function-

blocking antibodies and the pharmacological dynein inhibitor Ciliobrevin D to disrupt dynein 

function and found that elongation decreases due to a reduction in cytoskeleton translocation. We 

also found an increase in axonal tension upon dynein disruption, suggesting that dynein pushes 

microtubules embedded in the cytoskeletal meshwork forward. Altogether these results lead to a 

model for axonal elongation in which the cytoskeleton can be pulled forward by myosin II in the 

growth cone or pushed forward by dynein along the length of the axon, while myosin II along the 

length of the axon restrains growth cone advance by preventing axonal stretching. This offers the 

axon a convenient mechanism to regulate the rate of elongation and has the potential to 

illuminate new strategies for augmenting axonal regeneration following nerve damage. 
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1.1 Introduction    

During development, neurons send out long cellular processes called axons that navigate 

through a complex array of environments and eventually form synapses with prescribed targets. 

Even after reaching its synaptic target, the axon must be able to stretch in response to the 

increasing body size of the animal in order to maintain proper connections. This results in axons 

that can be up to a meter long in humans and 30 meters long in aquatic mammals (Smith, 2009). 

How individual cells accomplish such an impressive feat has been the subject of intense research 

for over a century.  

 In the late 1800’s, Ramon Y Cajal described the nervous system as a contiguous network 

of connected individual neurons. In addition, he identified the growth cone: the most distal 

structure of the axon, which he predicted to be required for axonal elongation (Ramon Y Cajal, 

1890). Indeed, almost a century later it was shown that axons with severed growth cones fail to 

elongate until a new growth cone is formed (Shaw and Bray, 1977; Wessells et al., 1978). 

Growth cones are responsible for integrating signals initiated by extracellular guidance 

molecules into decisions about which direction to grow or not to grow. This includes decisions to 

continue elongating per se.  

Many guidance cues signal downstream to the growth cone cytoskeleton (Dickson, 

2002), which is organized into three distinct domains (Figure 1.1) (Bridgman and Dailey, 1989; 

Forscher and Smith, 1988; Lewis and Bridgman, 1992). The peripheral domain or P-domain is 

rich in actin filaments arranged in either thick actin bundles that protrude outward to form 

filopodia or in a meshwork in the lamellipodia veil. The central domain or C-domain is dense in 

microtubules and other membranous organelles such as mitochondria, endoplasmic reticulum, 

and endosomes. The area in which microtubules interact with actin filaments between the P- and 
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C-domains is called the transition zone or T-zone. The T-zone contains a unique actin structure 

called actin arcs, which are short bundles of actin filaments. These actin arcs circumscribe the C-

domain and keeps microtubules contained (Schaefer et al., 2002).  

The growth cone and axonal cytoskeleton are closely associated with motor proteins. 

Non-muscle myosin II (NMII), for instance is enriched in the T-zone (Bridgman and Dailey, 

1989; Rochlin et al., 1995) where it generates contractile forces that assist in maintaining growth 

cone structure and regulate axonal elongation. A variety of other motor proteins, such as 

additional myosin family members, kinesins, and cytoplasmic dynein, are found throughout the 

growth cone as well. These motors exert forces on the axonal cytoskeleton in response to 

external stimuli to affect axonal elongation, such that the growth cone can be viewed as a 

biological engine (Lowery and Van Vactor, 2009).  

The standard model for axonal elongation is called the Protrusion, Engorgement, and 

Consolidation hypothesis (PEC) and proposes that as the actin-rich P-domain advances, it leaves 

behind an empty corridor between the P- and C-domain (Figure 1.2A). This allows for the 

deposition of new material by cytoskeleton polymerization and fast transport, which gives the 

appearance that the growth cone is being engorged with new material. The final step is a 

consolidation step which converts the engorged C-domain into new axon. This is analogous to 

building a railroad, where pieces of track are laid down in succession until the destination is 

reached. An alternative model for axonal elongation has recently emerged called Stretch and 

Intercalation (SAI) (Suter and Miller, 2011). This model is based on the idea that forces 

generated in the axon and growth cone cause the axon to stretch, much like a piece of silly-putty 

(Figure 1.2B). This model differs from the PEC model in three significant ways: 1 – The C-

domain advances as one coherent unit according to SAI, whereas the growth cone is constantly 
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being assembled with PEC growth. 2 – Axonal stretching causes the cytoskeleton to be in 

motion. 3 – Motor proteins generate forces to deform the axon in addition to transporting 

material. 

As the observations leading to the SAI hypothesis have been garnered from in vitro 

experiments, whether this mode of outgrowth is physiologically relevant or an artifact of culture 

conditions is unknown. In addition, the identity and mechanisms of molecular motors that 

regulate axonal stretching have not been elucidated. These general questions are addressed in this 

dissertation. A review of relevant literature is presented in this chapter, which is separated into 

three sections. The first section will discuss the structure and regulation of the microtubule 

cytoskeleton and the microtubule motor dynein. The second will likewise discuss the actin 

cytoskeleton and non-muscle myosin II (NMII). In the third section, how these individual 

components cooperate to drive axonal elongation will be discussed from a historical and critical 

perspective. Chapters 2-4 each individually address the specific aims outlined below, while 

Chapter 5 provides a brief discussion of future research directions.  

 

Aim 1) How do axons elongate in vivo? 

We turn to the model system Drosophila melanogaster to address this question. First, embryonic 

neurons were harvested and grown in culture for the purposes of making direct comparisons of 

cytoskeletal meshwork translocation between Drosophila and vertebrate neurons. We follow this 

with live time-lapse imaging of developing Drosophila embryos to ask if translocation occurs in 

vivo. 
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Aim 2) How does non-muscle myosin II influence cytoskeletal meshwork translocation? 

We use both genetic reduction of myosin II heavy chain in Drosophila neurons and the 

pharmacological inhibitor blebbistatin in chick sensory neurons to ask how non-muscle myosin 

II disruption affects axonal elongation and cytoskeletal meshwork translocation. We pair this 

analysis with a biophysical characterization of axonal force generation and mathematical 

modeling of adhesion strength and axonal viscosity to develop a model for non-muscle myosin II 

function during axonal elongation. 

 

Aim 3) Does cytoplasmic dynein generate forces required for cytoskeletal meshwork 

translocation? 

For this aim, we use microinjection of function-blocking antibodies targeted to dynein 

intermediate chain and the pharmacological inhibitor Ciliobrevin D to ask if dynein disruption 

slows elongation by interfering with cytoskeletal meshwork translocation. In addition, we 

perform direct measurements of axonal forces to determine the net force contribution dynein 

makes in the axon. 
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1.2 The axonal microtubule cytoskeleton  

 Microtubules have long been recognized as a critical component for axonal growth and 

stability. Indeed, when the microtubule disrupting drug colchicine was added to neurons in 

culture, axons retracted and were prevented from resuming growth (Daniels, 1972; Yamada et 

al., 1971). Microtubules along the axon act as structural support and as tracks for cellular 

transport. According to PEC, polymerization and / or deposition of microtubules at the distal 

axon tip is an integral part of the engorgement step (Dent and Gertler, 2003; Lowery and Van 

Vactor, 2009; Stiess and Bradke, 2011). It is therefore important to understand their biochemical 

properties and how the microtubule bundle in the axon is formed.  

 

1.2.1 Microtubule dynamics 

Microtubules are protein polymers formed from tubulin heterodimers made up of 

globular α- and β-tubulin subunits. While both of these subunits are bound to GTP nucleotides, 

only the β-tubulin subunit can hydrolyze the GTP into GDP; α-tubulin always remains bound to 

GTP (Alberts et al., 2008). Tubulin heterodimers polymerize in a polarized fashion through 

noncovalent interactions in linear filaments called protofilaments (Desai and Mitchison, 1997). 

Protofilaments polymerize alongside one another to form a hollow microtubule typically 

consisting of 13 protofilaments (Desai and Mitchison, 1997).  

Tubulin heterodimers align in a “head-to-tail” fashion (Amos and Klug, 1974; Bergen 

and Borisy, 1980) such that each protofilament contains alternating α- and β-tubulin subunits, 

giving rise to a polarized microtubule structure with α-tubulin exposed at one end (the minus 

end) and β-tubulin at the other (the plus end) (Fan et al., 1996; Hirose et al., 1995; Mitchison, 

1993). The rate limiting step of microtubule polymerization is the nucleation of microtubule 
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subunits into a seed, which creates sites for subsequent cooperative binding of tubulin monomer 

(Hill and Kirschner, 1982). In the cell, centrosomes act as stable sites for the nucleation of new 

microtubules (Mitchison and Kirschner, 1984b) by providing γ-tubulin ring complexes which 

closely mimic β-tubulin binding sites but are much more stable (Joshi et al., 1992; Oakley and 

Oakley, 1989). 

Once bound in the microtubule lattice, the β-tubulin subunit hydrolyzes GTP into GDP. 

However, the hydrolysis reaction lags behind the rate of new GTP-bound subunit addition, which 

creates a “GTP cap” (Carlier and Pantaloni, 1981). The off rate of GTP-bound subunits is much 

lower than GDP-bound monomers, resulting in a higher polymerization rate at the plus end 

compared to the minus end (Allen and Borisy, 1974; Carlier et al., 1984; Dentler et al., 1974; 

Margolis and Wilson, 1978; Summers and Kirschner, 1979). If the pool of free tubulin 

heterodimer is depleted, however, the rate of GTP hydrolysis becomes greater than the rate of 

new subunit addition. GDP-bound tubulin subunits at the plus end become exposed at the tip, 

which then rapidly dissociate from the microtubule lattice and cause extensive depolymerization 

of the microtubule (Carlier and Pantaloni, 1981; Mitchison and Kirschner, 1984a; Weisenberg et 

al., 1976). This event is called “catastrophe” and can be reversed by a “rescue” event in which 

depolymerization is halted and polymerization resumes (Desai and Mitchison, 1997; Mitchison 

and Kirschner, 1984a). The details of rescue events are less clear, but in neurons rescue is 

promoted by microtubule associated proteins (Drechsel et al., 1992; Pryer et al., 1992; Trinczek 

et al., 1995). This ability of microtubules to alternate between states of polymerization and 

depolymerization is termed dynamic instability and allows the cell tight regulation of 

microtubule remodeling. Microtubules in the axon operate under these same fundamental 

principles, though the axon has adapted them in various ways. 
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1.2.2 Establishment of axonal microtubules 

The microtubule cytoskeleton is an integral structural component underlying axonal 

morphology (Yamada et al., 1970). Axonal microtubules can reach lengths of at least 100 µm 

(Bray and Bunge, 1981) and are oriented with their plus ends facing distally, or toward the 

growth cone (Heidemann et al., 1981). This polarized orientation is unique to the axon and is an 

early step in establishing which neurite becomes the axon while the rest, with a mixed 

microtubule polarity (Baas et al., 1988), become dendrites (Stiess and Bradke, 2011). 

Microtubules along the length of the axon overlap and are highly cross linked such that the 

microtubule cytoskeleton is a mechanical continuum that stretches the entire length of the axon, 

despite being longer than the individual microtubules that comprise it (Hirokawa, 1982). 

How does the axon establish polar orientation of microtubules in the axon? 

Immunostaining for the microtubule nucleation protein γ-tubulin revealed it is only found in the 

pericentriolar region of the cell body and not along the axon (Baas and Joshi, 1992; Miller and 

Joshi, 1996), suggesting that all microtubules are nucleated in cell body. Nucleation is followed 

by a brief bout of polymerization, after which the short microtubule is severed from the 

centrosome by katanin and transported down the axon by the microtubule motor dynein (Ahmad 

et al., 1998; Ahmad et al., 2006; Baas and Ahmad, 1992; Baas et al., 2005). The transport of 

short microtubules, ~10 µm in length, is rapid but intermittent (Wang and Brown, 2002) and is 

thus termed Stop-and-Go transport. By limiting nucleation to the cell body followed by transport 

in this fashion the axon is supplied with microtubules with the plus ends facing distally. 

To compensate for the lack of nucleation sites in the axon shaft, microtubules become 

stabilized at their minus end (Nicklas et al., 1989; White et al., 1987). This prevents wholesale 

depolymerization and provides the axon with stable sites for new polymerization. Indeed, by 



9 
 

using tyrosinated tubulin as a marker for young microtubule and detyrosinated tubulin for old 

microtubule, it was found that individual microtubules are detyrosinated near the minus end and 

tyrosinated near the plus end (Baas and Black, 1990). Tubulin is transported down the axon in 

soluble form (Ma et al., 2004; Miller and Joshi, 1996) by kinesin (Terada et al., 2000) to supply 

the axon with heterodimers for incorporation into these pre-existing stable microtubules. 

While microtubule polymerization occurs throughout the axon, (Keith, 1987; Lim et al., 

1990; Lim et al., 1989; Okabe and Hirokawa, 1988; Okabe and Hirokawa, 1990; Okabe and 

Hirokawa, 1992; Okabe and Hirokawa, 1993), it is enriched in the proximal region near the cell 

body and the distal region near the growth cone. Staining for tyrosinated tubulin shows the 

microtubule bundle contains an increase in young microtubules near the cell body and in the 

distal axon, while the central axon contains an enrichment of detyrosinated / stable microtubules 

(Brown et al., 1993). More recently, these observations were confirmed by tracking EB3/1-GFP 

comets (Kollins et al., 2009; Stepanova et al., 2003), a method for tracking the plus ends of 

polymerizing microtubules (Akhmanova and Steinmetz, 2008). Microtubule dynamics in the 

axon are spatially and temporally regulated in the axon by signaling networks (Conde and 

Caceres, 2009). While the full details of regulation are beyond the scope of this review, how 

microtubule dynamics contribute to axonal elongation will be discussed in a later section.  

 

1.2.3 Dynein: a microtubule motor protein 

 Motor proteins are a class of specialized enzymes that transform the chemical energy 

stored in ATP molecules to mechanical energy. There are three superfamilies of motor proteins 

(kinesins, myosins, and dyneins), each of which are further subdivided into over 100 different 

types of motor proteins in humans (Vale, 2003). Though they vary in function, they are all 
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closely associated with cytoskeletal filaments. In particular, the dynein superfamily is an ATPase 

associated with microtubules, on which it can walk toward the minus end (Paschal et al., 1987; 

Paschal and Vallee, 1987; Sale and Satir, 1977). Dynein is divided into three classes. Axonemal 

dynein is found between microtubule doublets in cilia and flagella and powers sliding during 

motility. Cytoplasmic dynein contains two classes, one of which drives transport along 

microtubules in cilia and flagella (referred to as class 2 or IFT dynein) and another found 

throughout the remainder of the cell with a variety of functions (class 1) (Vale, 2003). 

Cytoplasmic dynein 1 will herein be referred to as dynein as the other two classes will not be 

discussed further.  

Research on the structure and mechanism of dynein function has lagged behind that of 

the kinesin and myosin motor superfamilies because of its large size and the large number of 

closely associated regulatory proteins. Recent advances in solving dynein crystal structures, 

however, has begun to reveal the mechanochemical mechanism of this large 500+ kDa enzyme 

that was previously inferred from functional studies. The motor head of dynein is made up of six 

ATPase domains arranged in a ring (Neuwald et al., 1999). Across this lies a linker domain that 

changes shape based on the status of ATP binding (Burgess et al., 2003; Imamula et al., 2007; 

Kon et al., 2005; Kon et al., 2012; Roberts et al., 2009). This linker domain is contiguous with a 

tail domain, which interacts with a wide variety of regulatory proteins and cargo. A coiled-coil 

stalk domain emanates from out of the motor head ring and contains a microtubule binding 

domain (MTBD) at its tip (Gee et al., 1997). When ATP binds to the motor head, the linker 

domain rotates like a hinge (Roberts et al., 2012) and the MTBD detaches from the microtubule 

(Porter and Johnson, 1983). ATP hydrolysis then occurs causing the MTBD to bind in a new 

position further along the microtubule toward the minus end (Carter et al., 2008), which in turn 
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induces ADP + Pi release (Holzbaur and Johnson, 1989). This last step in the cycle causes the 

linker domain to straighten and pull its attached cargo forward as the ‘power stroke’ step 

(Kikkawa, 2013; Kon et al., 2005) and the mechanochemical cycle can begin again. 

How dynein achieves long distance processivity is still unclear, though several lines of 

evidence suggest dimerization of two heavy chains is responsible for ensuring the motors do not 

dissociate from the microtubule (Reck-Peterson et al., 2006). The proposed mechanism for dimer 

function is that stepping of the two dynein heavy chains is uncoordinated and that the presence of 

the linker between the two increases the probability each will take forward steps as opposed to 

backward, such that the net result is forward movement of the dimer in 8 nm increments (DeWitt 

et al., 2012; Qiu et al., 2012; Reck-Peterson et al., 2006). This does not, however, account for the 

observation that individual heavy chains can processively take 8 nm steps under high load 

(Mallik et al., 2004), the mechanism of which remains controversial. 

 Unlike the kinesin and myosin superfamilies, each of which have evolved a large number 

of subfamilies and isoforms designed to perform specific functions in the cell, the dynein 

superfamily contains relatively few types (Vale, 2003). Instead, the cell utilizes accessory 

proteins to adapt the dynein motor complex to numerous cellular functions. These include non-

catalytic subunits of the dynein holoenzyme itself; two dynein light chains, a light intermediate 

chain, and an intermediate chain (DIC). These non-catalytic subunits mostly regulate binding to 

additional regulatory proteins and cargo (Roberts et al., 2013). Dynactin is a regulatory protein 

required for long distance dynein-driven transport of materials in living cells (Gill et al., 1991; 

Schroer and Sheetz, 1991). It is the most commonly studied dynein regulator and is required for 

almost all known functions of dynein in vivo (Schroer, 2004).  
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Dynactin itself is a large multi-protein complex. The major subunit, p150Glued, binds to 

DIC to maintain an intact dynein-dynactin complex (Karki and Holzbaur, 1995; Vaughan and 

Vallee, 1995). It can also bind microtubules at its N-terminus (Vaughan et al., 2002; Waterman-

Storer et al., 1995). This interaction may keep dynein tethered to the microtubule to increase 

processivity (King and Schroer, 2000). In addition to direct microtubule binding, p150Glued can 

interact with the microtubule +TIP proteins EB1 and CLIP-170 (Valetti et al., 1999; Vaughan et 

al., 1999; Vaughan et al., 2002). Though the precise mechanism is not yet understood, the 

interactions between dynactin and CLIP-170 target dynein specifically to the plus ends of 

microtubules, where it can remain in position until cargo binds for transport toward the minus 

end (Vaughan et al., 2002). Alternatively, the plus end complex can be targeted to the cell cortex 

along with dynein via Num1 (Markus et al., 2009) or IQGAP1 (Fukata et al., 2002). Dynactin 

thus augments dynein function by both increasing the processivity of the motor and regulating its 

localization. 

The most well-known function of dynein is for cellular transport. In vitro, purified dynein 

bound to coverslips can move microtubules and can transport plastic beads across microtubules 

when in solution (Euteneuer et al., 1988; Lye et al., 1987; Paschal et al., 1987); later it was 

confirmed in living cells and axons that dynein moves membranous vesicles toward microtubule 

minus ends (Schnapp and Reese, 1989; Schroer et al., 1989). Various membranous organelles, 

such as mitochondria (Pilling et al., 2006), endosomes (Aniento et al., 1993; Driskell et al., 

2007), and Golgi (Corthesy-Theulaz et al., 1992), can bind to dynein and are thus transported 

throughout the cell. Because microtubules in the axon are oriented with their minus ends facing 

the cell body, dynein drives axonal transport of membrane organelles in the retrograde direction 

(Pilling et al., 2006; Schnapp and Reese, 1989; Yi et al., 2011). Dynein also transports short 
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microtubules in the axon via Stop-and-Go transport, though in the anterograde direction (Ahmad 

et al., 1998; Ahmad et al., 2006). This is proposed to occur because the dynein motor domain is 

bound to a short microtubule while the cargo-binding domain is anchored to a structure with 

more resistance (Baas et al., 2006; Pfister, 1999). As dynein walks toward the minus end, the 

microtubule moves forward. Thus, dynein plays a critical role in the transport of a variety of 

different types of cargo in the axon and in non-neuronal cells. In all of these cases, the 

mechanochemical cycle brings the motor head closer to the minus end of the microtubule 

regardless of whether the microtubule or motor head is stationary. 

 Other cellular functions have recently been ascribed to dynein in addition to cellular 

transport, all of which rely on dynein force generation. During mitosis, dynein is required for 

proper mitotic spindle assembly and alignment (Goshima et al., 2005; Nguyen-Ngoc et al., 2007; 

O'Connell and Wang, 2000; Rusan et al., 2002), capture and alignment of chromosomes 

(Schmidt et al., 2005), and separation of the centrosomes (Gonczy et al., 1999). Dynein at the 

actin-rich cortex is presumed to drive a majority of these mitotic functions. By using cortical 

actin as an anchor, the tendency of the motor to try to walk toward the minus end moves the 

microtubule in the plus end direction (Hendricks et al., 2012; Mazel et al., 2013). There is also a 

growing body of evidence in large cells, such as Zebrafish and Xenopus zygotes, that dynein is 

anchored in the cytoplasm to exert forces on large microtubule arrays (Kimura and Onami, 2005; 

Wuhr et al., 2010).  

Most studies on dynein function in axons have focused on transport, be it Stop-and-Go 

transport of microtubules or retrograde transport of organelles. There have been, however, a few 

notable observations made of dynein function in the context of axonal elongation. 

Overexpression or injection of the dynactin subunit dynamitin disrupts dynein function by 
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dissociating the dynein-dynactin complex (Echeverri et al., 1996; Wittmann and Hyman, 1999). 

When injected into weakly adhered neurons, the axons lose their ability to resist retraction forces 

generated by NMII (Ahmad et al., 2000). Depletion of dynein heavy chain by siRNA makes 

axons more sensitive to retraction induced by nitric oxide and disrupts growth cone turning 

(Myers et al., 2006). The rate of elongation is drastically reduced with both of these means of 

dynein disruption as well (Ahmad et al., 2000; Myers et al., 2006). In neurons grown on poly-

amine substrates and then treated with soluble laminin, which increases the rate of elongation 

(Lein et al., 1992), there is a dramatic relocalization of dynein to the leading edge of the growth 

cone that correlates with increases in growth (Grabham et al., 2007). It therefore seems as though 

dynein may be making a significant contribution to axonal elongation in addition to driving 

axonal transport.  

In both non-neuronal cells and neurons, dynein converts chemical energy stored in ATP 

to generate mechanical forces to perform a variety of different tasks. The central theme to all of 

these cellular functions is that dynein forces cause the movement of large objects through the 

cell, be they membrane organelles, individual or networks of microtubules, or chromosomes. If 

and how dynein forces affect the cross linked microtubule cytoskeleton along the axon is an 

intriguing question, and investigating this could reveal new mechanisms for axonal stretching 

during elongation.  

  



15 
 

1.3 Actin and growth cone motility 

Cell migration is a multi-step cycle involving protrusion of the plasma membrane at the 

leading edge, substrate adhesion formation and turnover, and cytoskeleton contraction at the rear 

of the cell to move the cell body forward (Lauffenburger and Horwitz, 1996; Ridley et al., 2003). 

All of these steps involve the actin cytoskeleton and myosin. The Rho-family GTPases RhoA, 

Rac1, and Cdc42 are master regulators of cell motility in that they all regulate actin dynamics 

and myosin activity. In general, Rac1 and Cdc42 induce formation of the two main protrusive 

structures lamellipodia and filopodia, respectively, whereas RhoA regulates adhesion and stress 

fiber formation (Nobes and Hall, 1995). The main components of the actin machinery relevant to 

axonal elongation are discussed in the following section. Although there is significant overlap in 

the structure and function of proteins involved in non-neuronal cell and growth cone motility 

(Pak et al., 2008), important differences will be noted.  

 

1.3.1 Actin dynamics 

Actin is another of three classes of protein polymer found in cells that comprise the 

cytoskeleton. Actin filaments are singular bi-helical filaments (F-actin) made up of 

spontaneously polymerizing globular actin subunits (G-actin). This makes them less stiff than 

microtubules, but has the advantage of adding a degree of pliability (Isambert et al., 1995). G-

actin monomers are bound to ATP and, like microtubules, polymerize in a head-to-tail fashion 

more favorably at the plus end of the actin filament, also called the barbed end. ATP hydrolysis 

occurs stochastically after polymerization and there is a subsequent delay in Pi release from the 

monomer such that filaments can have three distinct regions based on the state of adenine 

nucleotide bound to G-actin: ATP near the actively growing barbed end, ADP-Pi just proximal to 
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this region, followed by an ADP region that spans all the way to the pointed end (Blanchoin and 

Pollard, 2002; Carlier and Pantaloni, 1986; Carlier et al., 1988).  

Actin polymerization is a function of the local concentration of G-actin, giving rise to a 

‘critical concentration’ at which polymerization occurs at concentrations above and 

depolymerization below (Pollard, 1986). A notable property of F-actin is that the critical 

concentration at the barbed end is much lower than at the pointed end. Thus, at G-actin 

concentrations between these two critical concentrations, actin filaments grow at one end and 

shrink at the other, a process called treadmilling that can be visualized directly in living cells 

with fluorescently labeled actin (Fujiwara et al., 2002). During F-actin treadmilling, the net 

location of the filament advances even though the individual monomers are stationary relative to 

the substrate (Theriot and Mitchison, 1991). However, as the cell maintains a G-actin 

concentration well above the critical concentration, it utilizes a host of actin binding proteins to 

regulate actin polymerization and treadmilling (Pollard and Borisy, 2003). 

 

1.3.2 Actin-based protrusive structures 

 An integral process in growth cone motility and cell migration is protrusion of the leading 

edge of the plasma membrane, which is predominantly driven by two main structures. First, the 

lamellipodia, which appear as thin sheets devoid of organelles and microtubules. In the 

lamellipodia, F-actin filaments are arranged in a branched network (Hoglund et al., 1980) 

meeting at 70° angles (Karlsson et al., 1984; Rinnerthaler et al., 1991) with their barbed ends 

facing the leading edge of the plasma membrane (Begg et al., 1978; Isenberg et al., 1978; Small 

et al., 1978). The second are the filopodia, finger-like structures comprised of a bundle of actin 

filaments oriented with their plus ends facing the distal tip (Bridgman and Dailey, 1989; Tosney 
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and Wessells, 1983). According to the Brownian ratchet model, F-actin filaments randomly 

vibrate and bend, which create gaps between the tip of the filament and the plasma membrane 

into which new G-actin subunits can be added. Pushing is created on the plasma membrane when 

the filament returns to its relaxed, fully extended state (Mogilner and Oster, 1996; Oster and 

Perelson, 1987; Peskin et al., 1993). This occurs in both the filopodia and lamellipodia to drive 

membrane protrusion. 

Protrusion at the leading edge of lamellipodia does not occur by the pushing of individual 

actin filaments, but by a branched network of connected filaments. Arp2/3 protein facilitates 

branching (Amann and Pollard, 2001; Blanchoin et al., 2000; Pantaloni et al., 2000) by binding 

to the sides of F-actin and mimicking a barbed end subunit (Robinson et al., 2001). This 

nucleates a new filament that grows at a 70° angle to the original (Mullins et al., 1998). The 

branched network of actin filaments creates a high density of ~100 filaments per micron that acts 

as a “nanomachine” to drive plasma membrane protrusion (Abraham et al., 1999). This forms the 

basis for the dendritic nucleation model for cell motility (Pollard and Borisy, 2003), which is 

based on the premise that a highly branched network of short actin filaments can create a 

stronger pushing force against the plasma membrane than long individual actin filaments.  

According to the dendritic nucleation model, actin dynamics are regulated in addition to 

branching by a host of actin binding proteins to regulate lamellipodial protrusion. Capping 

proteins such as CapZ and gelsolin bind to the barbed ends to prevent polymerization in 

unwanted directions (Cooper and Schafer, 2000; Sun et al., 1999). Further back from the plasma 

membrane, disassembly of actin filaments is facilitated by a highly conserved family of actin 

binding proteins called the ADF/cofilins (Bamburg et al., 1999). ADF/cofilin binds to actin 

subunits and causes them to dissociate from the filament (Nishida, 1985; Nishida et al., 1984a; 
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Nishida et al., 1984b). After dissociation, the nucleotide exchange factor profilin binds the actin 

monomer (Mockrin and Korn, 1980; Vinson et al., 1998). The actin-profilin complex binds ATP 

with higher affinity than ADP, so nucleotide exchange is facilitated rapidly (Rosenblatt et al., 

1995; Vinson et al., 1998). In this manner, actin is continuously recycled and polymerization can 

occur at the plasma membrane whenever needed. 

Whether the dendritic nucleation model is directly applicable to growth cones is a matter 

of debate. An early observation of actin filament structure in the growth cone using EM 

techniques found that there is a significant population of actin filaments in the growth cone P-

domain oriented with their pointed ends facing the plasma membrane and that they meet at 

random angles (Lewis and Bridgman, 1992). Likewise, Arp2/3 was not found at high levels in 

growth cone lamellipodia in immunolocalization studies and Arp2/3 inhibition did not alter 

growth cone morphology in hippocampal neurons (Strasser et al., 2004). In these growth cones, 

actin filaments were sparse and longer than in non-neuronal lamellipodia. In contrast, direct 

comparison of actin networks in veils during protrusion and retraction showed protruding veils 

have actin networks with geometry predicted by the dendritic nucleation model and contain 

Arp2/3. Retracting veils contained fewer but longer filaments (Mongiu et al., 2007), which 

resembled those found previously in hippocampal neurons (Strasser et al., 2004). As this is still 

an area of active research, it will be interesting to see what further insights into actin dynamics in 

the lamellipodia are gained. 

The second major actin-based protrusive structure in growth cones and motile cells are 

the dynamic, finger-like filopodia. As in the lamellipodia, F-actin filaments that comprise actin 

bundles are oriented with their barbed ends facing the plasma membrane (Lewis and Bridgman, 

1992). There are two proposed mechanisms for how actin bundles destined to become filopodia 



19 
 

are formed (Mellor, 2010). In the first, actin filaments in the lamellipodia become bundled via N-

WASP (Miki et al., 1998). Alternatively, formin proteins nucleate a new bundle at the plasma 

membrane (Peng et al., 2003). While both of these are regulated the Rho-family GTPase Cdc42 

(Nobes and Hall, 1995), they differ in whether or not the filopodia actin bundle is formed from 

pre-existing or newly nucleated filaments. Once the filopodium is formed, filamin proteins 

stabilize the bundle (Ohta et al., 1999). At the tips of filopodia, the capping proteins CapZ (Heiss 

and Cooper, 1991) and adducin (Matsuoka et al., 1998) prevent extension and are antagonized by 

Ena/VASP proteins (Bear et al., 2002; Lanier et al., 1999). As in the dendritic nucleation model, 

the combined polymerization of the actin bundle pushes the plasma membrane forward creating 

protrusion. 

Filopodia are highly dynamic structures that elongate, retract, and become absorbed 

many times faster than the rate of growth cone advance (Sheetz et al., 1992). Actin bundles in the 

filopodia undergo constant retrograde movement (Sheetz et al., 1992). Interestingly, the rate of 

backward motion remains constant regardless of whether the filopodium is shrinking, elongating, 

or maintaining a constant length (Mallavarapu and Mitchison, 1999). This suggests that net 

filopodia length is determined by the balance of rearward motion and actin assembly at the 

filopodia tip, with assembly being the tunable factor (Mallavarapu and Mitchison, 1999). The 

erratic initiation and retraction of growth cone filopodia has led to the belief that the major role 

of filopodia in axonal growth is to survey the extracellular environment and form attachment 

points that lead to traction force during guidance (Dennerll et al., 1989; Heidemann et al., 1990; 

Lin and Forscher, 1993). Indeed, when grasshopper embryos are bathed with the actin disrupting 

drug cytochalasin B, growth cones lose their filopodia and fail to turn at guidepost cells (Bentley 

and Toroian-Raymond, 1986). In this and other ways, discussed throughout the remainder of this 
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review, actin-based protrusive structures are essential for axonal elongation and guidance during 

development of the nervous system. 

 

1.3.3 Non-muscle myosin II 

 In close association with the actin cytoskeleton are members of the myosin motor protein 

superfamily (Krendel and Mooseker, 2005). Myosin was originally identified as a component in 

the sarcomeres of muscle cells that form linear cross-bridge structures that together with actin 

filaments generate contractile forces. It was later uncovered as one member of a much larger 

superfamily of motor proteins found in all non-muscle cells (Pollard and Korn, 1973; Richards 

and Cavalier-Smith, 2005).  

Of these, non-muscle myosin II (NMII) is fundamental to growth cone and cell motility. 

Indeed, knockout of NMII in the slime mold dictyostelium drastically reduces cell locomotion 

(Doolittle et al., 1995; Jay et al., 1995; Wessels et al., 1988). NMII molecules are found as 

homodimers of two heavy chains bound non-covalently through tight interactions in long coiled-

coil C-terminal domains, which form a flexible rod-like structure (Craig and Woodhead, 2006). 

The alternating positive and negative charges on these rods create a strong interaction between 

NMII proteins, allowing for the formation of bipolar myosin filaments (Ikebe et al., 2001; 

Nakasawa et al., 2005). These myosin filaments are thick clusters of myosin motors with a 

tightly packed C-terminal rod backbone and N-terminal motor domains exposed to the cytoplasm 

at both ends (Craig and Woodhead, 2006). Myosin filaments align with F-actin and cause actin 

filament sliding.  

Like dynein, NMII utilizes chemical energy stored in ATP to generate force. At the N-

terminus is the globular motor domain that contains the enzymatic Mg2+-ATPase domain 
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required for force generation (Dominguez et al., 1998; Rayment et al., 1993b). A tremendous 

amount of structural and kinetic data over the last several decades has led to a detailed 

description of the mechanism and cycle of actomyosin contraction in skeletal muscle, smooth 

muscle and non-muscle cells (Alberts et al., 2008; Rayment et al., 1993a). In general, when the 

N-terminal myosin II head binds ATP, it releases from the actin filament which subsequently 

induces ATP hydrolysis. ADP + Pi remain bound to the head, but hydrolysis causes a 

conformational change in the head that causes it to move ~ 5 nm relative to the actin filament in 

the barbed end direction (Spudich, 2001). A weak binding interaction with the new site on the 

actin filament causes Pi release, which strengthens the interaction with the actin filament 

(Wessels et al., 1988). At this point, the power stroke occurs as the head returns to its original 

conformation and releases ADP. The open nucleotide cleft is available to bind ATP and repeat 

the cycle (Rayment et al., 1993b). In this cycle, an individual NMII molecule can generate 3-4 

pN of force (Finer et al., 1994).  

In Drosophila, the myosin heavy chain is encoded by one gene, named zipper (Mansfield 

et al., 1996). In mammalian cells, however, NMII heavy chains can be found in three isoforms, 

NMIIA, B, and C each encoded by separate genes (Odronitz and Kollmar, 2007). The heavy 

chains never form heterodimers as evidenced by the failure of isoform-specific antibodies to pull 

down alternate isoforms (Golomb et al., 2004). The different isoforms have different biophysical 

characteristics. For example, NMIIA has a higher rate of ATP hydrolysis and can move 

individual actin filaments at a three-fold higher rate than NMIIB (Kelley et al., 1996), whereas 

NMIIB is bound to actin in a force-generating state for a longer period of time (duty ratio) 

(Kovacs et al., 2003; Wang et al., 2003). This means NMIIB is better suited to exert tension on 

actin networks for longer periods in a more energy efficient fashion.  
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Both NMIIA and B isoforms are found in rat sympathetic neurons isolated from superior 

cervical ganglia, though their distribution is slightly different. The highest concentration of 

NMIIB is normally found in the T-zone where it co-localizes with actin arc structures, whereas 

NMIIA is found mostly in the C-domain (Rochlin et al., 1995). In rat neurons from dorsal root 

ganglia NMIIB was found to be located closer to the leading edge in the growth cone P-domain 

(Miller et al., 1992), though whether the differences in localization were due to differences in 

cell-types, fixation methods, or growth substrate is unknown. Along the axon, NMIIA can be 

found closely associated with the cell cortex (Rochlin et al., 1995), which also contains a dense 

actin meshwork. Owing to the lack of pharmacological inhibitors for specific NMII isoforms and 

the limitations of genetic knockouts, separating the functions of the different isoforms in the 

axon and growth cone remains a challenge. 

NMII activity is regulated by phosphorylation, most of which occurs on its regulatory 

light chain (RLC) (Vicente-Manzanares et al., 2009). Structural evidence suggests that when 

RLC is not phosphorylated, NMII forms a compact loop via head-to-tail interactions that 

prevents bipolar filament assembly (Burgess et al., 2007; Wendt et al., 2001). Phosphorylation of 

RLC relieves this compaction and results in the unfolded NMII protein motor available to form 

filaments and generate force (Jung et al., 2008; Scholey et al., 1980; Smolensky et al., 2005). In 

addition, phosphorylation of RLC directly alters the conformation of the motor heads resulting in 

increased ATPase activity (Wendt et al., 2001).  

Phosphorylation of the RLC is regulated by a complex network of kinases and 

phosphatases, of which there is significant overlap with those that regulate actin dynamics such 

as Rho-family GTPases. The simplest signaling axis that results in RLC phosphorylation is the 

Ca2+-calmodulin activation of myosin light chain kinase (MLCK) (Kamm and Stull, 1985; 
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Moussavi et al., 1993). Deactivation of NMII is achieved by myosin light chain phosphatase 

(MLCP), a protein containing three subunits: a catalytic type 1 protein phosphatase, myosin 

phosphatase target subunit (MYPT1 / MBS) required for substrate binding, and a small subunit 

of unknown function named M20 (Hartshorne et al., 2004). Rho-associated protein kinase 

(ROCK), a downstream effector of RhoA (Ishizaki et al., 1996; Matsui et al., 1996), can activate 

NMII by direct phosphorylation of the regulatory light chain and indirectly by inhibiting MLCP 

(Amano et al., 1996; Kimura et al., 1996).  

While phosphorylation of the RLC by MLCK and ROCK occurs at the same serine, one 

particular study showed that ROCK phosphorylates the RLC near the center of the cell while 

MLCK does so near the periphery (Totsukawa et al., 2000). This suggests that the two kinases 

cooperate in spatially regulating NMII activity as opposed to wholly overlapping in function. 

Likewise, NMII-driven retraction of the growth cone C-domain is activated by ROCK, while 

retrograde actin flow in the P-domain is insensitive to ROCK phosphorylation (Zhang et al., 

2003). While the complete network of proteins that regulates NMII in the axon has yet to be 

revealed, its importance in axonal elongation is underscored by the fact that ROCK inhibition 

has been considered a potential candidate for augmenting axon regeneration following nerve 

damage (Borisoff et al., 2003; Tonges et al., 2011).  

 

1.3.4 Adhesions 

 For cells to move, they must interact with their external environment. Focal adhesions are 

considered to be the main link between the inside of motile cells and their extracellular 

environment. Over 50 different molecules have been identified in the complexes themselves 

(Zamir and Geiger, 2001). While many of these have additional effectors whose physical 
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interaction with the complex has not been found (Zamir and Geiger, 2001), there are several 

notable proteins that are integral to the formation and maturation of focal adhesions in most 

contexts.  

Focal adhesion initiation occurs when integrin receptors, transmembrane proteins that are 

the direct physical link between the extracellular matrix / substrate and the cytoplasm (Liu et al., 

2000), cluster locally while actively engaging extracellular ligands (Miyamoto et al., 1995). 

These nascent focal adhesions are also referred to as focal complexes or as point contacts in 

growth cones (Gomez et al., 1996). Integrin clustering can occur stochastically based on location 

and concentration of extracellular ligand or be induced directly by intracellular Rac signaling 

(Nobes and Hall, 1995; Rottner et al., 1999). Clustering occurs near the leading edge under the 

lamellipodia of migrating cells (Kiosses et al., 2001) and growth cones (Gomez et al., 1996; Woo 

and Gomez, 2006). Two talin molecules bind during early focal adhesion initiation, which 

directly connect integrin to actin filaments (Brown et al., 2002; Nayal et al., 2004; Smith and 

McCann, 2007; Tanentzapf et al., 2006). These tripartite talin-based connections are sufficient to 

create weak links between the extracellular matrix and cortical actin measured biophysically as 

‘slip-bonds’ (Jiang et al., 2003).  

Focal complexes or point contacts can be transient, providing anchorage for traction 

forces at the leading edge of fast migrating cells (Beningo et al., 2001), or they can mature and 

become stable. Maturation of dynamic focal adhesions into stable complexes involves an 

increase in size and strength, an increase in the proteins recruited to the complex, and initiation 

of additional signaling mechanisms. This depends on RhoA activity, and is independent of Rac1 

(Chrzanowska-Wodnicka and Burridge, 1996). NMII activity can also induce complex 

maturation (Bershadsky et al., 1996; Chrzanowska-Wodnicka and Burridge, 1996; Even-Ram et 
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al., 2007). Large, stable adhesions are generally found at a higher density in slowly moving or 

non-motile cells compared to rapidly moving cells such as fish keratocytes (Geiger et al., 2001). 

 The proper formation and turnover of adhesions is essential for proper axon outgrowth 

(Gomez et al., 1996; Woo and Gomez, 2006). Point contacts in the growth cone contain most of 

the same critical proteins as in non-neuronal cells including integrins, paxillin, vinculin, and 

FAK along with RhoA (Renaudin et al., 1999). Small point contacts form in both lamellipodia 

and filopodia, where they remain stationary relative to the substrate as the leading edge advances 

(Gomez et al., 1996; Woo and Gomez, 2006). Adding soluble laminin to cultured Xenpous spinal 

cord neurons causes an increase in the number of point contacts immediately followed by an 

increase in the rate of elongation (Woo and Gomez, 2006). There seems to be a need for transient 

sites for the growth cone to use for traction as seen in non-neuronal cells (Balaban et al., 2001). 

As the importance of forces in axonal elongation is becoming more apparent (Suter and Miller, 

2011), understanding how neurons use focal adhesions to the stationary extracellular 

environment during force transduction is an increasing priority.  
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1.4 Biophysical models for axonal elongation 

 So far, the emphasis of this review has been on the major cytoskeletal structures found in 

axons. However, these systems do not act alone; it takes a coordinated effort of both the actin 

and microtubule cytoskeletons for proper wiring of the nervous system during development 

(Rodriguez et al., 2003). Neurons can extend axons without a proper functioning actin 

cytoskeleton in vivo, but they are unable to integrate guidance cues needed for proper targeting 

(Bentley and Toroian-Raymond, 1986). There is also evidence for a mechanical continuum 

between actin in the P-domain and microtubules in the C-domain required for coordinated 

growth cone advance (Suter et al., 1998). Although much progress has been made in identifying 

the proteins involved in axonal elongation, learning how they are integrated as a whole on a 

biophysical level remains a challenge. 

  

1.4.1 Models for axonal elongation: a historical perspective  

 The question of how axons elongate dates back to the earliest descriptions of the nervous 

system by Ramon Y Cajal over a century ago (Ramon Y Cajal, 1890). As such, understanding 

current models of axonal elongation requires a historical discussion of how they were developed. 

Early efforts focused on how the axon was supplied with material. In 1948, Weiss and Hiscoe 

published a series of experiments in which strings were tied around nerve fibers to constrict 

axonal diameter. They observed the formation of a bulge just proximal to the constriction site 

(Weiss and Hiscoe, 1948). When the constriction was removed, the bulge slowly dissipated as it 

moved forward toward the growth cone. This suggested that material was being synthesized in 

the cell body and transported in bulk to the distal axon during outgrowth. In a series of papers 

throughout the 1960’s, Sidney Ochs and colleagues injected radiolabeled amino acids into 
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mammalian spinal cords and followed their transport in nerve fibers over time. They repeatedly 

found coherent peaks of radioactivity that moved along the axon at different rates (Kidwai and 

Ochs, 1969; Ochs et al., 1962; Ochs and Johnson, 1969; Ochs et al., 1967). Thus, the hypothesis 

put forth by Weiss and Hiscoe stating that material was synthesized in the cell body and pushed 

forward like an “axonal pump” remained popular for several decades (Weiss and Hiscoe, 1948). 

 In 1970, however, Dennis Bray attached particles to elongating axons and found them to 

be stationary near the cell body. From this he concluded that the internal axonal framework was 

stationary (Bray, 1970), and it followed that axons were assembled at the distal tip. This idea was 

challenged by a study using a similar radioisotope approach as Ochs’ group to show that the 

majority of the slow component of axonal transport was made up of tubulin and intermediate 

filaments (Hoffman and Lasek, 1975). This formed the basis for what was termed the Structural 

Hypothesis, which posited that the cytoskeleton was assembled in the cell body and transported 

into the axon as one coherent unit in a mechanism similar to the “axonal pump”, thus driving 

axonal elongation (Hoffman and Lasek, 1975; Lasek, 1982). These two opposing ideas began a 

contentious debate over whether the axonal cytoskeleton is in motion or stationary. 

Around this same time, Goldberg and Burmeister (1986) used video-enhanced 

differential interference contrast microscopy to record large Aplysia growth cones cultured on 

poly-lysine. Their observations led to the development of the Protrusion, Engorgement, and 

Consolidation model (PEC) for axonal elongation. According to this model, growth begins by 

protrusion of the leading edge plasma membrane, after which the growth cone becomes engorged 

by microtubules and organelles via fast axonal transport (Figure 1.2A). The final step is a 

consolidation step which converts the engorged C-domain into the new axon (Goldberg and 

Burmeister, 1986). Concurrently, Dennis Bray’s group reported that local application of drugs 
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that interfere with microtubule polymerization to the growth cone blocked elongation, while 

application to the axon near the cell body did not (Bamburg et al., 1986). Together, the PEC and 

“tip-growth” models suggested that the growth cone was the critical site for axon assembly and 

not the cell body. 

While the PEC model opposed the Structural Hypothesis by presuming a stationary 

cytoskeletal meshwork, it did not directly test this. In an attempt to disprove the Structural 

Hypothesis, subsequent experiments were designed to ask whether or not microtubules were 

transported out of the cell body in assembled form. As such, marks were made on the 

microtubule bundle near the cell body using photobleaching and photoactivation of fluorescently 

labeled tubulin. When tracked over time, the marks were consistently stationary both in vitro 

(Lim et al., 1990; Okabe and Hirokawa, 1988; Okabe and Hirokawa, 1990; Okabe and 

Hirokawa, 1992; Okabe and Hirokawa, 1993) and in vivo (Sabry et al., 1995; Sabry et al., 1991). 

The Structural Hypothesis was therefore abandoned in favor of models of axonal elongation that 

featured a stationary cytoskeletal framework, such as PEC. 

There were, however, a few notable cases in which the photobleached marks were made 

on microtubule bundles near the growth cone in cultured Xenopus neurons. These marks, in 

contrast to those made near the cell body, were not stationary and instead moved forward as the 

growth cone advanced (Okabe and Hirokawa, 1990; Okabe and Hirokawa, 1992; Reinsch et al., 

1991). Instead of investigating whether this represented relevant differences in en masse 

microtubule translocation between the proximal and distal axon, these observations were thought 

to simply be an oddity of Xenopus axons that were stretching as they grew (Chang et al., 1998; 

Okabe and Hirokawa, 1992; Wang and Brown, 2002).  
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While photobleaching approaches can give insight on bulk movements of the microtubule 

bundle, the rapid turnover of microtubules makes the observations limited to a brief period of 

time (Chang et al., 1998). Fluorescent speckle microscopy, a technique used to image individual 

microtubules and actin filaments (Waterman-Storer et al., 1998), requires high levels of 

illumination that can impair axonal elongation. In addition, imaging must be done at high 

magnification to achieve the resolution required to resolve the fluorescent speckles, which is not 

useful for comparing movements at different positions in a single axon. To circumvent these 

technical issues, Miller and Sheetz (2006) developed the use of docked mitochondria as fiduciary 

markers for the axonal cytoskeletal meshwork. Mitochondria are large organelles that can be 

easily visualized in low light conditions using fluorescent dyes. Mitochondria stably dock to the 

cytoskeleton at regular intervals along the axon, where they can remain in position for several 

hours at a time (Chada and Hollenbeck, 2004; Hirokawa, 1982; Miller and Sheetz, 2004; Morris 

and Hollenbeck, 1993; Saxton and Hollenbeck, 2012). This allows for a systematic analysis of 

cytoskeleton translocation throughout the entire length of the axon over long time scales on 

which significant elongation occurs.  

By tracking docked mitochondria in elongating chick sensory neurons, Miller and Sheetz 

reported two notable findings: (1) mitochondria in the growth cone C-domain advanced in 

tandem with the growth cone and (2) while docked mitochondria near the cell body were 

stationary, there was a velocity gradient of motion that increased distally toward the growth cone 

(Miller and Sheetz, 2006). This pattern of movement indicated that the growth cone was 

advancing in bulk and that axons were being stretched during elongation. Importantly, this 

suggested that perhaps axonal stretching is a more relevant process than had been considered 

before and not an oddity of cultured Xenopus neurons.  
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Additional reports on the bulk movement of microtubules and axonal stretching began to 

emerge, supporting the idea that axonal stretching is a physiologically relevant process. Rat 

neurons, for instance, also grow by stretching (Lamoureux et al., 2010). Fluorescent speckle 

microscopy of microtubules in the growth cone showed they were being pulled forward in bulk 

together with the C-domain in Aplysia neurons (Lee and Suter, 2008; Schaefer et al., 2008). 

Together these observations led to the development of the Stretch and Intercalation model for 

axonal elongation (SAI) (Suter and Miller, 2011), wherein forces generated by the growth cone 

cause it to advance in bulk, which in turn stretches the axon. This is paired with mass addition 

along the length of the axon to prevent thinning (Lamoureux et al., 2010). Though this model is 

still being developed, there is mounting evidence that the cytoskeleton is in motion in the distal 

axon and growth cone. 

With the hindsight that there is a velocity gradient of cytoskeleton movement along the 

axon, previous observations of bulk movement near the growth cone become significant. For 

instance, the forward movement of material near the growth cone was observed in rat neurons in 

1970, where particles attached at the neck of the growth cone (where the growth cone adjoins 

with the axon) advanced as the growth cone advanced (Bray, 1970). Particles attached to the 

same axons near the cell body were stationary. Together with the docked mitochondria 

observations, this demonstrates that axonal stretching does not contradict the conclusions drawn 

from experiments on axonal transport that found the proximal cytoskeleton to be stationary. 

Therefore, the current question is not if axons stretch, but how. 
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1.4.2 Retrograde actin flow 

One of the most striking phenomena of growth cones is the retrograde flow of actin in the 

P-domain. In a seminal study on the structure of large Aplysia growth cones, Forscher and Smith 

(1988) found that actin filaments in the lamellipodia moved from the leading edge of the P-

domain centripetally toward the C-domain, where they were disassembled for recycling at the 

leading edge. As there is an inverse relationship between the rate of retrograde flow and the rate 

of growth cone advance (Lin and Forscher, 1995), investigating how retrograde flow affects 

growth cone motility has been at the forefront of the field of neuronal cell biology. 

When the actin disrupting drug cytochalasin B is added to Aplysia growth cones, 

microtubules surge forward and engorge what was originally the P-domain (Forscher and Smith, 

1988; Lin and Forscher, 1993). This has led to the popular view that retrograde actin flow is a 

barrier to axonal elongation by restricting microtubule advance. Depending on the school of 

thought, microtubules advance by polymerization (Hur et al., 2012; Stiess and Bradke, 2011), 

transport (Baas et al., 2006; Myers et al., 2006), or both (Dent and Gertler, 2003). In Aplysia 

growth cones, microtubules can polymerize into the P-domain using F-actin bundles as a guide, 

to which they become coupled in the process (Schaefer et al., 2002). This causes the 

microtubules to be simultaneously swept backwards by retrograde flow, which compresses the 

microtubule until it ultimately buckles and breaks (Schaefer et al., 2002). The fragmented 

microtubule is cleared from the P-domain while the plus end of the original microtubule is now 

located in the C-domain. Thus, retrograde actin flow prevents microtubule advance. 

Microtubules can also enter the P-domain independently of F-actin bundles, which appear 

to do so by translocation (Burnette et al., 2007; Lee and Suter, 2008). This could be occurring as 

the end result of Stop-and-Go transport of individual microtubules (Ahmad et al., 2006; Baas et 
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al., 2006; Myers et al., 2006), or alternatively could be driven by substrate coupling. To explain 

the latter, actin filaments moving by retrograde flow can be coupled to the extracellular substrate, 

which reduces flow rate and acts as an anchor so barbed end polymerization can push the plasma 

membrane forward (Lin and Forscher, 1995; Mitchison and Kirschner, 1988; Suter et al., 1998). 

At the same time, coupling to the substrate causes the C-domain to be pulled forward in bulk, 

suggesting there is a mechanical continuum between actin in the P-domain and microtubules in 

the C-domain (Suter et al., 1998; Suter and Forscher, 2000; Suter and Miller, 2011). This is seen 

quite clearly when beads coated with cell adhesion molecules are bound to a growth cone, 

allowed to couple actin in the P-domain, and restrained from being transport backwards (Suter et 

al., 1998). The molecular basis for the forces required to pull the C-domain forward is still in 

question. 

NMII is well-positioned to play a role in substrate-mediated elongation. When NMII is 

disrupted, traction force generated in the growth cone is reduced by 80% (Bridgman et al., 2001; 

Koch et al., 2012). These traction forces have been proposed to generate tension during actin-

substrate coupling to pull microtubules from the C-domain forward (Lee and Suter, 2008; Suter 

and Miller, 2011). The bundle of microtubules in the C-domain advance in a manner similar to 

that of docked mitochondria in the growth cone (Lamoureux et al., 2010; Miller and Sheetz, 

2006). It is quite possible, therefore, that NMII is a driving force for bulk growth cone advance 

and axonal stretching (Suter and Miller, 2011). 

Another well-accepted function of NMII in the growth cone is to drive retrograde actin 

flow. When NMII function is disrupted in Aplysia growth cones by microinjection of inactivated 

myosin heads or treatment with 2,3-butanedione-2-monoxine (BDM), retrograde flow is greatly 

attenuated (Lin et al., 1996). Confirming this, blebbistatin, a pharmacological inhibitor with a 
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much higher specificity for NMII isoforms compared to BDM (Straight et al., 2003), also slows 

retrograde flow (Medeiros et al., 2006). Growing neurons from NMIIB null mice has hinted that 

this isoform specifically drives retrograde flow (Brown and Bridgman, 2003). 

If NMII is generating traction force to pull the growth cone forward, one would expect 

that disruption of NMII would decrease the rate of elongation as traction force would be reduced. 

Conversely, if retrograde flow is a barrier to elongation then by definition so is NMII. In this 

case, NMII disruption would be predicted to increase the rate of elongation. Somewhat 

paradoxically, both of these have been reported. Though the exact reason for these disparate 

reports is unknown, the type of culture substrate has a profound effect: disruption of NMII 

increases the rate of elongation on poly-amines or on the non-permissive substrate chondroitin 

sulfate proteoglycan (Hur et al., 2011; Ketschek et al., 2007; Turney and Bridgman, 2005; Yu et 

al., 2012), whereas it decreases it on laminin (Bridgman et al., 2001; Ketschek et al., 2007; 

Tullio et al., 2001; Turney and Bridgman, 2005). In order to get a clear understanding of NMII 

and retrograde actin flow function during axonal elongation, considerations must be made for the 

other cellular processes that are altered when NMII and actin are disrupted (such as regulating 

focal adhesion dynamics). An additional caveat worth mentioning is that the majority of studies 

on how retrograde flow clears microtubules from the P-domain were conducted in Aplysia 

growth cones that were intentionally prevented from elongating by the use of highly adherent 

substrates (Burnette et al., 2007; Medeiros et al., 2006; Schaefer et al., 2002). Whether the same 

cytoskeletal interactions occur in stationary and rapidly advancing growth cones is unknown. 
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1.4.3 Microtubule dynamics in the growth cone 

 Microtubule dynamics are an important component of elongating axons. Local reduction 

of microtubule polymerization in the growth cone causes them to retract (Bamburg et al., 1986). 

Axonal elongation also decreases when neurons are treated with the polymerization promoting 

drug taxol (Letourneau et al., 1987; Rochlin et al., 1996) even though the total mass of 

microtubule polymer increases (Rochlin et al., 1996). This suggests that it is the disruption of 

microtubule dynamic instability and not just polymerization that is blocking elongation. As such, 

the ability to rapidly reorganize the microtubule cytoskeleton in the growth cone may be required 

for axonal elongation. 

 Dynamic microtubules in the growth cone are needed to respond properly to guidance 

cues. Several studies have shown that the microtubule array in the growth cone undergoes 

constant rearrangement, with a trend for reorientation in the direction of turning (Lin and 

Forscher, 1993; Sabry et al., 1991; Tanaka et al., 1995; Tanaka and Sabry, 1995; Tanaka and 

Kirschner, 1991). Dampening microtubule dynamics reduces a growth cone’s ability to turn 

away from inhibitory substrate borders (Challacombe et al., 1997) or repulsive guidance cues 

(Zhou et al., 2002). The hypothesis is that dynamic microtubules explore the P-domain in order 

to “sense” the extracellular environment and integrate this information into the proper turning 

and / or growth response (Dent et al., 1999; Dent and Gertler, 2003). In this context, one can 

imagine that continuous establishment and turnover of microtubules in the growth cone allows 

for a rapid response to extracellular cues.  

Presumably, the reorganization of microtubules can occur more rapidly with young, 

dynamic microtubules as opposed to older, more stable ones. This would explain why the growth 

cone and distal axon feature a dynamic population of microtubules as opposed to the more stable 
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ones found along the length (Baas and Black, 1990; Kollins et al., 2009; Lim et al., 1989). 

Likewise, detyrosinated tubulin, a marker for old microtubules (Brown et al., 1993), is not found 

in the P-domain of turning growth cones (Challacombe et al., 1996). The retrograde flow of actin 

likely prevents microtubules from becoming stabilized in the growth cone by clearing them from 

the P-domain and supplying plus ends for polymerization (Schaefer et al., 2002). 

 Growth cone turning does, however, require more than just microtubule dynamics. While 

growth cones turn away from gradients of microtubule destabilizing drugs and toward gradients 

of taxol, both are blocked by toxin B (Buck and Zheng, 2002), an inhibitor of the Rho family 

GTPases (Just et al., 1995). The implication is that altering microtubule dynamics can lead to 

changes in other cellular processes such as NMII force generation. Indeed, microtubule 

depolymerization initiates a Rho signaling cascade that activates NMII in non-neuronal cells 

(Kolodney and Elson, 1995; Liu et al., 1998). Therefore, there is a direct link between 

microtubule depolymerization and force generation. Separating these two experimentally is a 

current challenge, but doing so will yield insight into the independent contributions microtubule 

dynamics and forces make to axonal elongation. 

 

1.4.4 The role of forces in axonal elongation  

 A relationship between forces and axonal elongation has been acknowledged since it was 

shown that tension externally applied to an axon is sufficient to induce axonal growth (Bray, 

1984). The ability of neurons to sustain persistent stretching is remarkable. Individual axons in 

large aquatic mammals can reach up to 30 m, mostly due to stretching after synapse formation 

(Smith, 2009). The use of specialized two-platform culture chambers has demonstrated that 

axons can stretch at rates up to 8 mm/day while increasing in diameter and maintaining their 



36 
 

electrophysiological capacity (Pfister et al., 2006; Pfister et al., 2004). While this “towed 

growth” mechanism is required to maintain synaptic connections as the developing animal grows 

in size, how this translates to growth cone-mediated elongation is unclear. 

Our current understanding of forces in the axon is quite rudimentary. A classic study 

using force-calibrated towing needles demonstrated the growth cone can generate force to pull 

on its substrate (Lamoureux et al., 1989). Mathematical modeling suggests that force generated 

at the growth cone can cause the axon to stretch, but that stretching is a function of the complex 

relationship between forces, strength of adhesion to the substrate and viscosity of the axon 

(O'Toole et al., 2008). Forces generated along the axon that promote the telescoping of 

microtubules might also contribute to axonal stretching. While NMII forces are clearly important 

for elongation, they seem to perform multiple, sometimes opposing, functions. They can cause 

axonal retraction (Ahmad et al., 2000; Gallo, 2006), prevent microtubule advance (Hur et al., 

2012; Stiess and Bradke, 2011; Vallee et al., 2009), or could be pulling material forward (Suter 

and Miller, 2011). Microtubule polymerization activates signaling pathways that alter force 

generation (Buck and Zheng, 2002). While the individual components of force generation in 

axons are beginning to be identified, assembling them into a coherent biophysical description of 

the axon is a current challenge. 

As the significance of axonal stretching and bulk movement during elongation has 

become apparent, understanding how this occurs is a priority. A large amount of force is required 

to move the growth cone and cytoskeletal meshwork in bulk (Suter and Miller, 2011). Therefore, 

in order to develop comprehensive models for elongation, we must understand how forces are 

generated and regulated. In doing so, the hope is to aid in the refinement of clinical strategies to 

repair axons following nerve damage.  
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Figure 1.1. Cytoskeleton organization in neuronal growth cones. (a) Differential interference 
contrast image of an Aplysia growth cone grown on poly-lysine substrate. (b) Corresponding 
fluorescent image showing individual actin filaments labeled with fluorescently tagged 
phalloidin and microtubules labeled by tubulin immunofluorescence. (c) Schematic 
representation of the various growth cone domains, which can also be identified in (a) and (b). 
This figure was adapted from Suter and Miller, “The Emerging Role of Forces in Axonal 
Elongation” Progress in Neurobiology, © Elsevier, 2011. 
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Figure 1.2. Two models of axonal elongation. (a) The Protrusion, Engorgement and 
Consolidation model. The actin cytoskeleton protrudes forward through polymerization at the 
leading edge of the cell. Forces generated at the interface of the C and P domains clear a corridor 
for the assembly of microtubules. Engorgement occurs as microtubule polymerization and the 
delivery of organelles by fast transport adds new material at the tip of the C-domain. 
Consolidation occurs as microtubules in the neck of the growth cone are bundled and actin 
filaments are disassembled. (b) The Stretch and Intercalated Growth model. Protrusion occurs by 
assembly as in the previous model, but Engorgement differs in that forces generated in the 
growth cone pull the C-domain and the rest of the axon forward and stretch the axon. 
Consolidation occurs as pulling forces bundle the microtubules and new mass is added along the 
length of the axon in an intercalated fashion to prevent thinning (green arrows). In this model, 
the growth cone is not assembled at the leading edge and disassembled at the neck; instead the 
entire growth cone advances as a coherent unit. Figure reproduced from Suter and Miller, “The 
Emerging Role of Forces in Axonal Elongation” Progress in Neurobiology, © Elsevier, 2011. 
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2.1 Abstract 

In vitro studies conducted in Aplysia and chick sensory neurons indicate that in addition 

to microtubule assembly, long microtubules in the C-domain of the growth cone move forward 

as a coherent bundle during axonal elongation. Nonetheless, whether this mode of microtubule 

translocation contributes to growth cone motility in vivo is unknown. To address this question, 

we turned to the model system Drosophila. Using docked mitochondria as fiduciary markers for 

the translocation of long microtubules, we first examined motion along the axon to test if the 

pattern of axonal elongation is conserved between Drosophila and other species in vitro. When 

Drosophila neurons were cultured on Drosophila extracellular matrix proteins collected from the 

Drosophila Kc167 cell line, docked mitochondria moved in a pattern indicative of bulk 

microtubule translocation, similar to that observed in chick sensory neurons grown on laminin. 

To investigate whether the C-domain is stationary or advances in vivo, we tracked the movement 

of mitochondria during elongation of the aCC motor neuron in stage 16 Drosophila embryos. We 

found docked mitochondria moved forward along the axon shaft and in the growth cone C-

domain. This work confirms that the physical mechanism of growth cone advance is similar 

between Drosophila and vertebrate neurons and suggests forward translocation of the 

microtubule meshwork in the axon underlies the advance of the growth cone C-domain in vivo. 

These results highlight the need for incorporating en masse microtubule translocation, in addition 

to assembly, into models of axonal elongation.  
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2.2 Introduction 

While there has been immense success in identifying the proteins that control and 

contribute to axonal elongation (Lowery and Van Vactor, 2009; O'Donnell et al., 2009), the 

mechanical process of growth cone motility has received comparatively little attention. Recent 

studies now suggest that that in addition to microtubule assembly, growth cone advance is paired 

with forward translocation of the entire microtubule bundle along the axon and in the growth 

cone (Lee and Suter, 2008; Miller and Sheetz, 2006; Schaefer et al., 2008). This opens the 

exciting possibility of developing new models of axonal elongation (Suter and Miller, 2011). Yet 

because growth is sensitive to the context of the extracellular environment, whether these new 

findings in vitro are relevant to growth cone motility in vivo is unknown.  

Growth cones are typically divided into three major structural regions: an actin rich 

peripheral domain (P-domain) that undergoes retrograde flow, a microtubule and organelle rich 

central domain (C-domain) that advances at the same rate as axons elongate, and a transition 

zone (T-zone) between these domains where the plus ends of microtubules interact with actin 

arcs (Lowery and Van Vactor, 2009). The adjoining axon consists of a meshwork of cortical 

actin filaments and spectrin (Hammarlund et al., 2007; Hirokawa, 1982; Xu et al., 2013) that 

surrounds a core of cross-linked microtubules (Peter and Mofrad, 2012). Embedded within this 

meshwork are organelles that are stably linked to microtubules (Kang et al., 2008), actin (Pathak 

et al., 2010), and neurofilaments (Wagner et al., 2003; Walter and Biessmann, 1984) which is 

beautifully illustrated in classic electron micrographs (Hirokawa, 1982). While the dynamics of 

actin in the peripheral domain of the growth cone are relatively well understood in terms of a 

molecular clutch (Bard et al., 2008) that links (Kanchanawong et al., 2010) actin retrograde flow 

with the generation of traction forces (Chan and Odde, 2008; Koch et al., 2012) and protrusion at 



 
 

72 
 

the leading edge, the movement patterns of microtubules in the C-domain and axon (Suter and 

Miller, 2011) are still poorly understood.  

The prevailing theory of axonal elongation, called the Protrusion, Engorgement, and 

Consolidation (PEC) hypothesis (Goldberg and Burmeister, 1986; Lowery and Van Vactor, 

2009) classically proposed that the meshwork of cytoskeletal elements in the C-domain and 

along the axon is stationary (Aletta and Greene, 1988; Goldberg and Burmeister, 1986) and 

growth cone advance is directly coupled with microtubule assembly in the growth cones 

(Bamburg et al., 1986; Mitchison and Kirschner, 1988) as well as Kinesin / Dynein based 

delivery of new cytoskeletal elements and organelles to the tip of the axon (Bradke and Dotti, 

1997; Conde and Caceres, 2009; Liu et al., 2010; Martenson et al., 1993). The Stretch and 

Intercalated (SAI) growth hypothesis (Lamoureux et al., 2010a; Suter and Miller, 2011), extends 

this model by proposing that in addition to microtubule polymerization, forces pull and / or push 

the axonal microtubule mass forward causing the C-domain to move forward relative to the 

substrate (Suter and Miller, 2011). In the SAI model at a microscopic level, much like the stop-

and-go transport hypothesis (Baas et al., 2005; Liu et al., 2010), translocation occurs because 

forces cause microtubules and other cytoskeletal filaments to slide apart (Chetta et al., 2010). But 

to be clear there is a dramatic difference between the microtubule translocation that occurs by 

SAI and Stop-and-Go transport. During Stop-and-Go microtubules move at a rate of 

approximately 0.1 - 1 µm/sec (i.e. 360 – 3600 µm / h) as short filaments down long microtubules 

(Baas et al., 2005). In SAI, long microtubules move as a cross-linked meshwork at the slow rate 

of 1 – 50 µm / h in the distal axon (Lamoureux et al., 2010a).  

While microtubules have been a central focus in the study of axonal elongation, their 

slow translocation is difficult to track using photoactivation or photobleaching because they are 



 
 

73 
 

dynamic (Chang et al., 1998). While fluorescent speckle microscopy could potentially overcome 

this limitation (Chang et al., 1999), because it requires high levels of illumination the resulting 

photo-damage makes it difficult to routinely image microtubules over extended periods of time. 

Our approach to this problem has been to use docked mitochondria as a fiduciary marker for the 

movement of the cytoskeletal meshwork (Miller and Sheetz, 2006; O'Toole et al., 2008a; Suter 

and Miller, 2011). Following fast transport by Kinesin-1 and dynein (Pilling et al., 2006), 

mitochondria ‘dock’ to microtubules (Kang et al., 2008), actin filaments (Pathak et al., 2010), 

and in vertebrates directly to neurofilaments (Wagner et al., 2003; Walter and Biessmann, 1984). 

Once mitochondria are docked they remain in position for hours. Facilitating the analysis of 

mitochondria transport, they are easy to label with fluorescent dyes (Miller and Sheetz, 2004) 

and GFP targeted to mitochondria (Pilling et al., 2006). Furthermore, they can be monitored 

using low levels of illumination that minimally impair axonal elongation (Lamoureux et al., 

2010a). The use of mitochondria to track the movement of the cytoskeletal meshwork has been 

validated in prior studies that have demonstrated that beads bound to the axonal actin cortex, 

axonal branch points, and docked mitochondria all translocate forward during axonal elongation 

(Lamoureux et al., 2010a). For all three this occurs in a pattern that is consistent with the axon 

behaving mechanically like a piece of “silly putty” that is stretching with a fixed end at the cell 

body and a pulled end at the growth cone (O'Toole et al., 2008a). In addition, forward 

translocation of microtubules is paired with forward advance of the organelles in the C-domain 

of the growth cone in Aplysia neurons (Lee and Suter, 2008; Schaefer et al., 2008). Taken 

together, these data indicate that docked mitochondria are a reliable and convenient marker for 

tracking the translocation of the axonal meshwork and microtubules in the growth cone C-

domain.  
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An important goal in neuronal cell biology is to be able to translate in vitro observations 

to in vivo axonal elongation and regeneration (Kerschensteiner et al., 2005; Pan et al., 2003). In 

the context of microtubule translocation, there has not yet been a systematic comparison of in 

vivo and in vitro observations where substrate and conservation between species have been 

considered. To determine if Drosophila neurons elongate in the same pattern as Aplysia and 

chick sensory neurons (Suter and Miller, 2011), we grew them on poly-ornithine and Drosophila 

extracellular matrix proteins (DECM) in vitro and monitored the pattern of docked mitochondrial 

movement. To investigate growth cone mediated axonal elongation in vivo, we tracked the 

movement of docked mitochondria during the elongation of the aCC motor neuron in stage 16 

Drosophila embryos. We found in all cases, docked mitochondria in the growth cones and along 

the axon advanced in a pattern consistent with the SAI model. These data suggest that the 

biophysical mechanism of axonal elongation is widely conserved and occurs by a combination of 

microtubule assembly and forward translocation of C-domain of the growth cone in vivo.  
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2.3 Materials and methods 

2.3.1 Fly stocks 

Either elavC155-Gal4;;UAS-mitoGFP, dmiroB682/TM6BTb,Sb (a kind gift from Gregory 

Macleod and Konrad Zinsmaier) (Guo et al., 2005) or elav C155-Gal4;;UAS-mitoGFP were 

crossed with w;;10xUAS-IVS-myr-tdTomato (Bloomington Stock Collection; Bloomington, IN, 

USA) to yield +/elavC155-Gal4;;UAS-mitoGFP, dmiroB682/ 10XUAS-IVS-myr-tdTomato or +/elav 

C155-Gal4;;10xUAS-IVS-myr-tdTomato/UAS-mitoGFP for the in vivo imaging experiments. For 

all other experiments, the w1118 line was used as wild-type. 

 

2.3.2 Preparation of Drosophila Extracellular Matrix (DECM) 

The Drosophila cell line Kc167, acquired from the Drosophila Genomics Resource 

Center, was grown at log phase in HyClone SFX Insect media (Thermo Scientific; Waltham, 

MA, USA). Note: The Drosophila Genomics Resource Center recommends this brand of serum-

free media. We found that though the cells grow in serum-free Schneider’s they did so poorly. 

After 4 d of growth, conditioned media rich in DECM was collected and centrifuged at 500 g for 

10 min. Media was decanted and stored at -70°C until further processing. Conditioned media 

(1.7 L) was processed through Millipore (Billerica, MA, USA) Centricon Plus-70 100kDa 

Ultracel-PL membrane filter devices at 3000 g down to a final volume of 50 ml (34x 

concentration) and stored at -70°C. DECM samples were analysed for quantity using the Pierce 

660 nm Protein Assay (Thermo Scientific; Waltham, MA, USA) and for quality using SDS-

PAGE. Samples were run on a 5-20% polyacrylamide gel at 125 V for 1.5 h and stained with 

Coomassie Blue.  
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2.3.3 Mass spectroscopy 

Prominent bands on the SDS-PAGE gel were subjected to in-gel tryptic digestion. The 

extracted peptides were then loaded for 5 min onto a Waters Symmetry C18 peptide trap (5 µm, 

180 µm x 20 mm) at 4 µL/min in 5% ACN/0.1% formic acid. The bound peptides were then 

eluted onto a MICHROM Bioresources 0.1 x 150 mm column packed with 3 units 200A Magic 

C18AQ material over 15 minutes. 

 

2.3.4 Neuronal cultures 

Wild-type Drosophila neurons, isolated from embryos of either sex, were used as 

described (Sicaeros and O'Dowd, 2007). Cells were grown at 25°C and imaged at room 

temperature in L-15 medium (Life Technologies, Item # 41300039; Grand Island, NY, USA) pH 

7.1 supplemented with 0.6% glucose, 1 mM glutamine, 100 U/ml penicillin, 136 µg/ml 

streptomycin sulfate, 10% fetal calf serum, and N9 growth supplement (Lamoureux et al., 

2010a). Note neuronal outgrowth is more reliable using the powdered version of L-15 noted 

above, rather than premade liquid L-15. The culture surface (35 mm cell culture dishes, Corning 

# 430165; Tewksbury, MA, USA) was treated with 0.01% poly-ornithine for 30 min then 

washed 3x with dH2O for 5 min, or with 5 µg/ml DECM for 1 h and rinsed with dH2O. Dishes 

were used immediately following coating. 

 

2.3.5 Phase imaging 

Axonal length measurements as a function of DECM concentration. Ten fields of cells of 

Drosophila neurons grown on plastic dishes for 24 h were acquired at each concentration of 
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DECM on the Leica DM IRB using a N Plan L 20x / 0.4 Corr Ph1 ∞ / 0 - 2 / c objective. The 

length of each neurite longer than the average cell diameter (approximately 10 µm) in the field 

was measured as the distance between the cell body and tip of the growth cone using ImageJ.  

Continuous Measurement of Axonal Elongation. Drosophila neurons were plated on 

plastic dishes coated with either poly-ornithine or DECM and then phase images were captured 

every 5 min at room temperature for 24 h using either a Leica DM IRB with a N Plan L 20x / 0.4 

Corr Ph1 ∞ / 0 - 2 / c objective and an Orca-ER digital camera CCD, model #CA742-95, 

(Hamamatsu; Hamamatsu, Japan) or a Nikon Diaphot with a Ph2 20x DL 0.4 160 / 0-2 objective 

and a Spot Diagnostic Instruments RT monochrome Model 2.1.1 camera. In both cases Micro-

Manager was used to control the acquisition. Axonal length was measured by tracing the full 

length of the axon at 30 min intervals in ImageJ.  

 

2.3.6 Mitochondria imaging 

Mitochondria were labelled in wild-type neurons by adding MitoTracker Red CMX-Ros 

directly to the culture dish (Invitrogen; Carlsbad, CA, USA) at a final concentration of 5 nM. 

Cultures were observed with an N Plan L 40x / 0.55 corr Ph2 with an adjustable collar infinity / 0 

– 2 / c objective on a Leica DM IRB. Cells were illuminated with a 100 W Xenon lamp 

attenuated 98% with neutral density filters and visualized with a 49008 ET – mCherry, Texas 

Red cube (Chroma; Bellows Falls, VT, USA) for MitoTracker. On the Leica DM IRB 

transmitted light exposure was controlled with a VMM-D3 controller and CS25 shutter (Vincent 

Associates; Rochester, NY, USA). Fluorescent light exposure was controlled with a Lambda 10-

C (Sutter Instruments). Micro-manager software was used to control the shutters and camera 



 
 

78 
 

(Orca-ER digital camera CCD, model #CA742-95, Hamamatsu; Hamamatsu, Japan). Exposure 

times were set between 100 to 200 msec.  

 

2.3.7 In vivo imaging 

Stage 14-15 embryos of either sex were collected from timed egg lays and manually 

dechorionated. Embryos were oriented at a slight angle with the dorsal surface down on a #1 

coverslip lightly coated with embryo glue made by mixing 19:1 chloroform:Spray Mount (3M, 

St. Paul, MN) and were then lightly coated with 20% chloroform in halocarbon oil 700 (Sigma; 

St. Louis, MO, USA) to minimize desiccation and muscle contraction. The coverslips were 

placed directly on a 60x oil immersion objective (NA 1.4) of the Nikon swept field confocal 

microscope (on a TE2000 platform) and covered with a humidity chamber. After scanning a 

series of embryos to find one at the correct developmental stage (mid stage 16) and optimal 

orientation, images were acquired every 2 min at 5% power (set in the NIS software) for the 488 

nm line and 100% power for the 561 nm line. Exposure times were 1 s and 20 z-planes with a 0.7 

µm step were collected at each time point. ImageJ was used for image analysis as follows. The 

multiple image planes were Z-projected using the maximum intensity setting at each time point. 

The limit of the stack was set to exclude the dp1-2 dorsal sensory neurons. In some cases, images 

were aligned using the Stackreg plugin and axons were straightened using the built-in ImageJ 

function. To generate kymographs these stacks were resliced and Z-projected using the standard 

deviation setting. Growth cones advancing faster than 3 µm/h were considered elongating. 

Mitochondria in the most distal portion of the axons were measured for the rate of advance if 

they could be tracked for at least 4 frames (i.e. docked for 8 min). 
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2.4 Results 

2.4.1 Drosophila extracellular matrix proteins secreted from the Kc167 cell line promote robust 

axonal elongation.  

In order to test whether the SAI model is applicable to a wider range of species and to 

examine axonal elongation in vivo, we turned to the model system Drosophila (Prokop et al., 

2013). Because the composition of the substrate has a significant effect on the translocation of 

long microtubules (Chang et al., 1998), which is likely to occur through both signalling 

(Reichardt and Prokop, 2011) and differences in adhesiveness (O'Toole et al., 2008a), we wanted 

to examine elongation of Drosophila neurons in vitro on both poly-amines and ECM proteins. 

While techniques for culturing embryonic Drosophila neurons are gradually advancing (Prokop 

et al., 2012; Sicaeros and O'Dowd, 2007), vertebrate laminin does not support the growth of 

Drosophila cells (Gullberg et al., 1994; Hirano et al., 1991) and there are currently no 

commercial sources of Drosophila laminin. To acquire Drosophila ECM proteins we used the 

Drosophila Kc167 cell line. It secretes the three laminin chains, tiggrin, collagen IV and 

glutactin (Kumagai et al., 1997), and purified laminin isolated from this cell line has been used to 

culture Drosophila cells, neuronal cell lines and neurons (Takagi et al., 1996; Takagi et al., 

1998). Because we were more interested in developing in vitro growth conditions that 

approximated the in vivo environment rather than specifically testing how neurons grow on 

laminin, we characterized the effectiveness of the mixture of DECM proteins produced by Kc167 

cells in promoting axonal elongation.  

To verify the composition of the proteins secreted by Kc167 cells, we ran concentrated 

cell culture supernatant on protein gels and then used mass spectroscopy to indentify the bands 

with the largest amount of protein (Fig. 2.1A) (Kumagai et al., 1997). To test the effectiveness of 
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DECM in promoting axonal elongation, we collected serum free cell culture supernatant from 

Kc167 cells, concentrated the total protein to 20 µg/ml, and then compared axonal length of 

neurons 24 h after plating when cultured on poly-ornithine (Fig. 2.1B) and a series of 

concentrations of DECM (Fig. 2.1C). We found a concentration of 4 µg/ml DECM causes axonal 

length to approximately double (91.7 µm +/- 54.3 s.d. n= 103 axons) as compared to poly-

ornithine (48.8 µm +/- 26.8 s.d. n= 259 axons), whereas increasing the concentration of DECM 

to 20 µg/ml did not significantly increase the length of the axons measured at 24 h (Fig. 2.1D; 

post-hoc Dunnett’s test). Using these numbers to make an estimate of average growth indicates 

elongation rates of 4 µm/h on poly-ornithine and 7.6 µm/h on 4 µg/ml DECM. The significantly 

higher rates of growth on DECM are consistent with the well-accepted observation that neurons 

grow more rapidly on endogenous substrates than poly-amines (Evans, 2007). 

 

2.4.2 Drosophila elongation in vitro occurs at rates comparable to rates in vivo  

While axons of primary embryonic Drosophila neurons elongate more rapidly on DECM 

than poly-ornithine in vitro, the rate is slow as compared to the growth of Drosophila 

motoneurons navigating through the periphery in vivo (Murray et al., 1998) (i.e. ~ 20 µm/h). The 

reason for the slow rate of growth could fall into one of three broad categories. The first is that 

Drosophila neurons in vitro are ‘sick’ because key components found in vivo are missing in the 

cell culture media. The second is that while the neurons are healthy, the substrate conditions in 

vitro so poorly match those in vivo that rapid rates of elongation are not possible. The third, a 

more subtle point, is that Drosophila neurons do grow rapidly in vitro, but this is obscured 

because of the way growth rates are measured. To address these questions, we continuously 

monitored fields of neurons for up to 3 days with frames acquired every five min using phase 
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optics to unambiguously track the position of individual growth cones. Our first question was 

whether a delay in the time of axonal initiation could explain the slow average rates of growth. 

We considered this as a possibility because in contrast to most systems, the culture of embryonic 

Drosophila neurons involves the plating of neuronal precursors (Jacob et al., 2008; Prokop et al., 

2012; Salvaterra et al., 1987) instead of post-mitotic cells. We found axonal initiation occurred in 

a 24 hour window after plating, with half of the neurons sprouting axons at 11.5 h after plating 

(i.e. 16 hours after egg lay (hAEL)) and that substrate had no obvious effect on the average time 

of initiation (Fig. 2.1E). This suggests that population averages of axonal length will tend to 

underestimate growth rates because the initiation of axonal elongation in primary embryonic 

Drosophila neurons is asynchronous.  

We then directly assessed the ‘instantaneous’ rate of axonal elongation by tracking the 

movement of individual growth cones. We found growth cones advanced at a rapid rate 

following axonal initiation that slowed until axons reached a final stable length. Figures 2.1F and 

2.1G show representative data for individual neurons grown on poly-ornithine and DECM where 

growth cone position was monitored for 48 h (n= 68 and 56 axons respectively). Simply 

averaging the raw data in Figs. 2.1F and 2.1G produces an average growth graph (Fig. 2.1J) that 

is very similar to previously reported growth in vitro on poly-ornithine (Wu et al., 1983). To 

determine the average instantaneous growth rates, we aligned the time of axonal initiation for 

each axon as illustrated in Figs. 2.1H and 2.1I and averaged growth cone position (Fig. 2.1K). 

For neurons grown on poly-ornithine, elongation initially occurred at 11.1 +/- 1.5 µm/h (ave. +/- 

95% c.i., n = 291 measurements of change in growth cone position over 30 min intervals) and 

then gradually slowed over the next 12 h with length plateauing at 60 µm (Fig. 2.1K). For 

neurons grown on DECM axonal elongation initially occurred at 20.9 +/- 2.5 µm/h (ave. +/- 95% 
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c.i., n = 736 measurements) and then gradually slowed over the next 30 h with the average length 

reaching 200 µm (Fig. 2.1K). These data demonstrate that embryonic Drosophila neurons in 

vitro elongate at instantaneous rates comparable to Drosophila neurons in the periphery in vivo 

(Murray et al., 1998). 

 

2.4.3 Anterograde translocation of microtubules during axonal elongation is conserved  

As a means to assess if Drosophila neurons elongate by microtubule assembly at the tip 

of a stationary array of microtubules or by combination of microtubule assembly and 

translocation as is seen in other species (Suter and Miller, 2011) we monitored the movement of 

docked mitochondria in neurons plated on poly-ornithine and DECM at 1 min intervals for 1 to 2 

hours. As the transport velocity of kinesin and dynein occurs at a characteristic rate of ~ 0.1 – 1 

µm/s (i.e. 360 – 3600 µm/h) whereas axonal elongation and stretching occurs at 1-50 µm/h, 

distinguishing between fast transported and slowly moving docked mitochondria is 

straightforward (Miller and Sheetz, 2006). Examples of what we defined as either docked or fast 

transported mitochondria are shown as green and blue arrows, respectively, in the mitochondrial 

kymographs (Figs. 2.2E and 2.2J). On poly-ornithine (18 neurons analyzed), we found docked 

mitochondria along the axon moved at a rate of 2 to 3 µm/h (Fig. 2.2B, D, E, and K). In contrast, 

on DECM (40 neurons analyzed), mitochondria along the length of the axon moved at 5 – 10 

µm/h in a velocity gradient that was highest at the growth cone (Fig. 2.2G, 2I, J, and K). On both 

poly-ornithine and DECM, we observed that mitochondria in the growth cone advanced with the 

growth cone, though at a higher rate on DECM. Therefore, similarly to what is found in Xenopus 

neurons on laminin (Chang et al., 1998), DECM increases translocation of the axonal 
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cytoskeletal meshwork. Together this suggests that substrate effects on neuronal outgrowth are 

conserved (Suter and Miller, 2011). 

 

2.4.4 Growth cones advance by anterograde translocation of the axonal meshwork in vivo 

We next tested whether microtubule translocation in the growth cone and distal portion of 

the axon occurs similarly in vivo by monitoring docked mitochondrial movement in the aCC 

pioneer neuron in stage 16 Drosophila embryos (Campos-Ortega and Hartenstein, 1997). This 

neuron (Van Vactor et al., 1993) originates in the CNS in stage 10 embryos, approximately 10 

hours after egg lay. The elongation of the aCC axon occurs over a time and distance of 

approximately 6 hours and 200 µm (Sanchez-Soriano et al., 2007) over a basal lamina consisting 

of roughly a dozen proteins secreted by the fat body and hemocytes including laminin, tiggrin, 

glutactin and perlecan (Broadie et al., 2011). The focus of our studies was in the region of 

muscles 1 and 2, past the synaptic termination point of the RP2 motor neuron. We chose to 

follow the aCC growth cone in this region because growth occurs along a plane close to the body 

wall through a region in the embryo that allows visual isolation of the growth cone (Fig. 2.3A).  

To track axonal elongation and the movement of docked mitochondria in the distal axon 

and growth cone, we co-expressed the plasma membrane marker myr-tdTomato and 

mitochondrially targeted GFP (Pilling et al., 2006) using the pan-neuronal Gal4 driver elav. 

Docked mitochondria were defined as those that maintained their relative position along the axon 

for at least 8 minutes and moved at a velocity of less than 100 µm/h. In our initial observations 

using +/elav-Gal4;;UAS-mitoGFP/IVS-10XUAS-myr-tdTom embryos, we observed only 1 – 2 

docked mitochondria per axon. We therefore sought a genetic means to increase the number of 

docked mitochondria. dmiroB682 mutants have reduced fast mitochondrial transport (Guo et al., 
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2005), which we reasoned would increase the frequency of mitochondria docking to the axonal 

meshwork. We used heterozygous dmiroB682 embryos, which increased the number of docked 

mitochondria to 2-3 per axon (Table 3.1). In total we imaged 35 growth cones (21 with the 

genotype +/elav-Gal4;;UAS-mitoGFP/IVS-10XUAS-myr-tdTom and 14 with the genotype +/elav-

Gal4;;UAS-mitoGFP, dmiroB682/IVS-10XUAS-myr-tdTom). We found no differences in the rates 

of growth cone advance or docked mitochondrial movement between dmirowt and heterozygous 

dmiroB682 so the data were pooled (Table 3.1). The pooled average rate of growth cone advance 

was 20.0 +/- 3.0 µm/h (ave +/- 95% c.i., n = 35). Likewise the movement of docked 

mitochondria in the growth cone, defined as the distal most 5 µm of the axon, had the same 

average rate of advance (Fig. 2.3E). Along the next 20 µm of axon, docked mitochondria 

advanced at an average rate of ~30 µm/h. The higher rate of docked mitochondrial movement, as 

compared to the rate of growth cone advance (Fig. 2.3E), appears to occur because translocation 

of docked mitochondria continues when growth cones briefly pause (Miller and Sheetz, 2006; 

Reinsch et al., 1991). For example, the triangle in Figure 2.3C points out a docked 

mitochondrion that is advancing more rapidly than the growth cone. In all instances where a 

mitochondrion was found in the growth cone it advanced simultaneously with the growth cone 

(arrow, Fig. 2.3B-D). These data indicate that growth cones of Drosophila motor neurons 

advance by forward translocation of the axonal cytoskeletal meshwork and organelle rich C-

domain.  
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2.5 Discussion 

By monitoring the movement patterns of docked mitochondria to track the subcellular 

movement of the axonal meshwork during axonal elongation, our data suggest that the influence 

of substrate on microtubule translocation during axonal elongation is shared between species and 

that the forward translocation of microtubules in the axon contributes to the advance of the C-

domain and hence axon elongation, both in culture and in vivo. 

 

2.5.1 Extracellular matrix proteins from the Kc167 cell line provide useful culture substrates to 

study neuronal processes. 

There has been a surge of interest in the development of in vitro neuronal culture 

techniques in Drosophila (Ayali, 2012; Bai et al., 2009; Beadle, 2006; Sanchez-Soriano et al., 

2010; Sicaeros and O'Dowd, 2007). This provides new avenues to combine well established 

molecular /genetic tools with timelapse microscopy (Miller and Sheetz, 2006), super-resolution 

microscopy (Shtengel et al., 2009), ultrastructural analysis (Svitkina et al., 1997), in vitro RNAi 

(Sepp et al., 2008), and biophysical approaches (Suter and Miller, 2011). In terms of developing 

in vitro culture systems that allow the exploration of the wider range of parameters known to be 

present in vivo, the inclusion of physiologically relevant ECM proteins is important (Broadie et 

al., 2011). Our work here demonstrates a straightforward means to concentrate and apply DECM 

in tissue culture and describes the concentration range over which axonal elongation is promoted. 

We also note DECM can be stored at -70°C for at least a year, which is both convenient and 

decreases experimental variability; two advantages that are important for both small and high 

throughput gene disruption experiments. While supernatant collected from Kc167 cells is a 

convenient source of Drosophila extracellular matrix proteins, it contains a complex mixture of 
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proteins (Kumagai et al., 1997). While we view this as an advantage in our studies, in the context 

of understanding the process of axonal elongation, it will be important to systematically analyze 

the function of the individual ECM proteins and their receptors to assess their roles in mediating 

adhesion (Bard et al., 2008) and their modulation of signaling pathways (Broadie et al., 2011).  

 

2.5.2 Drosophila neurons elongate robustly but briefly in vitro 

Based on our experience with chick and rat neurons (Lamoureux et al., 2010a; 

Lamoureux et al., 2010b), we were initially struck by the slow growth of Drosophila neurons in 

vitro. We found (Fig. 2.1J), as others have reported (Salvaterra et al., 1987; Sanchez-Soriano et 

al., 2010; Wu et al., 1983), an average rate of growth of ~ 3 – 5 µm/h. In contrast, Drosophila 

growth cones advance at a rate of 20-30 µm/h in vivo (Murray et al., 1998) (Fig. 2.3E). By 

unambiguously tracking individual growth cones and accounting for asynchronous axon 

initiation in culture (Fig. 2.1E), we found instantaneous growth rates of ~10 µm/h on poly-

ornithine and ~20 µm/h on DECM (Fig. 2.1K), the latter of which is within the window of 

growth rates observed in vivo. DECM will thus be an important tool in future in vitro studies to 

achieve the higher velocities observed in vivo. 

While we found Drosophila neurons grow rapidly in vitro, for individual neurons this 

occurred for a time period of less than 24 h (Fig. 2.1K). While it is well accepted that as neurons 

mature they lose their capacity for elongation and regeneration, what controls the intrinsic 

decrease in growth potential is poorly understood. Two of several possibilities are that neurons 

have a means to measure axonal length (Albus et al., 2013) and switch off growth when a set 

distance has been reached. In addition, there may be an internal clock that acts independently of 

axonal length and activates maturation after a set time. While we have previously suggested that 
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a length sensor controls axonal transport in Drosophila larvae (O'Toole et al., 2008b), our data 

here suggest a clock, similar to that which controls differentiation, electrophysiological 

properties, and neuronal process morphologies (Kuppers-Munther et al., 2004), may regulate the 

transition to maturity for Drosophila neurons in vitro (Salvaterra et al., 1987). In support of this 

we note that if a length sensor solely regulated the cessation of elongation, neurons grown on 

poly-ornithine would be predicted to sustain elongation for a longer time than neurons grown on 

DECM (Fig. 2.1K). Drosophila provides an excellent platform for studying changes in gene and 

protein expression and because their neurons develop rapidly, this system has the potential to be 

useful for studying why neurons lose their capacity for growth over time.  

 

2.5.3 The pattern of axonal elongation is similar between Drosophila and other species in vitro  

As a prerequisite to analyzing the pattern of axonal elongation in vivo, we felt that it was 

important to establish that Drosophila neurons grow in a manner similar to other types of 

neurons in vitro. If they did it would suggest that regardless of the results we observed in vivo, 

they would applicable to other species. Closely related to this question was the issue of whether 

in vitro axonal elongation recapitulates growth in vivo. While this is an unspoken assumption, it 

has not been systematically validated in terms of whether microtubules are stationary or 

translocate forward during axonal elongation. Two important aspects of this problem are that the 

rate of microtubule translocation varies along the length of the axon and the adhesiveness of the 

substrate modulates translocation velocity (O'Toole et al., 2008a). Thus to characterize 

microtubule translocation in Drosophila neurons, examination of one point along the axon on 

one type of substrate is not sufficient. To address these issues we grew Drosophila neurons on 

poly-ornithine and DECM in vitro and monitored the pattern of docked mitochondrial movement 
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along the length of the axon (Fig. 2.2K). On both substrates, we observed that the rate of forward 

translocation was higher in the growth cone than along the length of the axon. In addition, the 

overall velocity was higher in neurons grown on DECM than on poly-ornithine. This movement 

pattern and response to growth on ECM protein have both been observed in chick sensory 

(O'Toole et al., 2008a) and Xenopus neurons (Chang et al., 1998; Reinsch et al., 1991). Together 

these observations indicate that the pattern physical mechanism underlying microtubule 

translocation (Suter and Miller, 2011) in vitro is similar between Drosophila and other species.  

 

2.5.4 Growth cones advance by forward translocation of the axonal meshwork in vivo 

While our analysis of mitochondrial movement (Fig. 2.2K) confirms that Drosophila 

neurons, like chick (Miller and Sheetz, 2006), rat (Lamoureux et al., 2010b), and Aplysia neurons 

(Lee and Suter, 2008; Schaefer et al., 2008), elongate by forward translocation of microtubules, 

these experiments were all carried out in vitro. In vivo analysis of microtubule translocation in 

Zebrafish and grasshopper Ti1 pioneer neurons, in contrast revealed microtubules are stationary 

along the axon (Sabry et al., 1995; Takeda et al., 1995). One possibility that can explain these 

differing results is that microtubule translocation only occurs in vitro and because axonal 

elongation is a highly conserved process this is an ‘artifact’ that is seen in various species. To 

investigate we tracked the movement of docked mitochondria in the growth cone and distal axon 

in Drosophila embryos in vivo (Fig. 2.3). We found mitochondria advanced in a pattern 

consistent with anterograde translocation of the axonal meshwork, but in turn this raises the 

question of why the in vivo data conflict. We suggest the underlying reason is that we examined 

translocation near the growth cone (Fig. 2.3), whereas the previous studies (Sabry et al., 1995; 

Takeda et al., 1995) focused on the region of the axon closer to the cell body to test a now 
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defunct theory about slow axonal transport called the Structural Hypothesis (Hoffman and Lasek, 

1975; Miller and Heidemann, 2008; Miller and Joshi, 1996). Previous in vitro studies in chick 

(Miller and Sheetz, 2006) and Xenopus neurons (Chang et al., 1998; Reinsch et al., 1991), as 

well as our in vitro studies here (Fig. 2.2K), all show that the cytoskeletal meshwork moves more 

slowly or is stationary close to the cell body, but moves forward near the growth cone (Suter and 

Miller, 2011). Biophysical analysis suggests this occurs because axons stretch and forces that 

move the axonal meshwork forward are dissipated along the axon through adhesions (O'Toole et 

al., 2008a). Thus we see no conflict between our in vivo observations and prior studies in 

Zebrafish and grasshopper (Sabry et al., 1995; Takeda et al., 1995). While the similarity between 

the pattern of elongation we observe in vitro (Fig. 2.2K) between Drosophila and chick neurons 

(Miller and Sheetz, 2006) suggests our in vivo findings may be relevant to other species, because 

of the complexity of axonal elongation in vivo it will be important to explicitly examine growth 

cone motility in other systems (e.g. Zebrafish, grasshopper, chick, mouse) and cell-types.  

 

2.5.5 Toward a comprehensive model of axonal elongation. 

While microtubule assembly is critical for axonal elongation (Conde and Caceres, 2009; 

Geraldo and Gordon-Weeks, 2009; Tanaka et al., 1995), the contribution of microtubule 

translocation has only recently become appreciated (Suter and Miller, 2011). Moving beyond the 

debates of whether long microtubules are stationary or move, understanding the mechanisms that 

underlie their translocation is the next major question. In the context of the findings noted above, 

we propose two highly speculative models that can account for microtubule translocation. In 

both, forces generated by molecular motors such as myosin (Suter, 2011), dynein (Vallee et al., 

2009), mitotic kinesins (Liu et al., 2010), and Kinesin-1 (Lu et al., 2013), not only move short 



 
 

90 
 

microtubules by stop-and-go transport (Liu et al., 2010), but also drive the slow advance of the 

long microtubule array (Prokop, 2013; Suter and Miller, 2011). In the first, these motors generate 

a net force that pushes microtubules along the axon forward and myosin II driven actin 

retrograde flow in the growth cone acts as a dynamic barrier that blocks their advance (Forscher 

and Smith, 1988; Hur et al., 2011; Ketschek et al., 2007; Stiess and Bradke, 2011; Zhou et al., 

2002). Part of the appeal of this model is that it has been known for decades that axons can 

elongate when actin is disrupted (Marsh and Letourneau, 1984). In addition, recent experiments 

in Drosophila have revealed that Kinesin-1 is capable of sliding microtubules out of the neuronal 

body during the process of neurite initiation (Lu et al., 2013). Nonetheless, this model of axonal 

elongation seems incomplete. When the actin cytoskeleton is intact, detachment of growth cones 

from the substrate (Condic and Bentley, 1989) or axonal severing (Gallo, 2004) leads to axonal 

retraction driven by actomyosin contractile forces generated along the axon (Bernal et al., 2007; 

Joshi et al., 1985). Furthermore, it is well accepted that when actin is intact growth cones pull 

(Lamoureux et al., 1989) the substrate rearwards while pulling the C-domain forward (Suter and 

Miller, 2011). To explain these observations we suggest that while microtubules along the axon 

push forward, contractile forces generated along the axon are larger (Bernal et al., 2007; Joshi et 

al., 1985) and thus retraction of the axon occurs when the growth cone is detached from the 

substrate (Condic and Bentley, 1989). In the growth cone, coupling between actin and 

microtubules (Lowery and Van Vactor, 2009) sweeps microtubules that polymerize or 

translocate into the P-domain back (Dent et al., 1999; Rauch et al., 2013; Schaefer et al., 2002), 

yet the net force generated by the growth cone pulls microtubules in the C-domain (Lee and 

Suter, 2008; Schaefer et al., 2008) and along the axon forward (Miller and Sheetz, 2006). The 

key difference between the two models is that in the first the net force generated along the axon 
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by the combined actions of the microtubule and actin cytoskeleton pushes forward and forces 

generated in the growth cone restrain this advance. In the second, the net forces generated along 

the axon pull the growth cone rearwards, while the growth cone pulls forwards. In summary, our 

work suggests models of growth cone motility need to incorporate microtubule translocation in 

addition to assembly, raises the question of what powers translocation, and provides tools for 

testing various models.  
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Table 2.1 Rates of growth cone and docked mitochondrial advance are the same in dmirowt 
and heterozygous dmiroB682 axons in vivo. 
 
Genotype GC rate (µm/h) Mito rate (µm/h) Mito per axon 

dmiro+/+ 20.5 +/- 3.7 (21) 29.0 +/- 7.5 (32) 1.6 +/- 0.6 (21) 

dmiro+/- 19.3 +/- 5.9 (14) 31.0 +/- 8.1 (38) 2.4 +/- 0.6 (14) 

combined 20.0 +/- 3.0 (35) 30.1 +/- 5.4 (70)  

 
All values reported as ave +/- 95% CI. Values in parenthesis represent n values. No significant 
differences were found between growth cone or mitochondria rates of advance (P = 0.707 and 
0.732, respectively, by unpaired two tail, t-test). The number of docked mitochondria in the 
distal 30 µm of the axon was significantly higher in the heterozygous dmiroB682 axons (P = 0.05).  
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Figure 2.1. Drosophila neurons grow at physiological rates in vitro. (A) Coomassie stain of 
DECM purified from Kc167 conditioned media. Bands identified as Laminin A, Tiggrin,  
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Figure 2.1 (cont’d) 
 
Laminin B1, and Laminin B2 by mass spectroscopy. Unsequenced band at 50 kDa corresponds 
to glutactin based on previous reports (Kumagai et al., 1997). Phase images of Drosophila 
neurons grown in vitro on (B) poly-ornithine and (C) DECM. Axonal length at 24 hours 
increases with concentrations of DECM at 2 µg/ml and higher (D). The numbers in the bars in 
(D) represent n for each group. The graph in (E) shows axonal initiation is asynchronous, 
occurring over a period of ~12 hours, and is not substrate dependent. The arrow marks the time 
point where 50% of the neurons had initiated axons. Representative examples of growth cone 
position over time are shown for neurons grown on (F) poly-ornithine and (G) DECM. By 
aligning individual growth cone positions so initiation is at t = 0, accurate depictions of cone 
advance can be more clearly seen. (H) poly-ornithine alignment, (I) DECM alignment. 
Averaging axonal length over time without accounting for differences in initiation (J) yields 
rates of elongation similar to previous reports, whereas analysis of synchronized average axonal 
length (K) reveals elongation occurs at rates similar to those observed in vivo. All error bars are 
95% CI. Scale bar = 70 µm. 
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Figure 2.2. Growth cones advance by forward translocation of the C-domain and axonal 
framework in vitro. (A) Phase and (B) fluorescent images over 1 h of MitoTracker labelled 
Drosophila neurons grown on poly-ornithine. Kymographs of the phase images (C) and 
fluorescent images (D) show the position of the growth cone and mitochondria over time. (E) 
Green arrows overlaid on the kymograph illustrate the movement of docked mitochondria and  
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Figure 2.2 (cont’d) 
 
the blue arrows show the tracks of fast transported mitochondria. The corresponding images 
from a neuron grown on DECM are shown in panels (F-J). Time arrow = 30 min and scale bar is 
10 µm for both the time-lapse images and kymographs. (K) Quantitative analysis of the velocity 
of docked mitochondria plotted against distance from the growth cone. Errors bars are 95% 
confidence intervals. The numbers at the base of the bars denote the number of mitochondria 
analyzed in each bin. The growth cone is defined as the first 5 µm of axon. 
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Figure 2.3. Growth cones advance by forward translocation of the C-domain and axonal 
framework in vivo. (A) A 3D reconstruction of late stage 16 embryo expressing the membrane  
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Figure 2.3 (cont’d) 
 
marker myr-tdTomato in the nervous system via elav-Gal4. After the intersegmental axon of the 
aCC neuron passes the point where the RP2 axon forms a synapse on muscle 2, it is in a region 
free of other axons and the cell bodies of surrounding sensory neurons. The box indicates the 
region of the aCC motor axon that was used for 3D analysis of mitochondrion advance. (B - D) 
Time-lapse series of an elongating Drosophila aCC motor neuron in stage 16 embryo of the 
genotype +/elav-Gal4;;UAS-mtGFP, dmiroB682/ IVS-10XUAS-myr-tdTom, shown at 2 min 
intervals. (B) myr-tdTomato (red in D) labels neuronal plasma membranes. (C) mitoGFP (green 
in D) labels mitochondria. The arrow shows a mitochondrion in growth cone. In the last half of 
the series a mitochondrion docks in the distal axon (triangle in B) and advances. (E) Average 
velocity of docked mitochondria in the growth cone, defined as the last five µm of the axon, and 
in binned regions along the distal axon. Because the RP2 axon is fasciculated with the aCC axon 
(A), only mitochondria in the last 25 µm of the aCC axon were analyzed. Error bars show the 
95% confidence intervals. The number at the base of the bar is the number of docked 
mitochondria that were analyzed. Scale bars = 10 µm. 
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3.1 Abstract 

While current therapies to promote neuronal regeneration are largely ineffective, 

disruption of non-muscle myosin II (NMII) is emerging as an exciting approach because it can 

dramatically increase the rate of axonal elongation. Although the mechanics of NMII in the 

growth cone have been characterized in terms of driving retrograde actin flow and the generation 

of traction forces required for growth cone motility, a clear explanation of how NMII disruption 

leads to an increase in elongation remains elusive. To understand the mechanistic basis of this 

effect we combined tracking of the en masse movement of the cytoskeletal meshwork along the 

axon (using docked mitochondria as fiduciary markers) with biophysical analysis and 

pharmacological NMII disruption in chick sensory neurons and genetic mutations in primary 

Drosophila neurons. We found that under conditions where disruption of NMII increases 

elongation that axons are under tension and strong contractile forces are generated in the growth 

cone that pull the cytoskeletal meshwork forward. Disruption of NMII at the growth cone using 

focal application of blebbistatin induces growth cone retraction, while global disruption of NMII 

increases elongation by reducing the apparent viscosity of the axon and the strength of adhesions 

to the substrate. Based on these observations we develop a model of elongation that incorporates 

the push and pull of microtubules and actin in both the growth cone and along the axon. In the 

context of this model, inhibition of NMII increases elongation because it makes the axon easier 

to stretch and allows unknown force generating mechanisms to move the growth cone forward en 

masse more rapidly.  These findings are important for understanding the mechanical process of 

growth cone motility and will be helpful for developing rational approaches to promote axonal 

regeneration following spinal cord injury, stroke, neuronal degeneration and trauma.  
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3.2 Introduction 

               Disruption of Non-muscle Myosin II (NMII) dramatically increases the rate of axonal 

elongation of neurons grown on substrates such as chondroitin sulfate proteoglycans (Hur et al., 

2011; Yu et al., 2012), polyamines (Ketschek et al., 2007; Turney and Bridgman, 2005) and low 

concentrations of laminin (Hur et al., 2011). Understanding the mechanism underlying this 

response is important because current therapies to promote functional neuronal regeneration are 

largely ineffective (Lu et al., 2012). Growth cone advance occurs by a multi-step process that 

involves protrusion of the actin cytoskeleton (Lowery and Van Vactor, 2009) at the leading edge 

of the peripheral domain (P-domain) paired with forward advance of microtubules. While a 

series of studies once suggested long microtubules embedded in the cytoskeletal meshwork are 

stationary along the axon and elongation occurs via microtubule assembly at the growth cone 

(Bamburg et al., 1986; Bray, 1970; Liu et al., 2010; Miller and Joshi, 1996; Okabe and 

Hirokawa, 1990), recent work indicates that in addition to assembly microtubules move forward 

en masse in the growth cone and along the distal section of the axon (Lee and Suter, 2008; 

Schaefer et al., 2008; Suter and Miller, 2011). Paired with the bulk forward advance of the 

growth cone, axons stretch and new material is added along the axon to prevent it from thinning 

(Lamoureux et al., 2010; Miller and Sheetz, 2006; O'Toole et al., 2008; Suter and Miller, 2011). 

NMII is among the most active force-generating molecular motors in neurons. When it is 

disrupted, peak traction stresses generated by growth cones drop by as much as 80% (Bridgman 

et al., 2001; Koch et al., 2012) and retrograde actin flow in the P-domain slows by at least 50% 

(Lin et al., 1996; Medeiros et al., 2006). Because NMII is a dominant cellular motor, it is a 

natural candidate for modulating the en masse movement of cytoskeletal components that occur 

during axonal stretching and elongation. In an early model of growth cone mechanics, called the 
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substrate coupling hypothesis (Suter et al., 1998), it was proposed that a mechanical continuum 

exists between the substrate and the C-domain. This mechanical linkage allows contractile forces 

in the growth cone to be applied to extracellular substrates. If the substrate is stationary, tension 

builds in this linkage and the C-domain will tend to be pulled forward. In terms of the role of 

NMII, it was suggested that actomyosin contractility localized to the T-zone may provide the 

motive force for both retrograde flow and cell translocation. Nonetheless, it was not clear if 

actomyosin in the growth cone primarily promoted or acted as a barrier to microtubule advance.  

 In addition, an alternative model was proposed where coupling between actin and the 

substrate slows retrograde actin flow and allows actin-recycling to clear F-actin away from distal 

microtubule ends. This would relieve restraints on microtubule advance associated with 

retrograde F-actin flow. This model is appealing based on the observations that retrograde actin 

flow sweeps back microtubules that enter into the P-domain (Schaefer et al., 2002) and 

depolymerization of actin (Forscher and Smith, 1988) and disruption of NMII (Ketschek et al., 

2007; Myers et al., 2006) both lead to a forward advance of microtubules into the P-domain. In 

the first of these two models disruption of NMII would decrease the advance of the C-domain by 

reducing the forward pulling force of the growth cone. In support of this, disruption of NMII, 

either by knockout of NMIIB (Bridgman et al., 2001; Tullio et al., 2001; Turney and Bridgman, 

2005) or blebbistatin (Ketschek et al., 2007), decreases the rate of growth cone advance when 

neurons are grown on high concentrations of laminin. In terms of the second model, disruption of 

NMII would increase elongation because it reduces retrograde actin flow. This has been used to 

explain why disruption of NMII increases growth on low concentrations of laminin (Hur et al., 

2011), poly-ornithine (PO) (Ketschek et al., 2007; Turney and Bridgman, 2005; Yu et al., 2012), 
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and non-permissive substrates such as chondroitin sulfate proteoglycans (Hur et al., 2011; Yu et 

al., 2012).  

 Nonetheless, these are diametric models for the role of NMII in the growth cone 

(Roossien et al., 2013). In the first, NMII generates force that pulls microtubules forward and 

promotes elongation. In the second, NMII generates force that pushes microtubules back and 

inhibits growth. Here we tested these models by combining biophysical analysis and 

pharmacological NMII disruption in chick sensory neurons and genetic mutations in primary 

Drosophila neurons. Looking specifically at growth on substrate conditions where disruption of 

NMII increases growth, we found that net NMII activity in the growth cone promotes elongation 

and that disruption of NMII increases elongation because it decreases the apparent viscosity of 

the axon and the strength of axonal adhesions to the substrate. As a result of these changes, 

unknown force generating mechanisms are able to more rapidly pull the axonal cytoskeletal 

meshwork forward. Acknowledging the importance of the forward push associated with 

microtubule assembly and the rearward push of retrograde actin flow, we develop a biophysical 

model of axonal elongation that incorporates these forces along with contractile force generation 

by NMII in the growth cone and along the axon. Our findings are consistent with NMII activity 

acting as a dynamic barrier to growth, but indicates that this occurs because it is important for the 

generation of both active and passive forces along the axon that impede elongation.   
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3.3 Materials and methods 

3.3.1 Cell culture.  

Chick sensory neurons were isolated from embryonic day 10-11 embryos obtained from 

the Michigan State University Poultry Farm. Dorsal root ganglia were removed from the spinal 

cord and placed in L-15 medium pH 7.1 made from powder (Life Technologies, Item # 

41300039; Grand Island, NY, USA). After excess tissue was removed with forceps, the ganglia 

were placed in 0.25% trypsin for 8-10 min at 37°C and allowed to settle to the bottom of tube. 

The trypsin solution was then removed, replaced with supplemented L-15 and triturated slowly 

until the tissue had dispersed into a homogenous solution. This was then dripped into substrate 

coated culture dishes containing supplemented L-15 media. L-15 is supplemented with 0.6% 

glucose, 1 mM glutamine, 100 U/ml penicillin, 136 µg/ml streptomycin sulfate, 10% fetal calf 

serum, 50 ng/ml 7S nerve growth factor (Harlan Bioproducts, Indianapolis, IN) and N9 growth 

supplement (Lamoureux et al., 2010). Neurons were grown on three different substrates. For 

poly-ornithine (PO) treated dishes (35 mm cell culture dishes, Corning # 430165; Tewksbury, 

MA, USA), the culture surface was treated with 0.01% poly-L-ornithine for 1 h then rinsed three 

times with sterile dH2O. High laminin (HiLn) dishes were coated with 25 µg/ml laminin (that 

had been thawed on ice) and incubated at 37°C overnight. Combined PO and low laminin 

(LoLnPO) dishes were coated with 0.01% PO solution for 1 h at RT, rinsed 3x with sterile dH2O 

and incubated with 250 ng/ml laminin at 37°C for 1 h. For both HiLn and LoLnPO conditions, 

cells were plated into the dish without the removal of the laminin. Cells were grown and imaged 

at 37°C in supplemented L-15 medium. Unless otherwise noted, reagents were purchased from 

Sigma (St. Louis, MO, USA). 
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3.3.2 Tension assays.  

Micropipettes were calibrated for their bending spring constant and dipped in 0.01% PO 

for 30 min, followed by 30 min in concanavalin A (1 mg/ml). Growth cones were allowed to 

adhere to the substrate-coated pipet and then the growth cone was raised above the surface of the 

culture dish. After allowing 30 to 50 min for force equilibration, the deflection of the 

micropipette was used to calculate neuronal force generation. For a detailed description of this 

method see (Lamoureux et al., 2011). 

 

3.3.3 Mitochondrial labeling, imaging and motion analysis in chick sensory neurons. 

Mitochondria in chick sensory neurons were labeled with 0.1 µM MitoTracker Red 

CMXRos (Invitrogen, Carlsbad, CA), incubated for 2 min, and recovered in fresh L-15 for 2 h 

(Lamoureux et al., 2010). Cultures were maintained in a ringcubator to warm the dish at 37°C on 

the stage of a Leica DM IRB inverted microscope and observed with an N Plan L 40x/0.55 

corrPh2 with an adjustable collar infinity/0-2/c objective. Cells were illuminated with a 100 W 

Xenon lamp attenuated 98% with neutral density filters through a Texas Red 49008 ET cube 

(Chroma, Rockingham, VT) for visualization of Mito-Tracker. On the Leica DM IRB 

transmitted light exposure was controlled with a VMM-D3 controller and CS25 shutter (Vincent 

Associates; Rochester, NY, USA). Fluorescent light exposure was controlled with a Lambda 10-

C (Sutter Instruments). Micro-manager (US National Institutes of Health) software (Edelstein et 

al., 2010) was used to control the shutters and camera (Orca-ER digital camera CCD, model 

#CA742-95, Hamamatsu; Hamamatsu, Japan). Exposure times were set between 100 to 200 

msec. Docked mitochondrial velocities were measured by change in position over 10 min 
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intervals on the kymographs and plotted against their initial position along the axon in relation to 

the growth cone using ImageJ (US National Institutes of Health). 

 

3.3.4 Blebbistatin treatments.  

For all experiments, (-)-blebbistatin was initially made as a 50 mM stock in DMSO. Prior 

to global bath application it was pre-warmed and diluted 330 fold in L-15, this was sonicated for 

1 min, and then further incubated for at least 1 h at 37°C.  This was then added to the culture dish 

at a 1:3 dilution to make a final concentration of 50 µM blebbistatin. For focal application, 50 

mM stock blebbistatin was diluted to100 µM in PBS containing either 0.1 µg/ml FITC-dextran 

(148 kDa) (Sigma, St. Louis, MO) or 1 mg/ml TexasRed-dextran (10 kDa) (Invitrogen, Carlsbad, 

CA), sonicated for 10 min, incubated for 30 min at 37°C, passed through a 0.22 µm PVDF 

syringe filter (Millipore, Billerica, MA), then stored at 37°C until use. Solutions were back 

loaded into TW100F-4 glass micropipettes (World Precision Instruments, Sarasota, FL). 

Micropipettes were pulled on a Sutter Instruments P-97 Flaming / Brown micropipette puller 

using the following settings: Heat = 484, Pull = 60, Vel. = 60, Time = 250. To maximize focal 

application at the growth cone, the micropipette tips were positioned within 10 µm of the growth 

cone within a flow chamber that had a flow rate of approximately 0.5 ml/min and a volume of 10 

ml. This resulted in drug application that was highest at the growth cone and tapered away over 

the adjoining 20 to 30 µm of the axon. Pressure was manually applied to the micropipette using a 

10 ml syringe connected through Tygon tubing. Manual pressure, in combination with 

monitoring the fluid as it comes out of the pipette by fluorescence, was used instead of a 

Picospritzer because it allows for tighter control of fluid flow out of the pipette. Phase images 

were captured every 10 s, and fluorescent images were captured every 1 min using 100 ms 
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exposures. A FITC cube 41001 (Chroma, Rockingham, VT) was used to image FITC-dextran 

and a Texas Red 49008 ET cube (Chroma, Rockingham, VT) was used to image TexasRed-

dextran. Change in growth cone position was measured by tracking the position of the widest 

aspect of the C-domain at 1 min intervals over 20 min and calling initial position 0.  

 

3.3.5 Mathematical model and determination of parameters.  

Mechanically there are two simple ways an axon can stretch (O'Toole et al., 2008): like a 

solid where the application of a constant force results in a length that is constant over time (i.e. 

the spring equation; F = k x that relates force, the spring constant, and distance) or as a fluid 

where application of constant force results in a length that increases at constant rate over time 

(i.e. the viscosity equation; F = γ v that relates force, the viscosity coefficient and velocity) 

(Howard, 2001). Because chick sensory neurons lengthen at a constant rate when under the 

influence of a constant force over long periods of time, they behave like viscous fluids (O'Toole 

et al., 2008). At a molecular level, viscosity arises because spring-like cross-links cyclically 

attach and detach with characteristic Kon and Koff rates (Howard, 2001). Over periods of time 

shorter than Koff, cross-links do not have time to detach and fluids behave like solids. Over 

longer time periods, the disassociation of cross-links releases energy and thus when a force is 

applied over a long period of time an object deforms at a constant rate. For an excellent 

description of the molecular basis of viscosity see (Howard, 2001). Adhesions are conceptually 

similar to viscosity, differing primarily in that the cross-links are between the object and some 

external structure.  Thus when an object slides across a surface as cross-links form and break 

energy is dissipated and a constant force results in a constant velocity. Disruption of NMII could 

increase axonal stretching because it disrupts NMII based cross-links between actin filaments in 
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the axon, it reduces contractile forces within the axon that opposes stretching, or because it 

reduces the strength of attachment of the axon to the substrate. To quantify the effects of NMII 

on axonal viscosity and cell-substrate adhesion, we applied our previously developed 

mathematical model that describes the velocity profile of bulk movement of the axonal 

cytoskeletal framework as a function of growth cone force F0, viscosity G, and friction due to 

cell-substrate adhesions η  (O'Toole et al., 2008). The function that models the velocity along the 

axon is  

𝑣[𝑥, 𝐿(𝑡)] = 𝐹0 sinh�𝑥�𝜂/𝐺�
�𝜂𝐺 cosh�𝐿(𝑡)�𝜂/𝐺�

       Eq. 1 

In each case (before and after the addition of blebbistatin) the force generated by the growth cone 

F0 and the length L(t) were measured.  The Nonlinear Curve Fit option, which uses an iterative 

least squares algorithm, in the software package Origin was then used to find values for G and η 

that best fit the velocity data for docked mitochondria along the axon. In Eq. 1 G is in units of (g 

µm h-1). To convert this into the most commonly used units for viscosity, G is divided by the 

cross-sectional area of the axon to give intrinsic viscosity (g) in units of Pa sec.  For the 

conversion of G to g in this manuscript, we used our measurements of axonal diameter from 

(O'Toole et al., 2008). Viscosity is also discussed in units of µdynes h / µm where it is denoted as 

γ. G, g and γ are related as follows (A, axonal cross-sectional area; L, axon length): 

 

g =
G
A

= γ
L
A

         Eq. 2 

  

3.3.6 Fly stocks.  

For disruption of NMII, Zip1/CyOTWI-GFP flies (Franke et al., 2010; Halfon et al., 2002) 

were crossed with Df(3L)BSC608/CyOTWI-GFP flies to produce embryos used for screening and 
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neuronal cultures. The Df(3L)BSC608 allele is denoted throughout the text as ZipDf. 

w1118;+/+;+/+ were used as the wild-type stock.  All Drosophila stocks were obtained from the 

Bloomington Stock Collection.  

Drosophila neurons were grown at 25°C and imaged at room temperature in 

supplemented L-15 medium as described for the chick sensory neurons, except NGF was not 

added to the media. Note Drosophila neuronal outgrowth is more reliable using the powdered 

version of L-15 rather than premade liquid L-15. The culture surface (35 mm cell culture dishes, 

Corning # 430165; Tewksbury, MA, USA) was treated with 5 µg/ml Drosophila Extracellular 

Matrix Proteins (DECM) (Roossien et al., 2013) for 1 h and rinsed with dH2O. The isolation of 

DECM is described in detail in (Roossien et al., 2013).  In brief, DECM was isolated from the 

Drosophila Kc167 cell line (Drosophila Genomics Resource Center). Cells were grown at log 

phase in HyClone SFX Insect media (Thermo Scientific; Waltham, MA, USA). After 4 d, 

conditioned media rich in DECM was collected and centrifuged at 500 g for 10 min. Media was 

decanted and stored at -70°C until further processing. Conditioned media (1.7 L) was processed 

through Millipore (Billerica, MA, USA) Centricon Plus-70 100kDa Ultracel-PL membrane filter 

devices at 3000 g down to a final volume of 50 ml (34 x concentration) and stored at -70°C. 

Dishes were used immediately following coating with DECM. To harvest NMII null neurons, 

Zip1/CyOTWI-GFP x Df(2R)BSC608/CyOTWI-GFP fly crosses were used to generate embryos (denoted 

in text as Zip1/ZipDf). At developmental stage 10 (8 h after egg lay) and later, GFP from the 

CyOTWI-GFP balancer was expressed at levels that could be visualized (Halfon et al., 2002) and 

non-fluorescent Zip1/ZipDf embryos were used to isolate neurons as described (Roossien et al., 

2013; Sicaeros and O'Dowd, 2007). The neurons were stored in a tube containing 6 µl 

supplemented L-15 / embryo at 18°C for 3 d prior to plating to reduce the level of maternally 
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loaded NMII protein (Prokop et al., 2012; Sanchez-Soriano et al., 2010). For NMII mutant 

neurons, MitoTracker Red CMX-Ros was added directly to the neurons in the storage tube such 

that the final concentration in the culture dish after plating was 0.01 µM and incubated for 1 hr at 

25°C prior to plating. Imaging conditions and mitochondrial measurements were the same as for 

chick sensory neurons.  

 

3.3.7 Immunocytochemistry.  

Drosophila neurons were grown for 24 h on # 1 glass coverslips (Corning 2865-22; 

Tewksbury, MA, USA) coated with DECM as described above, then fixed with 4% 

formaldehyde / 3% sucrose / 50 mM EGTA for 20 min at RT. Staining for NMII was performed 

with antisera against Drosophila NMII (Kiehart and Feghali, 1986), a kind gift from Daniel 

Kiehart, at a 1:500 dilution and visualized with goat anti-rabbit Alexa 488 secondary antibody 

(Invitrogen A-11008; Carlsbad, CA, USA). Neuronal plasma membranes were stained with an 

antibody against HRP conjugated to Texas Red (Jackson Immunoresearch Labs; West Grove, 

PA), which interacts with glycoproteins found on Drosophila neurons (Jan and Jan, 1982; Snow 

et al., 1987). Fixed coverslips were mounted using Vectashield (Vector Laboratories, 

Burlingame, CA) onto glass slides, then placed directly on a 60x oil immersion objective (NA 

1.4) of the Nikon swept field confocal microscope (on a TE2000 platform). Image stacks were 

acquired with 12 slices at 1.0 µm spacing and 1 s exposure times. The laser was set to 10% 

power (set in the NIS software) for the 488 nm line of 200 mW Argon laser (Melles Griot, 

Carlsbad, CA, USA) and 100% power for the 561 nm line of a 50 mW DPSS laser (Cobalt, 

Stockholm, Sweden). ImageJ was used to Z-project the image stacks using the maximum 

intensity setting for each neuron. NMII staining intensity was measured by plotting pixel 
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intensities using the Plot Profile command in ImageJ across 40 pixel lines in both cell bodies and 

axons and comparing the average intensities between the two genotypes.  
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3.4 Results  

Previous studies have reported varying effects of NMII disruption on axonal elongation 

based upon the growth substrate. When neurons are grown on high concentrations of laminin 

NMII disruption decreases elongation (Bridgman et al., 2001; Ketschek et al., 2007; Tullio et al., 

2001; Turney and Bridgman, 2005), yet on polyamines or low concentrations of laminin it 

increases elongation (Hur et al., 2011; Ketschek et al., 2007; Turney and Bridgman, 2005; Yu et 

al., 2012). To confirm the substrate dependent effect of NMII disruption, we plated chick sensory 

neurons in plastic tissue culture dishes treated with 3 different substrates: 0.01% poly-ornithine 

incubated for 1 h (PO); 0.01% poly-ornithine incubated for 1 h and then 0.25 µg/ml laminin for 

1h (LoLnPO); and 25 µg/ml laminin incubated overnight (HiLn) (Fig. 3.1A). Blebbistatin was 

added to the dishes at 50 µM 2 hrs after plating. We then waited 24 h and measured axonal 

length. As previously reported, disruption of NMII with blebbistatin led to a dramatic increase in 

axonal length when neurons were grown on either PO or LoLnPO (Hur et al., 2011; Ketschek et 

al., 2007; Yu et al., 2012), but significantly decreased length when neurons were grown on HiLn 

(Ketschek et al., 2007). Of these findings, the observation that disruption of NMII increases 

axonal elongation is most exciting because of its therapeutic potential to augment axonal 

regeneration.  

One proposal for a mechanistic explanation of this effect is that inhibition of NMII 

releases microtubules from a compressed state and thus allows microtubule extension toward the 

leading edge (Hur et al., 2011). In terms of mechanics, for microtubules to push forward they 

must push material towards the cell body backwards (Fig. 3.1B). Likewise, for actin to push 

microtubules back it must push the leading edge of the cell forward (Fig. 3.1B). This implies the 

axon as a whole is under compression and it follows that axons lengthen by pushing forward, a 
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prediction consistent with the model of NMII forces impeding the forward push of microtubules. 

While many prior studies have indicated that neurons are under tension as the result of pulling 

forces generated in the growth cone, the net forces generated by neurons have never been 

explicitly measured under conditions where disruption of NMII increases elongation. To test this, 

we attached the growth cones of chick sensory neurons plated on LoLnPO to force-calibrated 

towing needles. We then lifted the distal section of the axon (i.e. the last 50 to 100 µm) off of the 

substrate, while measuring the direction and magnitude of force generation by monitoring the 

bending of the needle (Fig. 3.1C) (Lamoureux et al., 2011). Before taking force measurements, 

we waited for at least 30 minutes to allow the system to come to a steady state force balance. At 

this point the force generated by the neuron is equal to the force on the towing needle, while the 

position of the growth cone and the force generated by the neuron is constant over time. At 

steady state, we found growth cones pulled the towing needle towards the cell body with an 

average force of 132 +/- 30 µdynes (ave +/- 95% CI, n = 20 neurons). To account for our 

observation that neurons are under tension, contractile forces must be generated either in the 

growth cone, along the axon, or in both locations. As a means to assess the primary site of 

contractile force generation in neurons, we tracked the motion of docked mitochondria (Fig. 

3.1D-E) that are stably associated with microtubules, actin filaments and neurofilaments 

(Roossien et al., 2013; Saxton and Hollenbeck, 2012) and thus serve as a fiduciary marker for 

their bulk movement (Lamoureux et al., 2010; Morris and Hollenbeck, 1993; Roossien et al., 

2013). We hypothesized that if the growth cone was the primary site of tension generation in the 

neuron, material along the axon would move towards the growth cone. For control neurons, we 

monitored the docked mitochondrial velocity profiles over 10 min periods for 20 neurons that 

were at steady state tension and in total tracked the movement of 462 mitochondria. The 
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velocities of mitochondria were then binned at 20 µm intervals versus distance from the growth 

cone with the number of mitochondria tracked in each bin shown in the figure panel (Fig. 3.1G). 

We found that docked mitochondria move forward along the length of the axon, with velocity 

increasing closer to the growth cone while mitochondria in the growth cone are stationary. This 

pattern is consistent with contractile force generation in the growth cone that pulls material along 

the axon forward and thus stretches the axon. While these experiments demonstrate that control 

growth cones pull, they leave open the possibility that when NMII is disrupted neurons switch to 

growth by microtubules pushing forward. Support for such a mechanism is indicated by the 

observation that when actin is depolymerized and microtubules are stabilized with taxol, growth 

cones elongate by pushing forward (Letourneau et al., 1987). To test this, we repeated our force 

analysis in the presence of blebbistatin (50 µM) (Fig. 3.1H-J). We found tension decreased 

significantly to 62 +/- 12 µdyne (ave +/- 95% CI, n = 32 neurons; p < 0.0001 vs. control data 

from above), but the axons remained under tension. Furthermore, docked mitochondria along the 

axon (n = 32 axons and 575 mitochondria) continued to advance in the same pattern as the 

controls (Fig. 3.1E, I). This indicates that when NMII is disrupted contractile forces continue to 

be generated in the growth cone by unknown motors. These experiments demonstrate that when 

neurons are grown under conditions where disruption of NMII dramatically increases axonal 

elongation, they are under tension and strong contractile forces are generated in the growth cone 

that pull material along the length of the axon forward.  

These biophysical experiments in no way exclude the possibility that microtubules push 

forward and NMII acts as a barrier to their advance. Nonetheless, they indicate the net forces in 

the growth cone are contractile and pull material along the axon forward. To directly test if NMII 

in the growth cone promotes or prohibits elongation, we focally applied blebbistatin to the 
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growth cone of neurons grown on PO. Here, 100 µM blebbistatin was mixed with either 0.1 

µg/ml FITC-dextran or 1.0 mg/ml TexasRed-dextran to visualize the fluid and backloaded into 

micropipettes. Because these experiments were conducted in a flow chamber, drug application 

was highest at the growth cone and decreased rapidly over the last 20 µm of the axon as 

visualized with fluorescent tracers. As a control, DMSO was applied directly to the growth cone 

with either FITC-dextran or TexasRed-dextran. We found no significant difference in the rate of 

growth cone advance between the two dyes in these controls, so the data were pooled (Table 

3.1). On average, control growth cones advanced at a rate of 15.5 +/- 8.9 µm/hr (n = 16) (Table 

3.1; Fig. 3.2A; Fig. 3.2C, red lines). On the contrary, when blebbistatin was focally applied to the 

growth cones they retracted at an average rate of -13.1 +/- 6.1 µm/hr (n = 21), significantly lower 

than DMSO controls (p < 0.01) (Table 3.1; Fig. 3.2B; Fig. 3.2C, blue lines). The graph in Fig. 

3.2C shows growth cones to retract when treated with blebbistatin. Combined with the 

biophysical analysis above these experiments indicate that NMII activity in the growth cone is 

not a barrier to elongation. 

  While the biophysical analysis (Fig. 3.1) and focal application experiments (Fig. 3.2) 

suggest NMII in the growth cone promotes axonal elongation, they do not explain why global 

disruption of NMII increases elongation. Because NMII is present along the axon (Rochlin et al., 

1995) and growth cone advance is paired with axonal stretching (Suter and Miller, 2011), this 

suggested to us that NMII may restrain growth cone advance by opposing axonal stretching. To 

test this, we measured the rate of axonal stretching (in mathematical terms the derivative of 

velocity versus distance) by tracking docked mitochondria along the length of the axon of freely 

growing neurons cultured on PO in the presence and absence of bath-applied blebbistatin (Fig. 

3.3). Before disruption of NMII we found docked mitochondria advanced in a non-linear 
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velocity gradient that rose along the axon as distance from the growth cone decreased (Fig. 3.3C, 

red lines; Fig. 3.3D, Pre-blebbistatin) (Miller and Sheetz, 2006). In response to global disruption 

of NMII using bath-applied 50 µM blebbistatin, we found the velocity profile shifted in two 

ways. First we found the rate of advance of docked mitochondria in the last 5 µm of the axon 

(which we defined as the growth cone) moved forward significantly more rapidly than in the 

controls (i.e. 33.4 +/- 5 µm/h vs. 22.4 +/- 4.3; ave +/- 95% CI, n = 22; p < 0.05). In addition, we 

found that along the length of the axon the velocity of forward translocation decreased 

significantly following blebbistatin addition (Fig. 3.3C, blue lines; Fig. 3.3D). Examining the red 

and blue curve fits in Fig. 3.3D shows that following blebbistatin, the steepness of the velocity 

curve along the axon increases. The increased rate of change in velocity over distance is 

analogous to an increased rate of axonal stretching. To provide a more intuitive illustration of 

axonal stretching, we calculated the difference in the velocity of forward advance between 

adjacent regions of the axon (Fig. 3.3E, error bars are the 95% CI). We found that in the first 25 

µm of the axon it stretched at 8 µm/h before versus 16 µm/h after blebbistatin addition. This 

indicates that global disruption of NMII increases axonal elongation by increasing axonal 

stretching. 

To more systematically analyze axonal stretching and axonal adhesion strength, we used 

our previously developed equation (O'Toole et al., 2008) that describes the relationship between 

forces, axonal stretching, viscosity, and substrate adhesion. For a brief explanation of this model 

and the molecular basis of viscosity (as well as a comparison of the various viscosity 

calculations) see the methods section. Because the data shown in Fig. 3.3 were collected from 

neurons grown on PO, as part of this analysis we repeated our axonal rest tension measurements 

on neurons grown on PO. In the controls, we found growth cones pulled the towing needle 
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towards the cell body with an average force of 79.4 +/- 22.5 µdyne (ave +/- 95% CI, n = 8). In 

the presence of blebbistatin, we found tension decreased significantly to 23.7 +/- 8.2 µdyne (ave 

+/- 95% CI, n = 8; p < 0.01) and again the force vectors generated by the neuron did not switch 

the direction. Inputting these forces, the length of the axon, and the velocity profiles along the 

axon from Fig. 3.3D into Eq. 1, we let the variables for apparent viscosity (g) and substrate 

attachment strength (η) vary using the Nonlinear Curve Fit option in Origin (O'Toole et al., 

2008). We found g to be 2.3 x 106 Pa sec and 0.28 x 106 Pa sec and η to be 8700 Pa s and 2700 

Pa s before and after blebbistatin addition respectively (red and blue lines in Fig 3.3D). These 

results indicate that disruption of NMII dramatically decreases both the apparent axonal viscosity 

and the strength of adhesions along the axon. As a second means to measure the effect of NMII 

on axonal viscosity, we also include a simple ‘back of the envelope’ calculation. Keeping in 

mind the viscosity equation is F = γ v (γ, viscosity; v, velocity) (Howard, 2001), a direct way to 

estimate viscosity is to divide the force acting on the axon by the rate it stretches.  In the control 

neurons grown on PO, we find the rest tension is 79 µdynes and over the last 25 µm of the axon 

it stretches at 8 µm/hr. This yields a value of γ = 9.8 µdynes h / µm. For the blebbistatin treated 

neurons the rest tension is 24 µdyne and the rate of stretching over the same region is 16 µm / hr, 

thus γ is 1.5 µdynes h / µm. To convert this into intrinsic apparent viscosity (g) in units of Pa sec, 

one multiplies γ by the length of the stretched region and then divides by cross-sectional area 

(Eq. 2). From above, the length of the region is 25 µm and the average cross sectional area of the 

last 25 µm of chick sensory neurons is ~ 3.14 µm2 (O'Toole et al., 2008). While we do observe 

visible thinning of the axon following treatment with blebbistatin (compare the 2 h and 3 h phase 

images in Fig. 3.3A), we use the initial diameter of the axon for this calculation with the 

reasoning that blebbistatin changes the intrinsic viscosity of the axon, which then leads to 
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thinning. Using these values gives an intrinsic viscosity of 2.9 x 106 Pa sec for the controls and 

0.5 x 106 Pa sec for the blebbistatin treated neurons. We note that this rough calculation is in 

close agreement with the results of 2.3 x 106 Pa sec and 0.28 x 106 Pa sec from the curve fitting 

above. Together this data indicates that disruption of NMII leads to an approximately 90% 

decrease in the apparent viscosity of the axon and a 70% drop in attachment strength to the 

substrate.  

To control for the possibility that global blebbistatin addition has off-target effects; to 

verify that chronic disruption of NMII has the same effects as acute; and to determine if the role 

of NMII in axonal stretching is evolutionarily conserved, we examined the movement pattern of 

docked mitochondria in primary Drosophila neurons (Roossien et al., 2013). A motivation for 

conducting these experiments is that we recently reported that like chick sensory neurons, 

Drosophila neurons elongate by en masse forward translocation of the cytoskeletal meshwork 

and that this mechanism of elongation occurs in vivo (Roossien et al., 2013). For these 

experiments, we harvested neurons from Drosophila embryos with transheterozygous null 

mutations in Zipper, the Drosophila homolog of NMII (Young et al., 1993). After storing the 

neurons for 3 d in suspension to reduce maternally loaded protein (Prokop et al., 2012; Sanchez-

Soriano et al., 2010), we were able to achieve a 48% reduction in NMII protein (Fig. 3.4A; p < 

0.01). As seen in the chick neurons, the rate of mitochondria advance in the growth cone and 

distal 25 µm of the axon together increased significantly in Zip1/ZipDf axons (NMII null) from 

25.8 +/- 4.7 (n = 131) to 58.1 +/- 9.7 (n = 43) µm/h (ave +/- 95% CI, p < 0.05) (Fig. 3.4B-C). 

Likewise, we found axonal tension in Zip1/ZipDf neurons to be approximately half of that in wild-

type Drosophila neurons (6.16 +/- 0.78 µdyne (n = 27) vs. 12.6 +/- 1.6 µdyne (n = 36), 

respectively). Together this indicates that the elevated rate of elongation, increased bulk transport 
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and decrease in neuronal rest tension observed in chick sensory neurons are not off-target effects 

of blebbistatin nor transient in nature. This indicates that the function of NMII in the process of 

axonal elongation is broadly conserved between vertebrates and invertebrates. 
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3.5 Discussion 

Understanding why disruption of NMII increases the rate of axonal elongation is 

important in terms of developing therapies that promote neuronal regeneration. One model to 

explain this effect (Hur et al., 2011) suggests NMII driven actin retrograde flow acts as dynamic 

barrier to the advance of microtubules. It is based on observations that microtubules are being 

simultaneously assembled in the growth cone while being transported rearwards by retrograde 

actin flow (Burnette et al., 2007), which suggests that microtubule-end position is determined by 

the sum of microtubule assembly and retrograde transport rates. It is appealing based on the 

observations that minutes after actin is disrupted using cytochalasin, microtubules surge forward 

into the P-domain (Forscher and Smith, 1988), disruption of NMII decreases retrograde flow by 

50% (Medeiros et al., 2006) and this leads to an increase in the density of microtubules in the P-

domain (Burnette et al., 2007; Ketschek et al., 2007). Here we have tested the biophysical 

aspects of this model. Contrary to the predictions of this model, our findings indicate NMII in the 

growth cone pulls the organelle rich C-domain of the growth cone forward, while NMII along 

the axon acts to inhibit axonal stretching. When NMII is disrupted the rate of axonal elongation 

increases because unknown force generating mechanisms generate contractile forces in the 

growth cone that are able to more easily pull the C-domain of the growth cone forward. Fully 

acknowledging the importance of the pushing forces associated with actin assembly and 

microtubule assembly, we propose below a biophysical model of axonal elongation that 

incorporates the forward push of microtubules in the C-domain of the growth cone, the forward 

push of actin assembly at the plasma membrane, NMII contractile force generation in the 

transition zone of the growth cone, NMII contractile force generation along the axon, and the 
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assembly and disassembly of adhesions in the growth cone that are important for traction force 

generation.  

In terms of mechanics, the model where actin retrograde flow is a dynamic barrier to the 

forward advance of microtubules (Burnette et al., 2007; Hur et al., 2011) is predicated on the 

idea that the forward push of microtubules is opposed by the rearward push of retrograde flow. 

Since every force is balanced by an equal and opposite force, it follows that the forward push of 

microtubules (that could occur either through microtubule polymerization (Rauch et al., 2013) or 

motor driven sliding (Lu et al., 2013a)) is associated with a rearward push in the direction of the 

cell body. Likewise the rearward push of retrograde flow is paired with the forward push of actin 

at the leading edge (Pollard and Borisy, 2003) (Fig. 3.1B). This is illustrated schematically in 

Fig. 3.5A, where the push of microtubules (orange arrow), actin (magenta arrow) and membrane 

tension (Craig et al., 2012; Lieber et al., 2013; Raucher and Sheetz, 2000) (black arrows) are 

illustrated. In this model, if the force associated with retrograde flow is decreased (Fig. 3.5B, 

magenta arrow) the C-domain (vertical red line) would be expected to move forward at a higher 

rate. What is troublesome is summation of the force vectors in the axon and the growth cone 

indicates that the net forces (light blue arrow) generated by the neuron push forward (Fig. 3.5C), 

yet every prior analysis of growth cone traction forces (Betz et al., 2011; Bray, 1984; Brown and 

Bridgman, 2003; Chan and Odde, 2008; Koch et al., 2012; Lamoureux et al., 1989; O'Toole et 

al., 2008) and our work here (Fig. 3.1), indicates that growth cones normally pull the substrate 

rearwards even under conditions where disruption of NMII increases elongation. For the neuron 

as a whole to be under tension, strong contractile forces must be generated either in the growth 

cone, along the axon or in both locations. Thus based on our force / motion analysis (Fig. 3.1) to 

this model we first add strong contractile forces (green arrows) in the actin rich transition zone of 
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the growth cone that corresponds with the convergence zone in non-neuronal cells (Salmon et al., 

2002) and couple these forces with an attachment point to the substrate that provides adhesive 

support for mechanical tension (grey dashpot) (Woo and Gomez, 2006) (Fig. 3.5D). Because of 

the geometry of the growth cone these contractile forces act in series with actin polymerization 

(magenta arrow) to respectively pull and push substrate linkages rearwards. While this model 

accounts for both the observed tension of the neuron and the forward advance of material along 

the axon (Fig. 3.1), it does not explain why local disruption of NMII via focal application of 

blebbistatin induces retraction of the C-domain (Fig. 3.2). Furthermore, it suggests that if NMII 

was disrupted neurons would switch from pulling to pushing forward, yet we find neurons 

remain under tension (Fig. 3.1). To accommodate these experimental observations we add 

moderate contractile forces along the axon (blue arrows) that are greater than the push associated 

with microtubules (Ahmad et al., 2000) (Fig. 3.5E). Taken together, this model accounts for the 

observations that neurons are under tension (Fig. 3.1) (Bray, 1979; Lamoureux et al., 1989; 

O'Toole et al., 2008), material along the axon moves towards the growth cone (Fig. 3.1, 3.3 and 

3.4) (Miller and Sheetz, 2006; Reinsch et al., 1991), disruption of NMII force generation in the 

growth cone leads to retraction of the growth cone (Fig. 3.2) and that actin filament 

polymerization at the leading edge of the cell pushes the plasma membrane forward (Pollard and 

Borisy, 2003). In this model, disruption of NMII increases the rate of growth cone advance 

because it leads to a larger drop in the forces generated along the axon (blue arrow) than in the 

growth cone (green arrow) (Fig. 3.5F). To illustrate how the force arrows in Fig. 3.5F map onto 

the physical structure of the growth cone, we have color-coded the various regions (Fig. 3.5G). 

Note the symbol M stands for the aggregate activity of motors, not just NMII activity.  
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To illustrate how this static model translates into elongation, we propose a 3-step model 

where actin polymerization (magenta arrows) pushes substrate adhesions rearwards (grey 

dashpot) and the plasma membrane forward (Fig. 3.5I). Simultaneously new adhesions are 

formed towards the leading edge and are lost towards the rear of the growth cone as it moves 

forward (Fig. 3.5J) (Myers and Gomez, 2011; Santiago-Medina et al., 2013; Woo and Gomez, 

2006). In parallel, contraction of the T-zone (green arrows) pulls rearwards on the substrate (grey 

dashpot) and forwards on microtubules (orange arrows) and actin (blue arrows) along the axon. 

This stretches the axon and the C-domain (red line) advances (Fig. 3.5K). In this model, actin 

retrograde flow in the P-domain can still act as a barrier to microtubule advance in the sense that 

when microtubules polymerize into the P-domain they are swept backwards (Burnette et al., 

2007; Lin and Forscher, 1995; Schaefer et al., 2002; Zhou et al., 2002). Yet the net forces 

generated in the growth cone pull microtubules in the C-domain forward. While this may seem 

counterintuitive, in non-neuronal cells this is well accepted. There it is clear that even as 

microtubules move retrogradely in the P-domain, they move anterogradely in the cell body 

(Salmon et al., 2002). This occurs because microtubules are coupled to actin and actin in the cell 

body moves forward (Shao et al., 2012). We think this is an important point because it suggests 

that much about what is known in the context of non-neuronal cell migration (Gardel et al., 2010; 

Julicher et al., 2007; Wilson et al., 2010) may be applied to understanding growth cone motility.  

To analyze how disruption of NMII alters the susceptibility of the axon to stretching, we 

applied our mathematical model to our observed mitochondria movements along the axon 

(O'Toole et al., 2008). Following disruption of NMII, we found a 90% drop in what we have 

previously called intrinsic axonal viscosity (g). We note though that in our measurement of g, the 

passive viscosity of the axon that arises through cross-links and the contractile forces generated 
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by NMII are mathematically intertwined. Thus, while g gives a straightforward numerical value 

for how easily a given level of force will stretch the axon, g is an overestimate of passive 

viscosity. In terms of relating the biophysical analysis to the biological data, the proposition that 

NMII makes both active and passive contributions to the integrity of the axon is quite plausible. 

NMII is present along the axon beneath the plasma membrane (Bridgman and Dailey, 1989) at 

an intensity that is equal to that found in the C-domain (Rochlin et al., 1995). In the axon, a 

meshwork of short actin filaments (Hirokawa, 1982; Xu et al., 2013) is associated with the 

generation of contractile forces that oppose the push associated with microtubules (Joshi et al., 

1985) and activation of NMII can drive axonal retraction (Ahmad et al., 2000; Gallo, 2006). 

Furthermore, in non-neuronal cells NMII contributes to cytoskeletal coherence, which allows the 

long distance transmission of forces in non-neuronal cells (Cai et al., 2010; Cai and Sheetz, 

2009). The decrease in apparent viscosity we observe also fits well with blebbistatin’s 

pharmacological mechanism; it locks NMII in a transition state where it is detached from actin 

filaments (Kovacs et al., 2004). Thus blebbistatin not only decreases force generation it also 

disrupts NMII’s ability to cross-link actin filaments together into a coherent framework. 

Furthermore, blebbistatin causes a 60% decrease in actin filament content in chick sensory 

neurons grown on poly-lysine (Ketschek et al., 2007). Together these changes provide a strong 

molecular explanation for the large drop in the apparent viscosity of the axon. It suggests that 

when NMII is disrupted axons elongate more rapidly because there is a reduction in the 

generation of contractile forces along the axon and the integrity of the actin cytoskeleton is 

reduced. Both effects allow contractile forces that are generated in the growth cone when NMII 

is disrupted to more easily pull the C-domain of the growth cone forward. 
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In addition to the drop in apparent viscosity, we found the strength of the frictional 

adhesions along the axon decreased by 70%. Because less force is required to move an object 

when the coefficient of friction is low, this provides an additional mechanistic explanation as to 

why disruption of NMII increases forward advance of microtubules in the C-domain of the 

growth cone. To get an intuitive understanding as to why our data indicates the strength of 

adhesions along the axon decreases, it is important to keep in mind that the shape of the velocity 

curve along the axon (Fig. 3.3D) is determined by the ratio of viscosity to adhesions (O'Toole et 

al., 2008). For each point along the axon force can either be transmitted to the next segment of 

the axon or to the substrate. In the presence of blebbistatin, we find that the viscosity of the axon 

decreases by almost 10 fold, yet there is only a modest change in shape of the velocity curve. 

This indicates that paired with the decrease in viscosity there is a similar, but not quite as 

dramatic, decrease in adhesions. This has interesting implications in the context of previous 

studies that have noted disruption of NMII decreases the strength by which cells can attach to 

each other and the substrate (Wylie and Chantler, 2001). Of particular importance to our work, 

when NMII is disrupted it decreases the attachment of the neurons to laminin, but has no effect 

on their binding to PO (Ketschek et al., 2007; Yu et al., 2012). This suggests that the decrease in 

frictional interaction we report is not occurring due to a change in how well cells are binding to 

the substrate external to the plasma membrane, but rather it is occurring because of changes in 

internal linkages to the substrate. This interpretation is consistent with observations that 

disruption of NMII significantly decreases vinculin and paxillin; two proteins that are important 

for linking cell adhesion receptors to the cytoskeletal framework (Ketschek et al., 2007; Woo and 

Gomez, 2006; Wylie and Chantler, 2001). Thus disruption of NMII allows microtubules in the 

axon to slide forward more easily. 
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While our data indicate that disruption of NMII increases the rate of axonal elongation 

because the axon is easier to stretch and frictional forces are smaller, it raises the important 

question of the identity of mechanisms that pull the growth cone forward in the absence of NMII 

activity. Within the myosin family 1, 2, 5 and 10 have all been implicated in the process of 

axonal elongation (Suter, 2011). Of the Kinesins, 1, 2, 5, and 12 have all been suggested as 

making either positive or negative contributions to growth (Hirokawa et al., 2009; Liu et al., 

2010; Lu et al., 2013b; Myers and Baas, 2007). Likewise there is clear evidence that dynein is 

involved in growth cone motility (Ahmad et al., 2000; Grabham et al., 2007). With the 

expectation that most, if not all of these will make a contribution to neuronal force balance and 

growth cone motility, the challenge will be to quantitatively assess how these cooperate with or 

oppose the activity of NMII in pulling the growth cone forward. In sum, this model confirms 

previous models in which NMII generates traction force that pulls the growth cone forward 

(Bridgman et al., 2001; Suter et al., 1998), while providing an explanation for why its disruption 

globally increases growth cone advance.  

In terms of therapeutics, our work suggests several approaches that may be used to 

increase the rate of axonal elongation. One could increase contractile force generation in the 

growth cone that pulls material forward via increasing the activity of NMII and other unknown 

motors that generate contractile forces (Fig. 3.5G, green arrows) or by increasing the dynamics 

of adhesions in the growth cone that are important for the generation of traction forces (Chan and 

Odde, 2008; Myers and Gomez, 2011; Santiago-Medina et al., 2013; Woo and Gomez, 2006) 

(Fig. 3.5G, gray dashpots). One could increase the forward push of microtubules at the growth 

cone by selectively increasing microtubule polymerization (Hellal et al., 2011) or by modulating 

the activity of motors that control microtubule sliding (Liu et al., 2010; Lu et al., 2013b) (Fig. 
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3.5G, orange arrows). Or one could decrease the active generation of forces along the axon that 

impede growth cone advance (Brown et al., 2009; Liu et al., 2010) or decrease the passive 

generation of reaction forces associated with axonal viscosity and the strength of adhesions along 

the axon (O'Toole et al., 2008) (Fig. 3.5G, blue arrows). It has been shown that Rho-kinase 

regulates a pool of NMII not associated with retrograde actin flow (Zhang et al., 2003) which, in 

the context of our model, suggests that indeed Rho-kinase inhibitors are potential candidates for 

nerve regeneration (Tonges et al., 2011) because they selectively inhibit NMII activity along the 

axon. Given the lack of effective treatments for spinal cord injury, stroke, neuronal degeneration 

and trauma, our work here is important because it provides an integrated physical model of 

growth cone motility that suggests several rational approaches to increasing neuronal 

regeneration.   
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Table 3.1: Blebbistatin causes growth cone retraction when mixed with either FITC- or 
TexasRed-dextran.  
 

  FITC TexRed   Pooled 

DMSO 14.4 +/- 14.3 (8) 16.5 +/- 14.7 (8) p = 0.815 15.5 +/- 8.9 (16) 

Blebbistatin -13.7 +/- 10.6 (10) -12.5 +/- 2.7 (11) p = 0.837 -13.1 +/- 6.1 (21) 

        p < 0.01 

 
Both DMSO and blebbistatin were mixed either with 0.1 µg/ml FITC-dextran or 1.0 mg/ml 
TexasRed-dextran and focally applied to growth cones. Rates of movement in the table were 
obtained by tracking position of the C-domain over time. Numbers presented as ave. +/- 95% CI 
(n) in µm/hr. All p-values presented in table obtained from two-tailed, unpaired t-test. 
 
  



 
 

141 
 

 

 
 

Figure 3.1 Contractile forces in the growth cone pull the axon forward. (A). To verify that 
disruption of NMII increases and decreases elongation in ways consistent with previous reports, 
we plated chick sensory neurons on three substrates, treated them with 50 µM blebbistatin and 
measured axonal length 24 h later. The n for each group is at the base of the columns. 
Significance was calculated using a two-tailed Student’s t test. (B) Schematic of a growth cone 
illustrating a model where microtubules push forward and actin filaments push back. (C) 
Illustration of our method for measuring neuronal forces using a force calibrated towing needle. 
(D) A phase and fluorescent image of Mitotracker labeled mitochondria in a chick sensory 
neuron grown on LoLnPO. The growth cone is attached to a towing needle, which appears as a 
phase bright triangle on the right hand side of the image. (E) Fluorescent images of docked 
mitochondria were acquired every 10 seconds and converted into a color-inverted kymograph 
(time arrow 10 min) to track movement along the axon. The kymograph with the red arrows, is a 
duplicate of the kymograph above, and illustrates the movement of docked mitochondria used in 
this analysis. (F) The final phase and fluorescent images at the end of the experiment; bar, 20 
µm.  The velocity profile of docked mitochondria along the axon when the growth cone was held  
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Figure 3.1 (cont’d) 
 
at steady state rest tension attached to a towing needle are shown in red in (G); averages are 
displayed with 95% confidence interval error bars versus their distance from the growth cone. n 
values are color coded and listed above each bin. (H, I, and J) To characterize how disruption of 
NMII alters force generation and bulk transport (blue arrows in I), the experiment was repeated 
in the presence of 50 µM blebbistatin; bar, 20 µm. The velocity profile in the presence of 
blebbistatin is shown in blue in (G). 
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Figure 3.2 Local disruption of NMII in the growth cone induces retraction. Focal 
application of FITC-dextran plus DMSO (A) or FITC-dextran plus 100 µM blebbistatin (B) to 
the growth cone is shown as red overlay on a phase time series of 4 min intervals. Blebbistatin 
(B) causes the growth cone C-domain to move backward, whereas the growth cone advances 
when exposed to DMSO (A). Vertical white lines have been added to each series as a stationary 
reference. Individual growth cone positions (C) at 1 min intervals are shown in red for DMSO 
controls and blue for blebbistatin treated growth cones, where initial growth cone position at t =  
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Figure 3.2 (cont’d) 
 
0 are aligned at position 0. The thick lines represent average position of each group for each time 
point. Error bars are 95% CI. Statistical significance was found at each time point by unpaired, 
two-tailed t-test (p < 0.05). Scale bar = 20 µm.  
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Figure 3.3 Global disruption of NMII in chick sensory neurons speeds elongation because it 
increases axonal stretching. Time series of an elongating axon with fluorescently labelled 
mitochondria shown as paired phase and inverted fluorescent images at 1 h intervals (A) and a 
color inverted kymograph of the mitochondria (B). Bl indicates 50 µM blebbistatin addition just 
after the 2h time point. Scale bar = 20 µm; time arrow = 1 h. (C) To illustrate the motion of 
docked mitochondria before and after Blebbistatin addition, the kymograph in (B) was 
duplicated and red and blue arrows were drawn over their paths. Mitochondria were grouped into 
25 µm bins in relation to their distance from the growth cone and their velocities graphed in (D). 
The red line shows the curve fit for the control using Eq. 1 and the parameter values: F0 = 80  
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Figure 3.3 (cont’d) 
 
µdynes, G = 25 x 106 g µm h-1, η = 8712 Pa sec, L = 200 µm. The blue line shows the curve fit 
when NMII is disrupted using the parameter values: F0 = 23 µdynes, G = 3 x 106 g µm h-1, η = 
2685 Pa sec, L = 200 µm. (E) To illustrate the rate of stretching along the axon in the absence 
and presence of blebbistatin, the difference between the velocities in the bins shown in (D) is 
plotted.  
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Figure 3.4 Genetic disruption of Zipper / NMII in Drosophila neurons increases 
anterograde translocation of docked mitochondria. (A) Immunostaining for NMII shows a 
48% reduction in NMII levels in Zip1/ZipDf mutant neurons compared to wild-type neurons. 
Neuronal plasma membranes are labelled with HRP-Texas Red. (B) Time-lapse series of a 
growing Zip1/ZipDf axon in 10 min intervals shows advance of an axonal branch point (phase in 
top and bottom row) together with a cluster of docked mitochondria at the branch point (red in 
middle and bottom row). (C) Kymograph constructed from the same time period as in (B), using 
30 s intervals. Scale bars = 10 µm, time arrow = 10 min. 
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Figure 3.5 Biophysical models of neurons. 
(A) A model where the push of microtubule assembly is countered by the push of retrograde 
actin flow. The vertical line with hash marks on the left is a stationary attachment point at the 
cell body. The orange double-headed arrows pointing outward indicate microtubule-associated 
forces. The red line is the boundary between the microtubule rich C-domain and actin in the T-
zone. The magenta line is force associated with actin that pushes the plasma membrane forward 
and microtubules back. The black line on the right hand side represents the plasma membrane at 
the leading edge and the small black arrows are the force associated with membrane tension. (B) 
A reduction in the pushing force associated with actin retrograde flow allows microtubules to 
push forward more easily. (C) Summation of the forces in panel B yields a net force vector that 
pushes forward. (D) Actin based forces are divided into two sections: actin assembly that 
simultaneously pushes the plasma membrane forward (magenta arrow) and attachment sites to 
the extracellular matrix rearwards (grey dashpot); and contractile forces focused in the T-Zone 
(green arrow) that simultaneously pull microtubules in the C-domain forward and pull 
attachments to the substrate rearwards. (E) The addition of moderate contractile forces along the 
axon (blue arrows) that arise actively as the result of NMII activity and passively as reaction 
forces that result from viscosity and frictional adhesions to the substrate. (F) Disruption of NMII 
leads to large reduction in the restraining forces (blue arrow) along the axon and to a moderate 
decrease in the generation of contractile forces (green arrow) in the growth cone. (G) Cartoon of 
the growth cone and proximal axon, illustrating how the force vectors in panel E map to  



 
 

149 
 

Figure 3.5 (cont’d) 
 
cytoskeletal structures. M stands for combined motor activity, not just NMII. (H-K) A schematic 
illustrates the steps in axonal elongation. Forces associated with actin polymerization (magenta 
arrow) push the plasma membrane forward and provide a region for the formation of new 
attachments (J, grey dashpot) to the substrate. Contraction of actin (K, green arrow) pulls actin 
and microtubules along the axon forward.  
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4.1 Abstract 

During development, neurons send out axonal processes that can reach lengths hundreds 

of times longer than the diameter of their cell bodies. While there has been great progress in 

identifying the proteins involved in axonal elongation, how they govern this biophysical process 

is poorly understood. Emerging models for elongation suggest en masse microtubule 

translocation, in addition to polymerization, contributes to axonal outgrowth. Cytoplasmic 

dynein is known to generate forces on microtubules in axons to power their movement via Stop-

and-Go transport, but whether these forces influence bulk translocation of long microtubules 

embedded in the cytoskeletal meshwork has not yet been tested. Here, we use function-blocking 

antibodies targeted to the dynein intermediate chain and the pharmacological dynein inhibitor 

Ciliobrevin D to ask if dynein forces contribute to en bloc cytoskeleton translocation. By 

tracking docked mitochondria as fiduciary markers for bulk cytoskeleton movements, we find 

that translocation is reduced after dynein disruption. We then directly measure net force 

generation after dynein disruption and find a dramatic increase in axonal tension. Together these 

data indicate dynein generates forces that push the cytoskeletal meshwork forward en masse 

during axonal elongation.  
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4.2 Introduction 

Axonal elongation is the process by which neurons send out long cellular projections that 

will eventually form synapses with prescribed targets. Proper extension and navigation through a 

complex array of tissue is guided by extracellular signaling molecules, many of which converge 

on the cytoskeleton (Dickson, 2002). Traditionally, the axonal cytoskeleton and the growth cone 

were considered to be stationary during elongation and that new axon was formed by the 

addition of new material at the growth cone, either through cytoskeleton polymerization or the 

deposition of material by motor-driven transport (Dent and Gertler, 2003; Goldberg and 

Burmeister, 1986; Lowery and Van Vactor, 2009). Recently, however, there have been numerous 

reports of cytoskeletal translocation in multiple model systems such as Aplysia growth cones 

(Lee and Suter, 2008), cultured chick sensory (Lamoureux et al., 2010; Miller and Sheetz, 2006), 

Xenopus neurons (Chang et al., 1998; Reinsch et al., 1991) and Drosophila motoneurons 

(Roossien et al., 2013). From this, a new model for axonal elongation has emerged, termed  

Stretch and Intercalation (SAI) (Suter and Miller, 2011), in which forces cause the microtubule 

rich central domain (C-domain) of the growth cone to advance in bulk. This is paired with 

stretching of the axon, which is followed by intercalated mass addition along the axon to prevent 

thinning (Lamoureux et al., 2010). In terms of the cytoskeleton, stretching presumably occurs 

because filaments are sliding apart either through pulling or pushing forces generated by 

molecular motors (Lu et al., 2013; Roossien et al., 2013; Suter and Miller, 2011). It is worth 

noting that because adhesions along the axon dissipate forces generated in the growth cone 

(O'Toole et al., 2008), these en masse movements of the cytoskeleton occur only in the distal 

axon and were thereby overlooked when observations were made near the cell body (Lim et al., 

1990; Okabe and Hirokawa, 1990).  
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The question of what powers bulk translocation of the cytoskeletal meshwork has not 

been fully answered, but microtubule-based motors such as cytoplasmic dynein are logical 

candidates. Dynein is essential for proper growth and maintenance of the axon. Identified roles 

for dynein in growing axons include driving retrograde transport of membrane organelles 

(Schnapp and Reese, 1989) and establishment of the initial microtubule bundle during axon 

initiation (Ahmad et al., 1998; Dehmelt et al., 2006). Dynein forces in the growth cone are 

thought to be required for microtubules to resist retrograde actin flow (Myers et al., 2006; Vallee 

et al., 2009) and along the axon they resist actomyosin-based retraction and power Stop-and-Go 

transport of short microtubules (Ahmad et al., 1998; Ahmad et al., 2006; He et al., 2005). While 

it has been noted that these forces are likely to also impinge upon the entire array of long 

microtubules in the axon (Baas et al., 2006), whether they contribute to en masse cytoskeleton 

movement is unknown.  

Here we used function-blocking antibodies toward dynein and acute pharmacological 

disruption using the recently published dynein inhibitor Ciliobrevin D (CilD) to study the role of 

dynein in axonal elongation. We found that both treatments resulted in a decrease in axonal 

elongation. By using docked mitochondria as fiduciary markers for the axonal cytoskeletal 

meshwork before and after CilD treatment, we also found that dynein activity drives forward 

translocation of the cytoskeletal meshwork during elongation. To determine if dynein contributes 

to axonal elongation by pulling or pushing material forward, we measured net force generation in 

axons and then added CilD to disrupt dynein. In response, we found an increase in neuronal 

tension. Together these studies indicate that dynein pushes microtubules embedded in the 

cytoskeletal meshwork forward in bulk during axonal elongation.  
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4.3 Results 

4.3.1 Disruption of dynein activity reduces axonal elongation. 

Previous studies of dynein function in axons have reported a decrease in elongation 

following dynein disruption (Ahmad et al., 2006; Ahmad et al., 2000; Grabham et al., 2007; 

Myers et al., 2006). Microinjection of function-blocking antibodies targeted to the N-terminal 63 

amino acids of the 74 kDa dynein intermediate chain (αDIC) has become a gold standard for 

perturbing dynein function. In non-neuronal cells it has been used to study MTOC positioning 

(Palazzo et al., 2001), directed cell migration (Dujardin et al., 2003), and spindle formation and 

positioning during mitosis (Faulkner et al., 2000; O'Connell and Wang, 2000). In neurons, αDIC 

has been used to probe dynein function in retrograde axonal transport in rat hippocampal neurons 

(Yi et al., 2011) and in laminin-induced neurite elongation of chick sensory neurons (Grabham et 

al., 2007). We therefore wanted to first test if disruption of dynein function via microinjection of 

function-blocking antibodies slows axonal elongation under our culture conditions (i.e. neurons 

grown on plastic dishes coated with poly-ornithine). In our experiments, both αDIC and control 

antibodies (nonspecific mouse IgG proteins) were mixed at 10 mg/ml with 0.1 µg/ml FITC-

dextran, allowing for visualization of fluid flow and screening for injected neurons. Injections 

were carried out in neuronal cell bodies approximately 18-20 h after plating. Two hours later, 

neurons were screened for successful injection based on the presence of fluorescent marker (Fig. 

4.1A-B) and morphologically normal rounded cell bodies. Next, two minute phase time lapse 

movies at 10 s intervals were captured to visualize filopodia dynamics in the growth cone (Fig. 

4.1C). We reasoned that because filopodial dynamics are due to actin protrusion at the leading 

edge of the growth cone (Jay, 2000; Mallavarapu and Mitchison, 1999) and not from dynein 

activity per se this would be a useful means to assess neuronal health. We found that the average 
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number of initiation events did not significantly differ between uninjected, IgG-injected, and 

αDIC-injected neurons (Fig. 4.1D). These control experiments indicate that microinjection does 

not significantly impair growth cone dynamics. 

As a positive control to verify that injected αDIC antibodies decrease dynein function, 

we analyzed dynein dependent fast mitochondrial transport (Saxton and Hollenbeck, 2012) 

(Pilling et al., 2006). Mitochondria were labeled with Mitotracker immediately following 

microinjection and allowed to recover for two hours. Flux was then measured by counting the 

number of mitochondria that passed the midway point in the axon. We found no significant 

difference in mitochondrial flux in the retrograde direction between non-injected neurons and 

those injected with control IgG (Fig. 4.1E). Axons injected with αDIC, on the other hand, had 

average retrograde flux of 1.15 +/- 1.39 mito/hr (ave. +/- 95% CI), significantly lower than both 

non-injected axons and those injected with IgG (Fig. 4.1E; 5.60 +/- 1.87 and 8.31 +/- 2.11, 

respectively). This is in agreement with the previous analysis of retrograde axonal transport of 

other membrane organelles after αDIC injection (Yi et al., 2011). We also found, as previously 

reported (Yi et al., 2011), anterograde flux to be reduced in neurons injected with IgG. When we 

compared anterograde flux in IgG-injected neurons to αDIC-injected neurons, we found a further 

significant decrease (Fig. 4.1E). While this may seem surprising, it has been reported in other 

systems where dynein was disrupted (Martin et al., 1999). Together these experiments verify that 

microinjection of αDIC significantly reduces dynein activity.  

 To test if dynein contributes to neuronal growth, we measured the rate of axonal 

elongation of neurons injected with either IgG or αDIC. We found growth cones advanced at a 

rate of 18.4 +/- 9.2 µm/hr (ave. +/- 95% CI; n = 17 axons) after IgG injection, whereas growth 

cones injected with αDIC grew at a slow rate of 1.6 +/- 5.7 (ave. +/- 95% CI; n = 17 axons, p < 
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0.01). The reduction in the rate of axonal elongation is consistent with previous studies (Ahmad 

et al., 2006; Ahmad et al., 2000; Grabham et al., 2007; Myers et al., 2006) and indicates that 

dynein is essential for axonal elongation in chick sensory neurons grown under standard culture 

conditions.  

 

4.3.2 Acute disruption of dynein with the pharmacological inhibitor Ciliobrevin D causes 

retraction of the axonal cytoskeleton. 

Cilobrevins are a recently discovered class of small molecule dynein inhibitors (Firestone 

et al., 2012). They compete with ATP at its binding site in the dynein motor, thus they increase 

the time dynein spends attached to the microtubule in the post-power stroke conformation 

(Kikkawa, 2013). Their use offers advantages over previous approaches (i.e. RNAi, 

microinjection and genetic KO) in that they can be acutely and systematically applied. Of these 

inhibitors, the D form of Ciliobrevin (CilD) was shown to most effectively reduce dynein 

function as measured in microtubule gliding and vesicular transport assays (Firestone et al., 

2012). Our first step in using CilD was to find a concentration that blocked elongation to an 

extent similar to that seen following microinjection of αDIC. We found that at 60 µM, 

elongation began to slow, at 100 µM growth cones became stationary, and at 150 µM and above 

retraction occurred (Fig 4.2A). To verify CilD disrupts dynein function, we measured fast 

mitochondrial transport as above at 60 and 100 µΜ and found effects similar to those seen with 

microinjection of αDIC. Retrograde transport was reduced to 66 and 22% of DMSO controls at 

60 and 100 µM, respectively (Fig. 4.2B). Anterograde flux was not affected at 60 µM, but was 

decreased with 100 µM CilD (Fig. 4.2B). The similarity in results between 100 µM CilD and 

αDIC microinjection suggests this concentration is appropriate for impairing dynein function.  



 
 

167 
 

Dynein contributes to the Stop-and-Go transport of short microtubules and it has been 

speculated that it may generate forces that act on the array of long microtubules (Baas et al., 

2006). We have previously shown that chick sensory neurons grow by axonal stretching and bulk 

forward movement of the cytoskeletal meshwork (Lamoureux et al., 2010; Miller and Sheetz, 

2006). To test if dynein contributes to this process, we tracked the movement of docked 

mitochondria (see Methods) before and after addition of 100 µM CilD. In total, 32 elongating 

axons were imaged at 1 min intervals for 20 min prior to and 60 min after CilD addition in both 

phase and fluorescent channels. As seen in the phase images, CilD causes advancing growth 

cones to retract briefly, after which they become stationary (Fig. 4.2C). As shown in Fig. 4.2D, 

mitochondria in the distal axon and growth cone are advancing during the pre-treatment 

observation (red arrows), but the mitochondria begin retracting toward the cell body in the 

presence of the dynein inhibitor (orange arrows). This can also be seen in the mitochondria 

kymograph in Fig. 4.2H. By overlaying the fluorescent and phase image series, it appears that 

mitochondria in the growth cone are pulled backward out of the growth cone when dynein is 

acutely disrupted (Fig. 4.2E). To control for the possibility that our imaging conditions were 

causing retraction or impairing drug function, we measured the rate of axonal elongation of these 

individual growth cones in phase images before and after CilD addition. We found that 100 µM 

CilD significantly decreased the rate of elongation from 16.1 +/- 5.4 µm/hr to 2.8 +/- 0.9 µm/hr 

(Fig. 4.2F; ave. +/- 95% CI, p < 0.01 paired, two-tailed t-test). This is in agreement with the data 

in Fig. 4.2A, suggesting our imaging conditions were not causing retraction or impairing drug 

function. To quantify mitochondrial motion, velocities were measured before and after CilD 

treatment, sorted based on their position from the growth cone, placed in 25 µm bins and 

averaged (Fig. 4.2G). We found CilD causes a rapid and significant change from bulk forward 
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advance of the cytoskeletal meshwork (red bars, before drug) to bulk retraction (orange bars, 100 

µM CilD). Together, these results suggest dynein positively regulates bulk forward movement of 

the axonal cytoskeleton during axonal elongation. 

 

4.3.3 Local disruption of dynein in the growth cone and distal axon causes retraction 

independently of fast axonal transport. 

In prior studies investigating the role of kinesin and dynein in axonal elongation, a caveat 

has been that it is difficult to separate the effects their disruption has on the delivery of new 

material to the growth cone. To this end, we focally applied CilD to the growth cone and distal 

30 µm of the axon for 20 min using micropipettes in a flow chamber. In Fig. 4.3A, a phase time 

series shows visualization of drug application during the 20 min period of treatment with 150 

µM CilD as red overlay on the phase images in the left column. We used this concentration to 

ensure a robust growth cone response and to account for rapid diffusion. The right column in Fig. 

3A shows the growth cone advancing during the 20 min pre-treatment observation, then 

retracting during direct CilD application at the growth cone. Control growth cones treated with 

DMSO, on the other hand, continued to advance during fluid application (Fig. 4.3B). We tracked 

the position of individual growth cones at 1 min intervals and normalized them by adjusting 

initial position to 0 µm. When plotted together, DMSO treated growth cones continue to advance 

while those treated with CilD retract (Fig. 4.3C). The thick dark lines on the graph in Fig. 4.3C 

represent the average position at each time interval, showing dynein disruption in the growth 

cone and distal axon is sufficient for growth cone retraction. We calculated the average growth 

cone velocity based on final change in position at the end of the experiment and found it to be 

17.4 +/- 7.0 µm/hr (ave +/- 95% CI; n = 18) in control growth cones and -22.1 +/- 6.9 µm/hr (n = 
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20; p < 0.01) in CilD treated growth cones. Therefore, dynein functions to drive axonal 

elongation in the distal portion of the axon independently of fast axonal transport along the 

length of the axon. 

 

4.3.4 Dynein decreases translocation in the absence of non-muscle myosin II activity. 

Dynein activity is required to resist non-muscle myosin II (NMII) induced retraction 

force (Ahmad et al., 2000), but how these two motors cooperate in bulk translocation of the 

cytoskeleton is unknown. We therefore combined CilD treatment with NMII disruption using 

blebbistatin (Straight et al., 2003). In these experiments, mitochondria were tracked in 28 axons 

for 15 min prior to drug addition (Fig. 4.4, blue arrows and bars), 45 min after 50 µM 

blebbistatin addition (Fig. 4.4, yellow arrows and bars), and then for a final 45 min in both 

blebbistatin and 100  µM CilD (Fig. 4.4, orange arrows and bars). Interestingly, we found NMII 

disruption caused an increase in bulk translocation of the growth cone from 21.9 +/- 7.4 to 31.2 

+/- 5.2 µm/hr (ave. +/- 95% CI; Fig. 4.4). Subsequent inhibition of dynein resulted in a reduction 

in elongation to 13.1 +/- 3.2 µm/hr, significantly lower in CilD compared to both pre-treatment 

and in 50 µM blebbistatin alone (α = 0.01, post-hoc Tukey’s test). Average mitochondria 

velocities along the length of the axon remained significantly lower than pre-treatment velocities 

and although they consistently decreased compared to those in 50 µM blebbistatin, statistical 

significance was not reached. These experiments suggest that dynein generates forces that drive 

bulk translocation of the growth cone in opposition to NMII activity. In addition, that residual 

translocation occurs in the absence of both motors raises the possibility that other motors in 

addition to dynein and NMII modulate bulk translocation of the cytoskeletal meshwork. 
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4.3.5 Dynein disruption causes a dramatic increase in axonal tension. 

There are two broad explanations for how dynein causes forward translocation of the 

cytoskeletal meshwork. It could be pulling microtubules forward as seen in non-neuronal cells 

during spindle pole positioning (Carminati and Stearns, 1997) and fibroblast migration (Dujardin 

et al., 2003) or it could be pushing on microtubules as observed in Stop-and Go transport 

(Ahmad et al., 2006; He et al., 2005) and in microtubule translocation near the cell cortex of non-

neuronal cells (Mazel et al., 2013). In the first case, disruption of dynein would be predicted to 

decrease neuronal tension. In the second, it would increase. To test these predictions, we used 

force-calibrated towing needles in a rest tension assay to measure changes in net axonal force 

generation before and after 100 µM CilD addition (for a more detailed description of this 

technique, see Methods and (Lamoureux et al., 2011)). An individual force profile is shown in 

Fig. 4.5A. In red are the initial force measurements before CilD addition at 30 min, after which 

the measurements are plotted in blue. The arrows on the graph indicate the time span represented 

by a series of phase images in Fig 4.5B. When CilD is added, the growth cone pulls harder on the 

towing needle as indicated by the increase in axonal tension (Fig. 4.5A-B). Each of the 17 axons 

assayed responded the same. Force measurements for each axon were averaged during a 30 min 

period before CilD addition and a 30 min period after a new steady-state tension was established. 

On average, tension increased from 37.6 +/- 10.7 to 79.8 +/- 10.9 µdyne (Fig. 4.5C; ave. +/- 95% 

CI, p <0.01, pairwise, two-tailed t-test). This supports the second model above, that net dynein 

force causes anterograde cytoskeleton translocation by pushing microtubules forward. 
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4.4 Discussion 

Observations of bulk cytoskeletal translocation during axonal elongation (Chang et al., 

1998; Lee and Suter, 2008; Miller and Sheetz, 2006; Reinsch et al., 1991) raise the question of 

what powers it. In the current study, we used the new pharmacological inhibitor Ciliobrevin D 

(Firestone et al., 2012) to disrupt dynein function and asked how this affects en masse 

movements of the cytoskeleton by tracking the movement of docked mitochondria. We found 

that dynein activity is required for bulk translocation of the growth cone and forward 

translocation of mitochondria along the axon (Fig. 4.2). From this we infer that dynein is 

powering en masse advance of the cytoskeletal meshwork, including microtubules (Suter and 

Miller, 2011).  

While it is well accepted that dynein generates cellular forces (King, 2000; Paschal et al., 

1987), the net forces generated by dynein in neurons have never been measured. Using a towing 

assay, we found disruption of dynein with CilD lead to a dramatic increase in neuronal tension 

(Fig. 4.5). Combining the observations of bulk movement with the force measurements strongly 

indicates dynein pushes the cytoskeletal meshwork forward during elongation.  

The balance between dynein and NMII activity controls whether axons elongate or retract 

(Ahmad et al., 2000). Our data here suggest that these two motors work in opposition to control 

bulk transport: NMII inhibits and dynein promotes (Fig. 4.4). Because there is currently a limited 

understanding of how this works, as a starting point we have modeled several speculative 

possibilities (Fig. 4.6). (1) The first is NMII activity in the T-zone (Rochlin et al., 1995) inhibits 

bulk advance of microtubules by driving retrograde flow in the P-domain (Brown and Bridgman, 

2003; Hur et al., 2011; Lin et al., 1996; Medeiros et al., 2006; Stiess and Bradke, 2011; Vallee et 

al., 2009). (2) Alternatively, axonal NMII (Bridgman and Dailey, 1989; Rochlin et al., 1995) 
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could generate tension (Bernal et al., 2007; Gallo, 2004; Joshi et al., 1985) that prevents axonal 

stretching and thus elongation. Dynein in turn (3) could drive microtubule advance by binding 

actin in the T-zone. This would be similar to how dynein positions the spindle pole in mitotic 

cells (Carminati and Stearns, 1997) and pulls microtubules forward during directed fibroblast 

migration (Dujardin et al., 2003). (4) Alternatively, by binding the plus-ends of microtubules 

along the axon (Kholmanskikh et al., 2006; Vaughan et al., 1999), dynein could cause 

neighboring microtubules to telescope apart (Reinsch et al., 1991). Finally, dynein could use 

cortical actin along the axon as an anchor to move microtubules, as occurs in non-neuronal cells 

(Mazel et al., 2013) and Stop-and-Go transport (Baas et al., 2006). We note that these models are 

not mutually exclusive or exhaustive, but simply represent an attempt to assemble a 

comprehensive molecular explanation for bulk transport and growth cone advance.   

In addition to the activities of NMII and dynein, prior studies and our results here indicate 

that other protein motors are involved in axonal elongation and cytoskeleton translocation. In 

particular, we observe that when NMII and dynein are simultaneously disrupted, neurons 

continue to elongate via bulk translocation of the cytoskeletal meshwork. One interpretation of 

the data is that CilD at 100 µM leaves residual dynein activity that powers elongation. Thus there 

is a possibility that dynein is the sole motor that drives bulk advance of the cytoskeletal 

meshwork. Yet we think this is unlikely. Members of the myosin superfamily (i.e. I, II, V and X) 

have been implicated in neuronal growth (Suter, 2011). Perhaps they contribute to growth by 

modulating bulk transport. Furthermore, during the initial neurite outgrowth in Drosophila 

neurons, Kinesin-1 powers microtubule sliding into the nascent axon from the cell body (Lu et 

al., 2013). It is untested, but it seems reasonable, that it could be moving microtubules along the 

axon during later stages of axonal elongation as well.  
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A comprehensive picture of dynein function in neurons is beginning to emerge that 

includes driving retrograde transport of membrane organelles (Pilling et al., 2006; Schnapp and 

Reese, 1989; Yi et al., 2011) and anterograde transport of microtubules via Stop-and-Go 

transport (Ahmad et al., 1998; Ahmad et al., 2006), generating forces on microtubules in the 

growth cone to resist the rearward sweeping motion of retrograde actin flow (Grabham et al., 

2007; Myers et al., 2006; Vallee et al., 2009) and resisting NMII-based retraction forces along 

the axon (Ahmad et al., 2000). Our work here indicates that an additional important function of 

this multi-faceted motor is to push microtubules embedded in the cytoskeletal meshwork forward 

during axonal elongation.  
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4.5 Materials and methods 

4.5.1 Cell culture  

Neurons from chick dorsal root ganglia were isolated and cultured as described 

previously in L-15 media supplemented with 0.6% glucose, 1 mM glutamine, 100 U/ml 

penicillin, 136 µg/ml streptomycin sulfate, 10% fetal calf serum, 50 ng/ml 7S nerve growth 

factor (Harlan Bioproducts, Indianapolis, IN) and N9 growth supplement (Lamoureux et al., 

2010). Polystyrene culture dishes (Corning; Tewksbury, MA, USA) were treated with 0.01% 

poly-ornithine for 30 min then rinsed three times with sterile dH2O. 

 

4.5.2 Drug treatments  

Stock (-)-blebbistatin (Sigma; St. Louis, MO, USA) was made at 50 mM in DMSO. Prior 

to addition to the culture dish, stock blebbistatin was pre-warmed and diluted 660 fold in 

supplemented L-15 media, sonicated for 5 min, then kept warm at 37°C for at least 30 min. Final 

dilutions of 1:6 were done directly into culture dish during image acquisition for a final 

blebbistatin concentration of 50 µM. Initial Ciliobrevin D (Millipore; Billerica, MA, USA) stock 

solution was made to 60 mM in DMSO. Handling of CilD was identical to blebbistatin, with 

final dilutions always at 1:6 for all concentrations used. For focal application, CilD was diluted 

to 150 µM in PBS containing 1 mg/ml TexasRed-dextran (10 kDa) (Invitrogen; Carlsbad, CA, 

USA), sonicated for 10 min, then stored at 37°C until use. Solutions were back loaded into 

TW100F-4 glass micropipettes (World Precision Instruments; Sarasota, FL, USA) pulled on a 

Sutter Instruments P-97 Flaming / Brown puller. To maximize focal application at the growth 

cone, the micropipette tips were positioned within 10-20 µm of the growth cone within a 10 ml 

flow chamber set to a flow rate of 0.42 ml/min. This resulted in drug application that was highest 
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at the growth cone and tapered away over the adjoining 20 to 30 µm of the axon. Pressure was 

manually applied to the micropipette using a 10 ml syringe connected through Tygon tubing. 

Manual pressure, in combination with monitoring the fluid as it comes out of the pipette by 

fluorescence, was used instead of a Picospritzer because it allows for tighter control of fluid flow 

out of the pipette. Phase images were captured every 10 s, and fluorescent images were captured 

every 1 min using 100 ms exposures. 

 

4.5.3 Microinjection  

Antibodies targeted to the 74.1 dynein intermediate chain (Millipore; Billerica, MA, 

USA) were concentrated to 10 mg/ml in sterile injection buffer (100 mM HEPES, 140 mM KCl) 

mixed with 1 µg/ml FITC-dextran (134 kDa) (Sigma; St. Louis, MO, USA) using Millipore 

Amicon Ultra 0.5 mL 50K centricon devices (Millipore; Billerica, MA, USA) spun at 10,000 x g 

at 4°C for 10 min. The molecular weight of dextran was chosen as to be similar to the molecular 

weight of IgG antibodies. Non-specific mouse IgG antibodies (Sigma; St. Louis, MO, USA) 

were used as control as in previous studies (Grabham et al., 2007; Yi et al., 2011), but at 10 

mg/ml. Microinjection was carried out in chick sensory neuronal cultures approximately 18 h 

after plating. Antibodies were back loaded into the same micropipettes as above. Flow was 

started by manually pushing approximately 2 cc of air into a 10 ml syringe connected to the 

needle holder with tygon tubing. This was sufficient to supply steady flow of fluid for 30-45 min. 

After injection into neuronal cell bodies, dishes were recovered for 2 hours then successfully 

injected neurons were screened by the presence of fluorescent dextran in the cell. Following 

screening for injection, growth cones were monitored for filopodial initiation dynamics by 

capturing phase images every 10 s for 2 min total. Injected neurons were chosen for further 
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imaging based on the steady initiation of filopodia over the 2 min observation and for having 

normally rounded cell bodies.  

 

4.5.4 Mitochondrial imaging  

Chick sensory neurons were labelled with 0.1 µM MitoTracker Red CMXRos 

(Invitrogen; Carlsbad, CA, USA) in L-15 for 5 min at room temperature and recovered in fresh 

L-15 for 1 h at 37°C. For imaging, culture dishes were held in a ringcubator (Heidemann et al., 

2003) set to 38°C on a Leica DM IRB inverted microscope and observed with a N Plan L 

40x/0.55 corrPh2 with an djustable collar infinity/0-2/c objective. Cells were illuminated with a 

100 W Xenon lamp attenuated 98% with neutral density filters through a TexasRed 49008 ET 

cube (Chroma; Rockingham, VT, USA) for visualization of MitoTracker. Transmitted light 

exposure was controlled with a VMM-D3 controller and CS25 shutter (Vincent Associates; 

Rochester, NY, USA). Fluorescent light exposure was controlled with a Lambda 10-C (Sutter 

Instruments; Novato, CA, USA). Acquisitions were controlled using micro-manager software 

(US National Institutes of Health) (Edelstein et al., 2010). Exposure times for mitochondria 

images were set to 100 ms, except for the combined blebbistatin and CilD treatments, which 

required 250 ms exposures. For fast transport imaging, fluorescent images were captured at 10 s 

intervals while phase images were captured every 5 min. For all other mitochondrial time lapse 

acquisitions, fluorescent images were captured every 30 s and phase images captured every 1 

min. 
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4.5.5 Tension assay  

Cultures were prepared and maintained for imaging as described above. For a detailed 

description on the preparation and calibration of towing needles, as well as the 

micromanipulation  of growth cones see (Lamoureux et al., 2011). In brief, micropipettes were 

coated with 0.01% poly-ornithine (Sigma, St. Louis, MO, USA) for 30 min, followed by a 1 

mg/ml Concanavalin A solution for 30 min. The growth cone was then attached to the coated 

needle and lifted off the substrate to allow firm attachment to the needle. After attachment, the 

growth cone is brought down near the dish to achieve a better plane of focus and the time lapse 

imaging is begun with 20 second intervals at 40x magnification. A half hour stabilizing and 

baseline period is observed before the 100 µM ciliobrevin addition. CilD was prepared as above 

and added to the dish manually with a long pasteur pipette.  The reference needle position is 

maintained unaltered through the experiment so all tension changes are attributable the cellular 

response.  
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Figure 4.1 Microinjection of 74.1 dynein intermediate chain antibody impairs dynein 
function in chick sensory neurons. Neurons were microinjected with function-blocking 
antibodies toward dynein intermediate chain (αDIC) or nonspecific mouse IgG control 
antibodies mixed with FITC-dextran. (A) A neuron injected with αDIC two hours after injection 
shows normal cell body and neurite morphology. (B) Successful injection is confirmed by the 
presence of FITC-dextran throughout the entire neuron. Scale bar = 25 µm. (C) Phase images of 
the boxed growth cone in (A) at higher magnification show the initiation (triangles) and 
retraction (arrowheads) of filopodia after microinjection. Scale bar = 5 µm. (D) Average 
filopodial initiation over a 2 min period was similar between non-injected, IgG injected, and 
αDIC injected neurons. (E) Mitochondrial flux in both the anterograde and retrograde direction, 
measured by counting the number of mitochondria that passed the mid-way point of the axon is 
reduced with αDIC injection compared to IgG controls. * significance at α = 0.05, ** α = 0.01 
by post-hoc Tukey’s test. All error bars in figure represent 95% CI. Values at the bottom of the 
bars are number of axons used for each group. 
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Figure 4.2 Acute pharmacological disruption of dynein with Ciliobrevin D slows axonal 
elongation and induces retraction of the axonal cytoskeleton. (A) Disruption of dynein with 
CilD reduces the rate of elongation in a dose-dependent manner. Orange numbers at the top, are 
the number of axons in each group; the concentration of 0 is the DMSO control. (B) Disruption 
of dynein reduces fast mitochondrial flux in a dose dependent manner. Numbers in white at the 
base of the bars are the numbers of axons used in each group. (C) Acute disruption of dynein 
initially induces retraction as seen in phase images. Afterwards the growth cones are stationary. 
The orange line is t = 0:00 for the bath application of 100 µM CilD. (D) Acute disruption of 
dynein induces retraction of docked mitochondria. (E) Overlaying the fluorescent and phase 
images (D-E) indicated that docked mitochondria continue to move rearward, even when the  
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Figure 4.2 (cont’d) 
 
growth cone is stationary. (F) Rate of elongation using phase images in (C) shows fluorescent 
light does not impair CilD function or cause axonal retraction. (H) The color-inverted 
kymograph shows the shift from axonal stretching during elongation to bulk retraction and 
contraction along the axon following CilD treatment: time arrow = 15 min, scale bar = 20 µm.  
(G) Quantitative analysis demonstrates dynein disruption induces contraction and bulk retraction 
in the axon. Color-coded numbers at the bottom of the graph in (G) represent the number of 
mitochondria in each bin, where the growth cone bin (GC) comprises the most distal 
mitochondrion per axon. All error bars represent 95% CI. *p < 0.01 by unpaired, two-tailed t-
test; ** α < 0.01 by post-hoc Tukey’s test. 
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Figure 4.3 Focal disruption of dynein in the growth cone and distal axon causes retraction. 
(A) Focal application of CilD, to disrupt dynein the growth cone and distal axon, induced axonal 
retraction. The extent of drug application is shown by the red overlay in the phase images. (B) 
Focal application of DMSO, as a control, had no effect on axonal elongation. The arrows show 
the movement of the leading edge. (C) Individual growth cone movements were normalized for 
initial position and plotted during 20 min treatment of CilD (blue lines) or DMSO (red lines). 
Thick, dark bars are average growth cone position at each 1 min interval. Control growth cones 
grew at rate of 17.4 +/- 7.0 µm/hr (ave. +/- 95% CI). Focal disruption of dynein induced 
retraction at an average rate of -22.1 +/- 6.9 µm/hr (ave. +/- 95% CI).  Scale bar = 20 µm. Error 
bars are 95% CI. 
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Figure 4.4 An antagonistic relationship between myosin II and dynein controls bulk growth 
cone advance. Neurons were treated with 50 µM blebbistatin to disrupt myosin II function for 
45 min, after which 100 µM CilD was added. (A) Paired phase and fluorescent mitochondria 
images show blebbistatin increases growth cone advance (compare blue arrows to yellow 
arrows), while subsequent CilD addition reduces it (orange arrows versus yellow arrows). (B) 
Kymograph of docked mitochondria in the axon shown in (A). (C) Quantitative analysis of 
docked mitochondria illustrates blebbistatin causes an increase in bulk growth cone translocation 
and a decrease along the axon. Addition of CilD causes a subsequent reduction at all points in the 
axon compared to pre-treatment levels. Numbers above each bar represent number of 
mitochondria in each bin, where GC is the most distal mitochondria in each growth cone. Error 
bars show 95% CI, * significance at α = 0.05, ** significance at α = 0.01 by post-hoc Tukey’s 
test. 
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Figure 4.5 Dynein disruption with Ciliobrevin D increases axonal tension. Force-calibrated 
towing needles attached to growth cones are used to measure changes in forces after dynein 
disruption. (A) An individual force profile  shows tension increases when 100 µM CilD is added 
at 30 min. In red are the force measurements taken before CilD and blue are the measurements 
after. (B) The increase in tension is seen as pulling on the needle in a series of phase images, 
corresponding to the time demarcated by arrows in (A). t = 0:00 represents time of CilD addition.   
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Figure 4.5 (cont’d) 
 
Vertical lines have been added to the series to show initial position of the two needles at the time 
of CilD addition. (C) The average tension measurements before and after CilD addition. Error 
bars represent 95% CI. *p < 0.01 by paired, two-tailed t-test. Scale bar = 25 µm. 
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Figure 4.6 Sub-cellular model for dynein and NMII motor function in the axon and growth 
cone. This model proposes the following intracellular interactions between actin, NMII, 
microtubules, and dynein: (1) NMII in the T-zone drives retrograde actin flow and turnover. (2) 
NMII in the cell cortex along the axon generates contractile forces that oppose growth cone 
advance. (3) Dynein bound to actin in the T-zone moves microtubules forward. (4) Dynein 
bound to two neighboring microtubules generates forces that cause them to telescope apart. (5) 
Dynein uses cortical actin along the axon as an anchor to generate forces on long microtubules 
powering their advance. 
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CHAPTER 5: 

 

 

Summary and Future Directions 
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5.1 Summary of results 

 The goals of this research were to characterize how axonal elongation occurs in vivo and 

to investigate candidate molecular motors proposed to regulate elongation. Because the results 

were discussed in detail in their respective chapters, below is a summary of key results found for 

each specific aim of this dissertation. The broader impacts and future directions will be discussed 

in the following section. 

 

Aim 1) How do axons elongate in vivo? 

• Cytoskeleton translocation during axonal elongation is a conserved process 

between vertebrates and invertebrates. 

• The addition of extracellular matrix proteins to the substrate increases axonal 

stretching 

• Drosophila axons grow by forward translocation of the cytoskeleton in vivo. 

 

Aim 2) How does non-muscle myosin II influence cytoskeletal meshwork translocation? 

• Global NMII disruption increases axonal stretching and decreases net tension 

• NMII disruption increases stretching by decreasing viscosity and adhesion 

strength 

• Focal NMII disruption in the growth cone causes retraction 

• NMII along the axon restrains growth cone advance by preventing stretching, in 

opposition to NMII in the growth cone. 
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Aim 3) Does cytoplasmic dynein generate forces required for cytoskeletal meshwork 

translocation? 

• Dynein disruption slows elongation by decreasing bulk translocation of the 

cytoskeletal meshwork. 

• Dynein generates pushing forces on microtubules embedded in the cytoskeletal 

meshwork to cause bulk translocation.  
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5.2 Future directions 

We provide here the first molecular mechanism for how forces generated in the axon 

regulate bulk translocation of the growth cone and cytoskeletal meshwork. Forces generated by 

NMII in the growth cone act to pull material forward, while dynein along the axon pushes 

microtubules forward. These are both opposed by NMII activity along the length of the axon, 

which increases axonal viscosity and maintains adhesion. While the data give novel insights into 

the role of molecular motors in axonal elongation, they raise several intriguing questions: What 

other motors generate forces that move the cytoskeleton? What are the signaling pathways 

initiated by extracellular guidance cues that alter the activity of dynein and NMII to regulate the 

rate of elongation? How do motors power cytoskeleton translocation in vivo?  

One intriguing observation is that residual cytoskeletal meshwork translocation and 

axonal stretching occurs when both NMII and dynein are acutely inhibited. This suggests that 

there are other force generating mechanisms involved in bulk transport. Logical candidates to 

test are members of the kinesin superfamily, such as kinesin-1. During initial outgrowth of 

primary Drosophila neurons, kinesin-1 generates forces that cause microtubules to slide into the 

nascent axon (Lu et al., 2013). It is therefore likely that these forces continue to drive 

microtubule telescoping or bulk advance along the axon in a manner similar to dynein. Genetic 

and pharmacological inhibition of the various motors while examining bulk growth cone and 

cytoskeleton movements will be important experiments to perform.  

There is also evidence that motors could be acting as a brake on microtubules to prevent 

axonal elongation. Disruption of both plus end directed kinesin-5 and kinesin-12 increases the 

rate of axonal elongation (Liu et al., 2010; Myers and Baas, 2007). Although this has been tested 

in the context of Stop-and-Go transport, it is possible that, like dynein, these motors also 
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generate forces that impinge upon long microtubules embedded in the cytoskeletal meshwork. In 

this case, however, they would be preventing microtubule telescoping. One intriguing hypothesis 

to consider is that it is that neurons are sensitive to the amount and direction of net force and 

utilizes a wide variety of motors to elicit a desired net force outcome required for elongation and 

/ or retraction. 

 The opposing function of NMII in the growth cone and along the axon suggests that 

these two functional pools of NMII are regulated differently. It is likely that ROCK activates 

NMII along the axon by inhibiting MLCP, whereas the pool of NMII that drives bulk 

translocation of the growth cone relies on a MLCP variant that is insensitive to ROCK 

phosphorylation (Amano et al., 1996; Kimura et al., 1996; Vereshchagina et al., 2004; Zhang et 

al., 2003). Our data suggest that ROCK activity along the axon therefore decreases axonal 

stretching and growth cone advance. This is interesting in that ROCK inhibition has recently 

shown potential to be a useful strategy to augment axonal regeneration following injury 

(Arakawa et al., 2003; Borisoff et al., 2003; Tonges et al., 2011). However, how ROCK 

inhibition modulates bulk growth cone translocation and stretching during regeneration has not 

yet been considered.  

There is also evidence suggesting the different pools of NMII activity correspond to 

different NMII isoforms. For example, NMIIB is located in the T-zone and drives retrograde 

flow, whereas NMIIA is located in the C-domain and axon shaft and only powers retrograde 

flow when NMIIB is knocked out (Bridgman et al., 2001). It is therefore tempting to speculate a 

mechanism in which NMIIA is located in the C-domain and along the axon, where it is under the 

control of MLCK and ROCK, to generate forces that oppose growth cone advance and axonal 

stretching, whereas NMIIB is located in the T-zone and is under the control of MLCK to drive 
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retrograde flow. Developing pharmacological agents that can selectively disrupt the different 

isoforms of NMII will be of interest in the future to tease apart the contributions each makes to 

axonal elongation.  

We also report the first evidence that axons grow by bulk translocation of the growth 

cone in vivo. Growth in vitro closely mimics in vivo growth when endogenous extracellular 

matrix proteins are added to the culture substrate. While this is not surprising, this is the first 

direct comparison of outgrowth on different substrates to that seen in vivo and underscores the 

profound relationship between extracellular environment and the biophysics of axonal 

elongation. While the use of endogenous extracellular proteins can aid in creating permissive 

tissue culture environments, whether this accurately recapitulates the in vivo environment is 

always in question. As such, time-lapse imaging of live Drosophila embryos as shown here 

provides a powerful tool to compare in vitro and in vivo phenotypes.  

There are other distinct advantages of using Drosophila as a model system. One is that 

filet preparation of embryos can be used for manipulation of internal tissue. This maintains an in 

situ environment for axon growth that closely mimics the in vivo environment, but gives access 

to the body cavity. The tissue can be directly manipulated and has been used previously to 

characterize axonal tension in situ (Ahmed et al., 2012; Siechen et al., 2009). Combining this 

with genetic mutations will give insight as to how motors generate axonal forces in vivo. By 

exposing the body cavity, cytoskeleton and motor disrupting drugs can also be added directly to 

the tissue, allowing for acute motor and cytoskeleton disruption. These methods will be critical 

going forward to study axonal biophysics in situ.  

While there are multiple rodent models for nerve injury and regeneration, these models 

are less amenable to time-lapse in vivo imaging. This is yet another area in which Drosophila 
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will prove to be a useful model system (Fang and Bonini, 2012). Using larvae, nerves can be 

physically crushed (Xiong et al., 2010) or ablated with lasers (Stone et al., 2010) and 

regenerating axons can be imaged shortly afterwards. Complete axotomy can be accomplished 

by cutting the edge of the wing in the adult fly, resulting in a more long-term regeneration 

process (Fang et al., 2012). Both of these approaches are done in tissue that is fairly transparent, 

thereby facilitating in vivo imaging. By expressing fluorescent markers to track the intracellular 

movement of the cytoskeleton in these injury models, we can make comparisons between bulk 

transport during development and regenerative growth. 

 A major goal in neuronal cell biology is to develop effective therapies to repair nerve 

damage after spinal cord and peripheral nerve injury. Following injury, the surrounding scar 

tissue secretes signals that prevent axonal regeneration (Schwab et al., 1993; Silver and Miller, 

2004; Yiu and He, 2006). Most current strategies focus on blocking the effects of these 

inhibitory molecules (Case and Tessier-Lavigne, 2005; Filbin, 2003; Silver and Miller, 2004; 

Yiu and He, 2006). Unfortunately, these have proven to be marginal at best (Lu et al., 2012). As 

there is a lag between initial injury and formation of the inhibitory scar, increasing the rate of 

axonal elongation following injury can improve regeneration (Chen et al., 2007). Our work here 

suggests that decreasing NMII activity along the axon or increasing dynein activity can increase 

the rate of elongation. In broader terms, modulating the activity of motor proteins and axonal 

stretching is a promising avenue for developing strategies to augment axonal regeneration 

following nerve damage.  
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