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ABSTRACT

ENZYMES AND GENES INVOLVED IN BIOSYNTHESIS OF PLANT LIPID
POLYESTERS

By

Maria Isabel Molina

All higher plants depend on extra cellular lipophilic barriers that control the
movement of water, solutes, and gases, and that provide an interface with the
biotic and abiotic environment. Cutin and suberin are polyesters of fatty acids
that constitute the polymeric matrices of these - barriers. Because of their
structural complexity and intractability, progress in understanding the structure,
enzymology and genetics of lipid polyesters has been limited. Overall, the goal of
this study was to identify genes and enzymes involved in the biosynthesis of
these biopolymers using the model plant, Arabidopsis thaliana. To aid this goal, a
new method was developed for the quantitative analysis of lipid polyester
monomers in seeds. Monomers typical of both cutin and suberin were found and
most of these monomers are deposited in the seed coat. Distinct temporal
patterns of accumulation of individual monomers were observed at different
stages of Brassica seed development. Promoter-YFP fusions of cutin and
suberin associated genes revealed distinct spatial patterns of expression in seed
coat cell layers. Evidence from these studies support the presence of a suberized
layer deposited on the outer integument, and of a cutin-like polyester layer

associated with the inner integument of the seed coat.




The method developed for seed polyester analysis allowed a reverse-
genetics approach that was suitable for screening for genes involved in either
cutin or/and suberin biosynthesis. Candidate genes were selected using
bioinformatic approaches including transcript co-expression analysis. Among the
mutants of preferred genes, a knockout mutant of a cytochrome P450-dependent
w-oxidase gene, cyp86A1, showed major reductions in w-oxidized suberin
monomers thereby demonstrating its involvement in suberin biosynthesis. This
finding was further substantiated by TEM analysis of suberized cell walls.
Furthermore, this approach was useful to identify a novel acyl-transferase of the
BAHD family that is involved in the deposition of ferulate in Arabidopsis suberin.
The monomer phenotype of this mutant suggests that the disrupted gene
encodes a feruloyl-CoA transferase, the first such enzyme discovered in plants.

In addition, this research work used in planta overexpression approaches
to explore the function of two orthologous P450 enzymes; ATT1 from Arabidopsis
and PH1 from petunia stigmas. The interchange of these genes was expected to
complement the att7 mutant and increase the production of w-hydroxy fatty acids
in tobacco stigma polyesters. However, transgenic plants failed to accumulate
higher levels of w-hydroxy fatty acids. Although the current assumption is that
ATT1 catalyzes the w-hydroxylation step leading to synthesis of cutin precursors,
results suggest that they may be able to catalyze further oxidation steps to
produce dicarboxylic acids. The hypothesis of the existence of a “metabolon” for
polyester synthesis was tested. The combination of these results has provided

new insights on how CYP86A enzymes may function in vivo.
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CHAPTER 1

INTRODUCTION

Plant lipids comprise an extremely diverse group of molecules, and their
biosynthesis involves different pathways and several cellular compartments.
Among these lipids, glycerolipids derived from the glycerol and fatty acid
biosynthetic pathways are the most abundant class in plant cells (Ohlrogge and
Browse, 1995). Glycerolipids perform unique functions as main components of
the membranes that define the cell and its compartments. Those functions
include photosynthetic processes in leaf mesophyll cells. However, some plant
cells synthesize higher amounts of lipids than leaf mesophyll cells. For example,
cells from seeds can produce not only membrane lipids but also storage lipids
and epidermal cells synthesize cutin monomers and waxes, which provide the
protective and waterproofing barrier that covers the surface of plants. For
epidermal cells, flux into extracellular lipids can exceed that for memembrane
lipid synthesis (Suh et al., 2005). In other cells, such as those in peridermis and
wounded tissues, suberin monomers and waxes are produced to form a barrier in
response to stresses from the environment, or during development (Kolattukudy,

2001a).

Suberin and cutin, collectively called lipid polyesters, are two distinct types

of plant insoluble polymers derived from fatty acids. Cutin constitutes the matrix



of the plant cuticle (Esau, 1977) whereas suberin is a heterpolymer co-deposited
with waxes inside the cell wall (Bernards, 2002). While cutin is usually composed
largely of C16 and C18 hydroxy and hydroxy epoxy fatty acids, suberin consists
of aliphatic domains where C16 and C18 dicarboxylic acids, very long chain fatty
acids and alcohols are found, as well as aromatic domains derived from hydroxy-
cinnamic acids (Kolattukudy, 2001a). Glycerol is a common component in both
polyesters (Moire et al., 1999; Graga and Pereira, 2000; Graga et al., 2002).
Interestingly, the recent finding that unsaturated dicarboxylic acids are major
monomers in Arabidopsis and Brassica napus cutin (Bonaventure et al., 2004;
Franke et al., 2005) raised new questions: Does the long-standing classification
of cutin and suberin monomers require revision? or, Does Arabidopsis have a
different type of polyester network?. Since these polymers are difficult to isolate,
neither cutin nor suberin is easy to study. Indeed, although cutin constitutes one
of the largest interfaces between the biosphere and the atmosphere (Bargel et
al., 2006), this biopolymer remains poorly understood at the structural,

biochemical and genetic levels.

The identification of genes encoding enzymes involved in polyester
biosynthesis is now possible, given the molecular genetic tools available for
Arabidopsis thaliana. Both forward and reverse genetic screens require robust
chemical analyses to complement assays of functional properties such as cuticle
permeability, organ fusion phenotypes, or pathogen susceptibility. Such analyses

have only recently been published (Bonaventure et al., 2004; Xiao et al., 2004;



Franke et al., 2005). However, a reliable method for seed polyester analysis has
not previously been available. Because the seed coat provides the interface
between the embryo and its environment, it has essential functions in the plant
life cycle. The specialized cells forming the seed coat layers play fundamental
and different roles throughout seed development and even at maturity, when they
are dead. During seed development, dormancy, and germination, the seed coat
imparts protection against pathogens and adverse conditions, allowing survival of
the offspring. Besides its protective functions, it is involved in embryo nutrition
during development, and has functions in establishing and maintaining seed
dormancy, facilitating seed dispersal, and promoting germination under favorable
conditions (Haughn and Chaudhury, 2005). Two major groups of seed coat
mutants have been described. One group is affected in flavonoid pigmentation
(e.g. transparent testa and transparent testa galabra mutants) and the other
group is affected in seed coat structure (e.g. aberrant testa shape mutants)
(Bentsink and Koornneeff, 2002). However, seed coat knockout mutants with
altered cutin/suberin composition have so far not been characterized. One
advantage of using Arabidopsis as a model is that economically important

oilseed crops such as Brassica napus are members of the same family.

In most plant cuticles, waxes play a critical role as a barrier for water
passage. In seed coats, however, waxes are minor components (Beisson et al.,
2006; Shao et al., 2007), suggesting that polyesters may be the main agents

regulating seed coat permeability. It has recently been shown that polyesters



contribute to seed coat permeability and seed dormancy in soybean and
Arabidopsis (Beisson et al., 2006; Shao et al., 2007), and they also may
influence pathogen resistance. Given the importance of these polyester barriers,
one aim of the present work was to investigate the chemical composition of the
lipid polyester monomers present in seed coats of Arabidopsis thaliana and

Brassica napus.

A third type of lipid polyester, rich in hydroxy fatty acids, is very abundant
in the exudates from stigmas of solanaceous plants (Cresti et al., 1986). Stigma
polyesters are structurally related to cutin, but they are soluble in organic
solvents, a property that makes them a potentially powerful system for studying
biosynthesis and assembly of hydroxy fatty-acid-based polyesters. Thus,
developing stigmas offer a promising tool to study the enzymology of cutin
biosynthesis. Both stigma polyesters and cutin are located at the plant surface
and, therefore, play an important role in the interaction of the plant with its
environment. Stigma polyesters are essential for pollen-stigma interactions, while
cutin provides a barrier for defense against pathogens, preserves organ identity,
and controls water and gas exchanges. Because of their significance in crop
physiology, lipid polyesters are agriculturally important. To test the utility of the
stigma exudates as a model to study polyester biosynthesis, another goal of the
present work was to investigate if the biosynthesis of cutin and stigma hydroxy

fatty acids occurs through similar pathways.



OBJECTIVES

In summary, the overall objectives of the work presented in this thesis were:

e Develop a method for analysis of seed polyesters (Presented in Chapter
2).

o Apply method to characterize lipid polyesters in seeds of Brassicaceae
(Presented in Chapters 2 and 3).

o Apply method to mutant screening to gene discovery (Presented in
Chapters 3 and 4).

e Understand the role of cytochrome P450 w-hydroxylase gene products in
the biosynthesis of plant soluble (stigma) and insoluble (cutin) lipid
polyesters. (Presented in Chapter 5).

This objective was approached by analyzing hydroxy fatty acid-containing
lipid products in:
a. stigmas of transgenic tobacco plants over-expressing an
Arabidopsis w-hydroxylase gene (ATT1);
b. leaves/stems of an Arabidopsis knockout mutant (aft?)

complemented with an homologous gene from Petunia hybrida.

An overview of the current knowledge on different aspects of plant lipid

polyesters is given below.



THE BIOPOLYMERS CUTIN AND SUBERIN

Structure, functions, and location

Land plants have developed an outer skin that protects them from
desiccation and acts as a defensive barrier against pathogens (Holloway, 1994).
This non-cellular thin coat, the cuticle, covers the external surface of the
epidermal cells of aerial organs. Internal cuticles occur in seed coats and juice
sacs of grapefruit (Espelie et al., 1980), and line the substomatal cavity
(Pesacreta and Hasenstein, 1999). The cuticle is composed of polymers (cutin
and cutan), waxes, and polysaccharides (Jeffree, 1996). Cutin is a polyester of
hydroxy and hydroxy epoxy fatty acids, providing a framework for the cuticle.
Cutan is less understood. This biomacromolecule is mostly linked by ether bonds
and therefore remains as a non-depolymerizable fraction after ester-bond

hydrolysis (Mosle et al., 1997; Villena et al., 1999).

The cuticle. Cuticles have several layers (Figure 1), which are defined on
the basis of their position and chemical composition: an “inner cuticle”, attached
to the cell wall, that contains polymers, waxes, and polysaccharides; the “cuticle
proper” comprised of polymers with embedded waxes, and epicuticular wax layer
(Heredia, 2003; Bargel et al., 2006). The thickness of these layers depends on
the species, anatomical location and developmental stage. The overall cuticular

thickness is therefore variable, ranging from 0.1 to 14 um in leaves, and



containing <20 to 600 ug of cutin per cm? surface area (Kolattukudy, 2001b). In

fruits the cutin content can reach 1.5 mglcmz. Cutin is believed to be the most

abundant lipid polyester among plants (Heredia, 2003).
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Figure 1. Diagrammatic (left) and scanning electron microscopic (right)
views of Arabidopsis stem epidermis and cuticle.
Modified from Kunst et al.(2005) and Bargel et al. (2006 ).

Waxes embedded in cutin make the cuticle an efficient barrier against
water loss and gas exchange (Kolattukudy, 1984). The cuticle constitutes the
interface between the plant and its environment and thus functions as a barrier to
protect leaves, fruits, and other aerial organs from pathogen attack. It controls
the diffusion of molecules into plant tissues and plays a role in maintaining the

separation of organs during organogenesis.



Suberized cell walls. \While the cuticle lies on the outer face of the
primary cell wall, suberin is located on the inside of the primary cell wall close to
the plasma membrane (Kolattukudy, 1980a) (Figure 2). Suberin consists of a
polymeric material with embedded waxes. Its ultrastructure is frequently lamellar
when observed by transmission electron microscopy (TEM), showing alternating

light and dark bands (Bernards and Lewis, 1997).

Figure 2. Sch
Arabidopsis suberized root cells.

Suberized peridermal and endodermal cells present the typical lamellar
depositon within the cell walls (arrow heads). The TEM image was adapted from
Franke et al. (2005). PC, peridermal cell. Bar: 100 nm.

(a) and tr ission electron micr pic (b) views of

Typically, the function of suberin is to control the movement of water and
solutes from various tissues, and to contribute to the strength of the cell wall
(Nawrath, 2002) It is synthesized during normal development or as a result of
environmental stresses (Dean and Kolattukudy, 1976). Suberin is found in
peridermis of shoots (e.g. cork) and of underground organs (e.g. potato)

(Bernards and Lewis, 1997). In primary roots, it is found in endodermal,



rhizodermal and hypodermal cells (Ma and Peterson, 2003). It may be deposited
surrounding the bundle sheaths of monocot leaves, between seed coats and in
vascular tissue during seed development (Espelie, 1980), at the boundary
between secretory organs and the rest of the plant (Thomson et al. 1979), as well
as in trichomes of certain varieties of cotton (Yatsu, 1983). Exposure to cold,
mineral stress and fungal infection are some examples where suberization
occurs as a response to external factors (Kolattukudy, 2001a; Ghanati et al.,
2005; Schreiber et al., 2005). It is also deposited as a wound response by injured
plant cells, even in those cells which normally synthesize cutin (Kolattukudy,
2001a). As in the cuticle, there is evidence that waxes deposited with suberin are
the main hydrophobic barriers protecting cell walls (Soliday et al., 1979; Vogt et

al., 1983; Gil et al., 2000).

Chemical composition

The cuticle. The two major hydrophobic constituents of the plant cuticle
are the insoluble polymers and soluble waxes (Bargel et al., 2006). The
chemistry of these soluble lipids is varied, and in general, they are not
biosynthetically related to cutin. Waxes are composed of aliphatics and
aromatics. The former group includes long-chain alkanes and substituted
derivatives such as fatty acids, primary and secondary alcohols, aldehydes and
ketones. The cutin polyester is usually composed of esterified hydroxy- and

hydroxy epoxy fatty acids, which are derived from C16 saturated and C18



unsaturated fatty acids, the most abundant in plant cells (Table 1) (Kolattukudy,
1996). In C16-rich cutins, 16-hydroxy- and 10,16-dihydroxy-palmitic acids are
usually dominant, while in C18-rich cutins 9,10,18-trihydroxystearic acid and
9,10-epoxy-18-hydroxystearic acid monomers and the corresponding
octadecenoic acids are common. In addition, glycerol has been found esterified
to cutin aliphatic monomers (Graga et al., 2002) while minor amounts of
hydroxycinnamic acids have been reported as aromatic structural components of
cutin (Kolattukudy, 1977; Fang et al., 2001). Interestingly, although dicarboxylic
acids have in the past been reported as only minor components of cutin, it is now
known that these structures are major monomers found in Arabidopsis thaliana
leaf and stem cuticles (Bonaventure et al., 2004; Franke et al., 2005). The native
polymeric structure of cutin remains unresolved, and proposed three-dimensional
arrangements based on monomer composition remain largely speculative.
Likewise, it is still unclear if the insolubility of the polyester is a consequence of
covalent linkage to the cell wall or cutan, or of the high MW of the polymer

(Pollard et al., submitted).

Suberin. Whereas aromatic constituents of cutin are minor (<5%), in
suberin these monomers are abundant (Table 1). Although both cutin and the
poly(aliphatic) domains of suberin have structural similarities and analogous
functions in the protection of plant organs, they are distinguished by their
characteristic monomer composition (Bernards et al.,, 2004). The aliphatic

polymer of suberin is composed mainly of C16 to C28 w-hydroxy fatty acids and
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Table 1. Compositional comparison between cutin and suberin.

Monomer Cutin Suberin
Glycerol OH Substantial Substantial
HO_A_OH
Unsubstituted acids Minor (C16-C18) Minor (C16-C26)
OH
o"\/\/\/\/\/\/’\/\/\/\cH3
a,a-dicarboxylic acids (C16-C26) Minor® Common and
OH OH substantial
o)\/\/\/\/=\/\/\/\)§o
w-hydroxy acids Major (C16-C18) Common and
OH substantial
OJWW\/\N\/\/\/\/OH (C16-C26)
Substituted o-hydroxy acids (C16-C18) Major Minorb
OH
OWOH
H
OH OH
OWOH
H
HOAAANAAN TSI
0 (o}
Primary alcohols (C18-C26) Rare and minor Common and
Substantial
HO NN CH,
Phenolics Low High
OH 8H3 OH
Ferulate OH Coumarate OH

(o] NH/\@
N OH

Feruloyltyramine
R
H

2c16-Cc18 dicarboxylates are major monomers in Arabidopsis and Brassica napus cutin; o In
some cases is substantial (Kolattukudy, 1980a). Substituted dicarboxylic acids and a,w-diols are
also frecuently found in suberins.
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C16 to C26 a,w-dicarboxylic acids, the latter of which are diagnostic monomers.
A characteristic feature of suberin is the presence of monobasic monomers of
very long chain fatty acids and alcohols (C20 to C32, with C22 and C24 being the
most common). The aromatic network is a hydroxycinnamate-derived polymer,
primarily comprised of ferulic acid, N-feruloyltyramine, cinnamic acid, p-coumaric
acid or caffeic acid (Bernards et al., 1995). Glycerol is another major compound
of this polyester, constituting up to 20% of total monomer mass of suberin in oak,
cotton, and potato (Moire et al., 1999; Graca and Pereira, 2000; Graga and
Pereira, 2000). Unlike cuticular waxes, suberin-associated waxes resemble the
structural constituents of the polyester and seem to be biosynthetically related (Li

et al., 2007).

Models to explain the macromolecular structure of suberin are based on
the use of degradative techniques for chemical analyses and further
reconstruction of the original structures, in combination with ultrastructrual data.
Bernards (2002) described suberin as a hydroxycinnamic acid-monolignol
polyphenolic domain embedded in the primary cell wall and covalently linked to a
glycerol-based polyaliphatic domain (Figure 3). The aliphatic monomers are
linearly arranged, forming the electron-translucent bands. The thickness of this
layer has been shown to be defined by the length of the carbon chain of these
monomers (Schmutz et al.,, 1996). The nature of the opaque bands is less
understood. According to this model, it corresponds to glycerol, esterified

phenolics, and possibly waxes. The presence of other electron-rich molecules
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such as polysaccharides or proteins that could serve as a scaffold cannot be
ruled out. Graga and Santos (2007) proposed a similar structural arrangement. In
both models ferulic acid has been suggested to be the linker between
polyaromatics and the suberin polyester. It is important to bear in mind that these
models were largely based on potato periderm and cork. More work is needed to
extrapolate the proposed macromolecular organization to other species and

different organs.

Depolymerization and analysis of monomers

Cutin. After solvent extraction of soluble lipids with chloroform and
methanol, the lipid polyester remaining in the residue can be chemically
depolymerized by hydrogenolysis with lithium aluminium hydride, by alkaline
hydrolysis or by methanolysis catalyzed by boron trifluoride or sodium methoxide
(Walton and Kolattukudy, 1972; Kolattukudy, 1981). These methods cleave ester
bonds. The released monomers are then usually derivatized with BFTSA (N,O-
bis(trimethylsilyl)-trifluoroacetamide) or other sylylating reagents to convert them
to the corresponding trimethylsilyl derivatives, and these are subjected to gas
chromatography/mass spectrometry (GC-MS). Figure 4 summarizes the steps
for chemical depolymerization of lipid polyesters and subsequent analysis.
Monomers are identified according to their characteristic fragmentation spectra.

Alternatively, the depolymerization step can be performed enzymatically with

13



Figure 3. Proposed macromolecular structure of potato suberin.

The poly-aromatic domain is shown attached to carbohydrates in primary cell
wall. The polyester domain is based on glycerol and aliphatics, and a minor
proportion of aromatics (ferulate). The light and dark bands depicted in the model
correspond to the electro-translucent and electro-opaque bands observed by
TEM. Aliphatics constitute the light bands, whereas phenolics form the dark
zones. The thickness light plus dark bands is about 3-4 nm in this model.
C=carbohydrates ; S= suberin; P= phenolic. Taken from Bernards (2002).
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sylilation of alcohol functions with BFTSA.

A segment of a hypothetical polyester containing 16-hydroxy hexadecanoic acid
bound to glycerol and to another monomer in the polymer (P) (left) gives different
monomer products after hydrolysis with lithium aluminium hydride, potassium
hydroxide, or methanol catalyzed by boron trifluoride or sodium methoxide (right).
The mass spectrum (bottom) illustrates a typical fragmentation pattern of
trimethylsilyl ether of 16-hydroxy hexadecanoate obtained by methanolysis of the

polyester. Adapted from Kolattukudy (2001a).
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lipases or cutinases. The resulting oligomers can be subjected to electron impact
(El) and liquid secondary ionization (LSI) mass spectrometry (MS) and NMR
spectroscopy, thereby obtaining structural information (Ray et al., 1998; Ray and

Stark, 1998).

Suberin. The depolymerization methods described above can also be applied to
analyze the aliphatic domains in suberized cell walls. Moreover, a fraction of the
aromatic monomers can be released in these analyses. However, some C-C and
C-0O-C cross-linking in the aromatic domains of suberin make this polymer more
difficult to depolymerize and more severe treatments are required (Kolattukudy,
1993, 2001a). Some examples of these procedures are thioacidolysis, CuO
oxidation, and nitrobenzene oxidation. Application of the lignin-specific methods
thioacidolysis (Lapierre et al., 1986; Monties, 1989) and DFRC (derivatization
followed by reductive cleavage) (Lu and Ralph, 1997) have revealed that
monolignols are a minor fraction of suberin aromatics (Bernards, 2002). On the
other hand, alkaline nitrobenzene oxidation is exhaustive and yields total
aromatic content, at the expense of losing chemical information. Only after NMR

analysis of potato tissues treated with c'labeled phenylalanine it became clear

that most of the aromatic constituents of suberin are phenylpropanoids (Bernards

etal., 1995).

Cutan and suberan. After depolymerimerization of cutin and suberin with

methods that cleave ester bonds, a non-hydrolizable fraction remains in the
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matrix of the residue. This non-ester bound polymers are often called "cutan" and
“suberan”, repectively. Cutan has been analyzed by pyrolysis-coupled gas-liquid
chromatography and mass spectrometry, resulting in C16 and C18 fatty acids

plus C19-C26 hydrocarbons. More recently, using 3¢ -nuclear magnetic

resonance (NMR) and Fourier transform infrared (FT-IR), calorimetry, X-ray
diffraction, and ozoanalysis (Villena et al., 1999) have characterized this fraction
in leaves of Agave americana, showing that cutan consists of an ether-bound

three-dimensional network containing double bonds and free carboxylic acid
functions. The occurrence of cutan in desert plants has been interpreted as a
plant adaptation to cope with drought climate (Boom et al., 2005). It is still
unclear if cutin and cutan are different polymers rather than one polymer formed

by ester and non-ester bonds (Kolattukudy, 1996).

Biosynthesis

A. Biosynthesis and assembly of aliphatic polyesters

Suberin contains those monomers typically found in cutin, namely fatty
acids, w-hydroxylated monomers, and also alcohols and a,w-dicarboxylic acids
that are considered diagnostic of suberin (Table 1). Textbooks and reviews
usually describe the synthesis of cutin and suberin aliphatic monomers as distinct
pathways, with chain elongation and convertion of w-hydroxy acids to
dicarboxylic acids being specific for suberin monomers. However, data from

Arabidopsis has shown that dicarboxylates are not exclusively found in suberin,
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and that the same gene families seem to be involved in the synthesis of both
type of polyesters. Chain-elongation then can be considered solely for suberin,
and will be introduced in Appendix D. Primary alcohols may derive from the wax
biosynthetic pathway, by action of a NADPH-dependent alcohol-forming
reductase (FAR) on acyl-CoA intermediates (Metz et al., 2000). In the next
paragraphs, the current knowledge on the synthesis and assembly of both cutin

and suberin aliphatics is summarized together.

Synthesis of aliphatic monomers. Early radiolabeling experiments performed
by Kolattukudy in the 1970's gave insight into the pathways involved in the
biosynthesis of C16 and C18 monomer classes. Based on those biochemical
assays, a pathway for the biosynthesis of cutin monomers was proposed and is
schematized in Figure 5. Similarly, the biosynthetic routes for the major aliphatic
monomers of suberin have been studied in the past using incorporation of
labeled oleic acid or acetate in wound-healed potato slices (Dean and

Kolattukudy, 1977).

Polyester monomers are derived from 16:0 and 18:1 fatty acyl-CoAs.
Monomer hydroxylation and/or epoxydation steps require NADPH and O; as co-
factors and are inhibited by CO, thereby suggesting the involvement of a
CytP450-type enzyme (Soliday and Kolattukudy, 1977; Kolattukudy, 2001a).
Possible alternative routes for the biosynthesis of oleic acid-derived cutin

monomers were proposed by Blee and Schuber, 1993. The authors used a cell
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Figure 5. Proposed biosynthetic routes for the C16 and C18 families of

cutin monomers, and their incorporation to the polyester (inset).

Adapted from Kolattukudy (2001a).
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free system to demonstrate that a pathway involving lipoxygenase,
peroxygenase and epoxide hydrolase activities, along with a cytochrome p450
hydroxylase, produced C18 cutin acids in vitro. In this system, the peroxygenase
cloned from soybean seedlings preferred oleic acid rather than the hydroxylated
monomer as substrate. Furthermore, the soluble epoxide hydrolase purified from
soybean seedlings preferred the non-hydroxylated monomer (cis-epoxide).
Hence, the cytochrome p450 activity was required downstream of the
epoxydation step. Kolattukudy (2001a) argued against this assumption,
reasoning that if this mechanism occurred in cutin, then mid-chain non-w-
hydroxylated functional molecules should be found in the polyester, and this is
not the case. The involvement of the peroxygenase pathway in cutin biosynthesis
was later confirmed by in planta inhibition of this enzyme, which resulted in a
thinner cuticle and increased susceptibility of maize leaves to infection by fungi

(Lequeu et al., 2003).

Since biochemical approaches to isolate enzymes involved in biosynthesis
of cutin/suberin monomers have not been successful, genetic approaches have
been attempted to dissect biosynthetic pathways. Several cutin mutants have
been identified in part because they resemble transgenic plants that over-
express fungal cutinase (Sieber et al., 2000), which show alterations in the
structure of the cuticle and organ fusions, or because they present increased
susceptibility to pathogens (Xiao et al., 2004). Such forward genetics screenings

have identified two mutants of the Arabidopsis CYP86A subfamily of putative w-
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hydroxylases (Duan and Schuler, 2005). Characterization of the Arabidopsis att1
mutant (Xiao et al., 2004) has shown that ATT7 (encoding CYP86A2) is
functionally implicated in cutin biosynthesis in planta. Although a 70% reduction
in cutin monomers was reported, the reaction catalyzed by ATT1 in Arabidopsis
epidermal polyesters is still unknown (discussed in Chapter 5). In addition, the
lacerata (lcr) mutant (cyp86a8) has a pleiotropic phenotype consistent with a
defective cuticle, showing organ fusion, leaf deformation and pollen germination
on the surface of leaves (Wellesen et al., 2001). Although this enzyme catalyzes
w-hydroxylation of fatty acids in yeast, the direct role of the enzyme in cuticle
synthesis cannot be inferred since the polyester composition of this mutant was

not reported.

By similar forward genetics screens, other Arabidopsis genes potentially
involved in cutin biosynthesis were also identified: HOTHEAD (HTH,) and
BODYGUARD (BDG, see next section) (Lolle et al., 1992; Yephremov et al.,
1999; Pruitt et al., 2000; Wellesen et al.,, 2001; Kurdyukov et al., 2006a;
Kurdyukov et al., 2006b). They encode putatives oxidoreductase and
carboxyesterase/synthase, respectively, which are involved in lipid metabolism.
Their respective mutants present organ fusions in flowers and/or leaves.
Although they have been shown to influence the formation of the cuticle, the
precise function of the encoded proteins in cuticle biosynthesis is unclear and

needs biochemical confirmation.
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HOTHEAD was proposed to catalyze the synthesis of w-oxo acids that are
intermediates in synthesis of dicarboxylic acids (Kurdyukov et al., 2006b). This
mechanism has been biochemically demonstrated in earlier studies using potato
periderm (Agrawal and Kolattukudy, 1977; Agrawal and Kolattukudy, 1978) and
cell-free extracts of bean epidermis (Kolattukudy et al., 1975). However, reports
on tobacco CYP95A5 (Le Bouquin et al,, 2001) and Arabidopsis CYP94C1
(Kandel et al., 2007) have shown that cytochorme P450 may also be involved in
the conversion of fatty acids to dicarboxylic acids. Thus, different pathways from

alcohol to acid have been proposed, and are discussed in Chapter 5.

The family of acyl-CoA synthetases (LACS) is also required for polyester
biosynthesis. The finding that knockout mutants of LACS2 had a defective cuticle
(Schnurr et al., 2004; Bessire et al., 2007; Tang et al., 2007) indicated that free
fatty acids are probably intermediates in cutin synthesis and need to be activated
by LACS2. In vitro assays demonstrated that this enzyme can use both fatty
acids and w-hydroxylated fatty acids as substrates (Schnurr et al., 2004).

However it is unclear where in the pathway this activation step takes place.

Polyester assembly. The key enzyme responsible for the assembly of the three-
dimensional polyester network remains elusive. Such an enzyme would
presumably function by transfering w-hydroxy-acyl-CoAs to free hydroxy groups
in the polyester acceptor (catenation reaction) (Figure 5, inset) (Croteau and

Kolattukudy, 1973; Kolattukudy, 1981). This assumption was based on early in
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vitro reactions using w-hydroxy-acyl-CoAs and an extracellular insoluble
acceptor. But only secondary hydroxyl groups were acylated in these
experiments, and it is therefore unlikely that in vivo catenation proceeds in the
same way. One protein purified and sequenced that may be involved in this
process is a putative acyl-CoA transferase from Agave americana epidermis
(Reina and Heredia, 2001). This protein contained an HxxxE motif, which is

conserved in other acyl-tranferases.

Qualitative and quantitative analyses of lipid polyester monomers in
Arabidopsis are now routine (Bonaventure et al.,, 2004), allowing the use of
reverse genetic approaches to discover new genes involved in cutin and suberin
synthesis. Identification of candidate genes for such studies has been aided by
the availability of epidermis and phellem (cork) transcriptomes (Suh et al., 2005;
Soler et al., 2007), as well as public repositories for microarray data. In fact,
these strategies have facilitated the identification of three enzymes of the GPAT
family of putative glycerol-3-phosphate-acyltransferases that have key roles in
cutin and suberin synthesis. Since glycerol has an important function in cross-
linking the monomers, as evidenced by partial depolymerization analyses (Graga
and Pereira, 2000; Graga et al., 2002; Graga and Santos, 2006) an acyl-
trasferase activity is needed to assemble the polymer. GPAT5 was the first gene
identified that is involved in the transfer of suberin aliphatics. gpat5 alleles
(Beisson et al., 2007) showed reduced saturated long-chain fatty acid

composition in seed coats and roots, consistent with defective suberin
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deposition. GPAT4 and GPAT8 were shown to have similar function in cutin
monomer acyl transfer reactions (Li et al., 2007a). Thus, this new evidence
suggests that the building blocks that constitute the higher order polyesters in
Arabidopsis are acyl-glycerols. It is unknown how acyl-glycerols are transported

and assembled into the insoluble polyester.

Glycerol esterified to w-hydroxy fatty acid, caffeic acid and fatty acid has
been found in suberin waxes from green cotton (Schmutz et al., 1993). Ferulic
acid esters of very long chain fatty alcohols also occur in suberin waxes. Such
structures may represent intermediates that could be further incorporated to the
suberin polymer by a peroxidase (Kolattukudy, 2001a), accounting for polyester
insolubility. Although this assumption was reinforced by the finding that ferulate
esterified to glycerol and to w-hydroxy fatty acids was released by partial

depolymerization, this hypothesis requires confirmation.

The biochemical mechanism of the polymerization reaction, and whether
it takes places within the cell or in extracellular locations remain enigmatic.
Lipases have been proposed to act as polyester synthases. Kurdyukov et al.
(2006a) have suggested that a lipolytic enzyme, the BDG gene product, acts as
an extracellular synthase required for polymerization processes in the cuticle.
However, bdg mutants showed a complex pleiotropic phenotype, with defects in
growth, morphology, and cell differentiation. Thus, a more general function in cell

proliferation/differentiation cannot be ruled out (Kurdyukov et al.,, 2006a).
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Furthermore, a different hydrolase that belongs to the family of GDSL-motif
putative lipases has been identified in Agave Americana leaves and has been
suggested to be involved in both hydrolysis and transfer of activated monomers

in cutin synthesis (Reina et al., 2007).

Transport processes. Little is known about how cutin precursors are
transported from their intracellular site of synthesis to the polyester deposition
site. Understanding how polyester monomers, oligomers, or domains are
transported to their deposition site will be crucial to gain insight into the
polymerization mechanism. Vesicle-mediated transport has been suggested
based on ultrastructural analysis of rapidly expanding rice internodes (Hoffmann-
Benning et al., 1994). Other transport mechanisms include ATP binding cassette
(ABC) transporters and LTPs (lipid transporter proteins). Type | LTPs and ABC
transporters from the with-brown complex (WBC) subfamily have been found up-
regulated in stem epidermis (Suh et al., 2005); ABC transportes of the WBC and
ATH subfamilies were up-regulated in cork (Soler et al., 2007). The finding that a
knockout of the plasma membrane-localized ABC transporter WBC11 had lower
loads of wax and cutin (Bird et al., 2007; Panikashvili et al., 2007) suggested that
this mechanism could be involved in transport of cutin building blocks (in any of
the discussed forms) and waxes, but this needs biochemical confirmation. LTPs
are small, soluble extracellular proteins that may mediate the transport of

monomers or acylglycerols through the hydrophilic cell walls to the site of
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polymerization, although there is not direct evidence for such role (reviewed by

Yeats and Rose, 2007).

Regulation of polyester synthesis. Lipid polyesters are synthesized
during normal development and in response to various stress conditions, in
coordination with wax biosynthetic pathways. Consequently, these highly
orchestrated processes need tight regulation. A transcription factor of the
ethylene response family (WIN1/SHN1) caused wax accumulation when
ectopically expressed (Aharoni et al., 2004; Broun et al., 2004). It was
demonstrated that, directly or indirectly, this transcription factor triggers the
expression of cutin-synthesizing genes (i.e. LACS2, CYP86A4, CYPS86A7,
GPAT4). Using a similar gain-of-function approach, AtMYB41 has been recently
identified as a regulator of cuticle deposition and cell expansion that is only
expressed under stress conditions (i.e. ABA, draught, and salt treatments)
(Cominelli et al., 2007). The regulatory mechanisms that control the tissue-
especific and developmental deposition of suberin are unknown. It is clear that
the biosynthetic machinery responds to environmental stimuli, and that the
regular pattern observed in the suberin lamellae must result from some specific
mechanism that has not been elucidated. Based on their expression profiles,
Aharoni et al. (2004) speculated that members of the ERF transcription factors
could be involved in regulation of suberization. Candidate genes for cork
regulation include members of the R2R3 MYB, APETALA1 and WRKY families

(Soler et al., 2007).
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B. Bioynthesis and assembly of the suberin polyaromatic domain

The poly(phenolic) domain of suberin is a polymer of crosslinked
hydroxycinnamic acids and their derivatives, and monolignols (Bernards et al.,
2004). Phenylalanine is the common intermediate, synthesized via the shikimate
pathway. In potato tubers, where an anionic peroxidase associated with the
crosslinking of aromatic monomers is induced upon wounding (Borchert, 1974,
1978; Espelie and Kolattukudy, 1985; Espelie et al., 1986), it has been shown
that the purified enzyme has preference for hydroxycinnamic acids over
monolignols (Bernards et al., 1999). Although the in planta function of the acidic
peroxidase in potato remains to be proven, it is believed that the enzyme is
required for suberinization (Bernards et al., 2004). A plasma membrane-

associated NADPH-dependent oxidase is activated during the suberization
process. This enzyme produces H;0,, which is used for polymerization of

aromatics into the polyaromatic domain catalyzed by the peroxidase (one or
several isoforms). In tomato fungal resistant lines, an anionic peroxidase is
expressed upon fungal induction of suberization (Mohan et al., 1993). However,
downregulation of two tomato genes encoding anionic peroxidases failed to
suppress deposition of suberin (Sherf et al., 1993). Hence, other peroxidases
(e.g. cationic peroxidases) can catalyze the incorporation of aromatic monomers
into suberin domains (Kolattukudy, 2001a). Alternatively, laccases (multi-copper
containing glycoproteins) may have a role in these processes. Although evidence

for the in vivo function of this 17-member family in Arabidopsis is scarce, it is
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known that 16 of those genes are expressed in roots, and they respond to salt
stress (Cai et al., 2006). Furthermore, laccases, but not peroxidases, are up-

regulated in the phellem transcriptome (Soler et al., 2007)

Cutin and suberin: major questions

At present, thirty years after the pioneering studies performed by
Kolattukudy, many questions regarding polyester biosynthesis, assembly, and
structure remain still unanswered: Which specific enzymes/genes are involved in
monomer synthesis and polyester assembly?, How are they regulated?, What is
the order of the biosynthetic reactions?, What species are transported to the site
of polyester assembly? Where does the polymerization reaction occur?. What is
the three dimensional structure of the polyester? Because of new analytical tools
and Arabidopsis functional genomics strategies, it is now possible to design new
and robust experiments to approach these questions. In particular, this
dissertation work deals with establishing analytical techniques for chemical
analysis of lipid polyesters, and identifying enzymes involved in their synthesis.
Chapter 2 describes the development of an analytical method that is used to
characterize wild-type Arabidopsis and Brassica seeds. Chapter 3 demonstrates
that the assay is useful to reveal compositional differences in mutants affected in
cutin and/or suberin. Chapter 4 uses a bioinformatics approach to generate a list

of prioritized candidates, which are further tested by mutant analysis. Finally,
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Chapter 5 focuses on the Arabidopsis CYP86A2 gene product and its role the

synthesis of the major Arabidopsis cutin monomer, C18:2 dicarboxylic acid.

The following paragraphs introduce the rationale behind the studies

presented in each chapter.

SEED COATS

In seeds of angiosperms, three main components are distinguished: the
embryo, the endosperm, and the seed coat. Embryo and endosperm have both
maternal and paternal origin, whereas seed coats differentiate from the ovule
integuments and therefore have maternal origin (Boesewinkel and Bouman,
1995). The specialized cells forming the seed coat layers play fundamental and
different roles throughout seed development and even at maturity, when the seed
coat cells are dead. During seed development, dormancy, and germination, the
seed coat imparts protection against pathogens and adverse conditions, allowing
survival of the offspring. Besides its protective functions, it is involved in embryo
nutrition during development, and has functions in establishing and mantaining
seed dormancy, facilitating seed dispersal, and promoting germination under

favorable conditions (Haughn and Chaudhury, 2005)

Seed coats structure in Brassicaceae
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In seed coats of mature seeds, several structures are recognized: the
testa and tegmen, which develop from the outer and inner integument
respectively (Corner, 1976), and the hilum, raphe, chalaza, and micropyle. The
terms integument(s) and seed coat are assigned to the same organ when it is in
the immature or mature state, respectively (Werker, 1997). The basic cellular
layers that form the seed coat in Brassicaceae are similar among members of
this family (Moise et al., 2005). In the mature seed coat of Arabidopsis, the testa
arises from the outer integument (oi), formed by a superficial epidermal layer
containing mucilage (0i2) and a palisade layer (0i1) (Beeckman et al., 2000)
(Figure 6a-b). A subepidermal layer in the middle of the testa is absent in
Arabidopsis, although it is found in other species of the family. The cells in the
mature epidermal layer have thick inner tangential (parallel to the seed surface)
and radial (perpendicular to the seed surface) walls and are devoid of cytoplasm.
During development, mucilage is deposited between the primary cell wall and the
protoplasm on the outer side of the outer cell layer. The cytoplasm is displaced,
forming a column in the center of the cell, and a secondary cell wall is produced
forming the columella, which, at maturity, consists of a reinforced cellulosic
column. A dry thin mucilage layer is compressed under the outer tangential cell
wall (Western et al_., 2000; Windsor et al., 2000). The palisade layer also has
reinforced cell walls and is compressed against the outer layer in the mature
seed coat (Windsor et al., 2000). The tegmen originates from a three-layered (ii1-
ii3) inner integument (ii), but the middle layer (ii2) surrounds only part of the

embryo, resulting in only two layers in the zone of the chalazal and micropyle
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(Figure 6) (Beeckman et al., 2000). At maturity, the three layers die and are
highly compressed forming the pigmented tegmen. In addition, one or two layers
of endosperm remain attached to the seed coat. In summary, in the mature seed
coat of A. thaliana all the cell layers are dead and pressed together. Only the
epidermis, which contains the thick-walled collumella and the mucilage,

preserves its structure (Haughn and Chaudhury, 2005).

(b) Developing seed
— &

Figure 6. (a) Scheme of Arabidopsis seed tomy and (b) Sch ti
drawing of the general organization of the developing and mature seed
coat.

C = cuticle CEC, chalazal endosperm cyst; CPT, chalazal proliferating tissue;
CV, central vacuole; EM, embryo; F, funiculus; ii, inner integument; M, micropyle;
N, nodule; Nu, nucellus; oi, outer integument; PC, placentochalaza; PE,
peripheral endosperm; PS, pigment strand; S, suspensor; VB, vascular bundle.
(a) was adapted from Lepiniec et al. (2006; (b) was adapted from Nakaune et al.
(2005).
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Van Caeseele et al. (1981, 1982) have studied in detail the seed coats of
B. campestris where, unlike Arabidopsis, the mucilaginous epidermal layer is
compressed. Another difference is that the palisade layer presents secondary
thickening in both the inner tangential and radial cell walls and is not collapsed at
maturity. Neither cuticles nor suberized cell walls have been described in mature
seed coats of B. campestris. In A. thaliana seeds, analysis by transmission
electron microscopy revealed the presence of a cuticle on the inner cell layer of
the inner integument facing the embryo in all developmental stages until maturity
(Figure 6) (Beeckman et al., 2000). This cuticle could still be present in the
mature seed but its visualization is difficult because the adjacent pigmented

layers are fused together.

Functions of the seed coat

The seed coat envelops the embryo, and thus has functions associated
with nutrition, protection, dispersal, promotion and maintenance of dormancy,
and germination (Boesewinkel and Bouman, 1995). Flavonoid compounds
synthesized by the inner integument have important functions including
protection against radiation and defense through their antimicrobial activity
(Winkel-Shirley, 2001). These compounds are also involved in the induction of
dormancy (Debeaujon et al., 2000). The secondary thickening in the two outer
layers of the testa is believed to impart support, defense, and impermeability to

water and oxygen (Haughn and Chaudhury, 2005). The mucilage is a pectic
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polysaccharide that swells upon seed imbibition, breaking the outer epidermal
cell wall, and therefore contributing to germination particularly in dry

environments (Penfield et al., 2001).

Analyses of a series of seed coat mutants have been useful to study
Arabidopsis seed coat functions (Debeaujon and Koornneef, 2000; Debeaujon et
al.,, 2000; Penfield et al., 2001; Clerkx et al., 2004; Haughn and Chaudhury,
2005). From such studies, it was concluded that permeability to water and gases
is mainly restricted by mucilage, secondary wall thickening, and flavonoid
accumulation. These structures are also responsible for protecting the embryo
and maintaining seed dormancy. In addition, the recent characterization of a
suberin mutant, gpat5, demonstrated that lipid polyesters deposited in the seed

coat play a critical role in preventing the passage of dyes (Beisson et al., 2007).

Lipid polyesters in seed coats

Seed coat imposed dormancy results from impermeability of the seed coat
to water or gases, mechanical impediment of radicle protrusion, or prevention of
inhibitors from leaving the embryo (Boesewinkel and Bouman, 1995). At maturity,
closure of all seed coat openings and coating with water repellent substances are

two requisites for seed coats becoming impermeable.
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In the mature seed coat, the epidermal tissues derived from the ovule are
capable of forming a cuticle, which is not necessarily on the outer surface of the
organ (Martin and Juniper, 1970). Inner cuticles can develop between the seed
coat and the remains of the nucellus or endosperm. In soybean, for example, the
thick cuticle covering the palisade layer is the only structural feature that
correlates with seed coat permeability (Ma et al., 2004). Early in the development
of citrus seeds, cuticle-free channels to the embryo sac exist at the chalazal
region and are later sealed with suberin polymers (Espelie et al., 1980). This has
also been observed in wheat grains (Zee and O'Brien, 1970) and barley seeds
(Cochrane, 1983). Suberized cell walls also occur in the epidermis of cotton
seeds (Ryser, 1992). Although several cytological studies have been performed
in the Brassicaceae, cuticles and/or suberized cell walls have not been reported
(Van Caeseele et al., 1981, 1982). In A. thaliana seeds, the presence of a cuticle
on the inner cell layer of the inner integument facing the embryo was described in

immature seeds (Beeckman et al., 2000).

LIPID POLYESTERS IN STIGMA EXUDATES

Wet stigmas of solanaceous plants such as petunia (Petunia hybrida) and
tobacco (Nicotiana tabacum) are covered with a sticky exudate, a mixture of lipid
polyesters, proteins, and carbohydrates (Cresti et al., 1986). This fluid is
essential for pollen growth in vivo. Moreover, it has been shown that the lipid

fraction is sufficient and essential for this function (Wolters-Arts et al., 2002).
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Stigma lipid polyesters are poly-w-hydroxy fatty acids esterified to glycerol. In N.
tabacum, tetra- to hepta-acyiglycerols occur (Figure 7), with no free hydroxyl
groups at the ends, meaning that all the polyester chains are end-capped with a
non-hydroxy fatty acid (Matsuzaki et al., 1983a) (Figure 7a). The major w-
hydroxy fatty acids found in stigmas of solanaceous species are 18-
hydroxyoleate and 18-hydroxylinoleate. Interestingly, these compounds are not
found in the membrane of the stigmas or other tissues (Matsuzaki et al., 1983b),

and have been reported as components of cutin and suberin (Kolattukudy, 1975).

Petunia stigmas contain 96% w-hydroxy fatty acids, while tabacco stigmas
contain 60% w-hydroxy fatty acids (Koiwai and Matsuzaki, 1988). Recent studies
performed using gel permeation chromatography showed that the petunia
polyester fraction has about 50 acyl groups per molecule, whereas tobacco
stigma exudate has 5-6 acyl groups per molecule (Figure 7) (Wang et al., 2003).
As in cutin, more polar monomers (e.g. 9(10)-hydroxy-, 9(10),18-dihydroxy- and
9,10,18-trihydroxy-C18 fatty acids) have also been found in tobacco fractions. An
important experimental difference with cutin is that stigma polyesters are
extractable by organic solvents. Although cutin and stigma exudates have
common characteristics, it is uncertain whether they are assembled by similar

biosynthetic pathways and involve related genes.
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Figure 7. Structure and molecular weight distribution of lipid polyesters
found in stigma exudates.

(a) Example of one of the possible isomers of hexaacylglycerol (TAG 6) found in
tobacco stigmas. (b) Molecular weight distribution of stigma poly-acylglycerols
determined by Gel Permeation Chromatography.
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Less is known about the biosynthesis of stigma lipids. In petunia, a w-
hydroxylase gene (PH1, petunia hydroxylase 1) was identified using an EST-
based approach. This gen is exclusively expressed in developing stigmas.
Petunia plants transformed with RNAi constructs for the PH1 gene showed a dry
stigma phenotype and arrested biosynthesis of w-hydroxy fatty acids. These
results suggested that PH1 has a crucial function in stigma lipid biosynthesis in
petunia (Han et al.,, 2005). No related research has been performed for other

species.

Phylogenetic analysis indicated that PH1 is related to the Arabidopsis
CYP86A subfamily of w-hydroxylases (Han et al., 2005). Moreover, its closest
orthologous is CYP86A2 (ATTT), which is known to have a role in Arabidopis
cutin monomer oxidation (Xiao et al., 2004). Based on the evidence of these
enzyme functions, in Chapter 5 | used an in planta transgenic approach to test
the hypothesis that a “cutin” hydroxylase (ATT1) can hydroxylate stigma
polyester monomers and, conversely, a stigma hydroxylase (PH1) can use leaf

cutin monomers as substrates.
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ABSTRACT

Mature seeds of Arabidopsis thaliana and Brassica napus contain a
complex mixture of aliphatic monomers derived from the non-extractable lipid
polyesters deposited by various seed tissues. Methods of polyester
depolymerization of solvent-extracted seeds and analysis of aliphatic monomers
were compared. Sodium methoxide-catalyzed depolymerization followed by GC
analysis of the acetylated monomers was developed for routine quantitative
analysis suitable for 0.5 g seed samples. In Arabidopsis seeds the major C16
and C18 monomers identified included w-hydroxy fatty acids and o,w-
dicarboxylic acids derived from palmitate, oleate and linoleate, and 9,10,18-
trihydroxyoctadecenoic acid. Among monomers which can collectively be
considered derived from suberin, docosan-1-ol, docosane-1,22-diol, 22-
hydroxydocosanoic acid, 24-hydroxytetracosanoic acid, tetracosane-1,24-dioic
acid and ferulic acid were the major species. Compared to Arabidopsis, Brassica
seeds showed a roughly similar proportion of monomer classes, with the
exception that alkan-1ols were 3-fold higher. Also, there were much less C24
aliphatic species and significant amounts of C14-C16 alkan-1ols, including iso-
and anteiso-methyl branched compounds. Dissection and analysis of mature
Brassica seeds showed that the trihydroxy C18:1 fatty acid was found mainly in
the embryo, while ferulate, fatty alcohols and C22 and C24 species were specific

to the seed coat plus endosperm.
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INTRODUCTION

Plants synthesize two distinct types of insoluble polymers derived from
fatty acids: cutin and suberin (collectively called lipid polyesters). Cutin is the
structural component of the plant cuticle, the outermost layer of aerial organs of
higher plants (Kolattukudy, 2001a,b; Kolattukudy and Espelie, 1985). Waxes
embedded in the cutin make the cuticle an efficient barrier against desiccation
and gas exchange (Riederer and Schreiber, 2001). The cuticle constitutes the
immediate contact zone between the plant and its environment and can function
as a barrier to protect against pathogen attack. It controls the diffusion of
molecules into plant tissues and plays a role in maintaining the separation of
organs during organogenesis. While the cuticle lies on the outer face of the
primary cell wall, suberin is located between the inner face of the primary cell
wall and the plasma membrane (Kolattukudy, 1980). Typically, suberin acts as a
barrier to control the movement of water and solutes, and to contribute to the
strength of the cell wall (Nawrath, 2002). Suberin is typically found in outer bark,
and in the epidermis and endodermis of roots. It is also deposited as a wound
response by injured plant cells (Kolattukudy, 2001a). Suberized cells also occur
in other plant tissues, such as bundle sheaths of grasses, in the chalazal region
of seed coats (Espelie, 1980), at the boundary between the plant and its
secretory organs (Thompson et al., 1979), as well as in fibers of cotton (Yatsu et

al., 1983; Schmutz et al., 1996).
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Cutin polyester is typically composed of esterified hydroxy- and
polyhydroxy-C16 and C18 fatty acids (Heredia, 2003; Holloway, 1984;
Kolattukudy, 1980a,b). In C16-rich cutins 16-hydroxy- and 10,16-dihydroxy-
palmitic acids are usually dominant, while in C18-rich cutins 9,10,18-
trihydroxystearic acid and 9,10-epoxy-18-hydroxystearic acid monomers and the
corresponding octadecenoic acids are common. In addition, glycerol has been
found esterified to cutin aliphatic monomers (Graga et al., 2002) while minor
amounts of hydroxycinnamic acids and carbohydrates have been reported as
structural components of cutin (Fang et al., 2001; Kolattukudy, 1977). Suberin,
on the other hand, contains both aliphatic and aromatic monomers (Bemards et
al., 1995; Kolattukudy, 2001a; Bernards, 2002; Holloway, 1984). The aliphatic
polymer is composed mainly of C16 to C28 w-hydroxy fatty acids and C16 to C26
a,w-dioic acids, the latter of which are diagnostic for suberin. There is little mid-
chain oxygen functionality. A characteristic feature is the presence of monobasic
monomers of very long chain fatty acids and alcohols (C20 to C32, with C22 and
C24 being the most common). The aromatic network is a hydroxycinnamate-
derived polymer, primarily comprised of ferulic acid, N-feruloyltyramine, cinnamic
acid, p-coumaric acid or caffeic acid (Bernards et al., 1995). Glycerol is another
major compound of this polyester, constituting up to 20% by weight of suberin in
oak, cotton and potato (Graga and Pereira, 2000a,b; Moire et al., 1999). The
current model describes suberin as a hydroxycinnamic acid-monolignol
polyphenolic domain embedded in the primary cell wall and covalently linked to a

glycerol-based polyaliphatic domain (Bernards, 2002).
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The chemistry of cutin, which varies both with species and organ analyzed
(Espelie et al., 1979; Kolattukudy and Espelie, 1985), has been studied largely in
leaves and fruits (Martin and Juniper, 1970; Kolattukudy, 1980b). Less is known
about the composition of polyesters associated with seeds, in part because a
reliable protocol for their analysis has not been developed. The seed coat plays
an essential role in seed survival by providing mechanical and chemical
protection, acting as a barrier to gas and water exchange, and maintaining seed
dormancy (Boesewinkel and Bouman, 1995). The maternally-derived epidermal
tissues in the seed (i.e. the seed coat) are capable of forming a cuticle, which is
not necessarily on the outer surface of the organ (Martin and Juniper, 1970). A
cuticle, which may originate from the ovule, can also develop between the seed
coat and the remains of the nucellus or endosperm. Early in the development of
citrus seeds, cuticle-free channels to the embryo sac exist at the chalazal region
and are later sealed with suberin polymers (Espelie et al., 1980). This has also
been observed in wheat grains (Zee and O'Brien, 1970) and barley seeds
(Cochrane, 1983). Suberized cell walls have also been described in the
epidermis of cotton seeds (Ryser, 1992). The basic cellular layers that form the
seed coat in Brassicaceae, which includes the genera Arabidopsis and Brassica,
are similar among species in this family (Moise et al., 2005). Although several
cytological studies have been performed (Van Caeseele et al.,, 1981,1982;
Beeckman et al., 2000), no evidence of cuticles and/or suberized cell walls in the
mature seeds of Brassica species were reported. Such features may have been

overlooked
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Plant lipid polyesters are poorly understood at the structural, biosynthetic
and genetic levels. However, the molecular genetic tools available for
Arabidopsis thaliana should change this picture. Both forward and reverse
genetic screens require robust chemical analyses to complement assays of
functional properties such as cuticle permeability, organ fusion phenotypes, or
pathogen susceptibility. Such analyses have only recently been published
(Bonaventure et al., 2004; Xiao et al., 2004; Franke et al., 2005). However, a
reliable method for seed polyester analysis is currently lacking. In this work we
report the development of a quantitative method to analyze the polyester
monomer content and composition in whole seeds of Arabidopsis thaliana and

Brassica napus.

RESULTS AND DISCUSSION

Monomer analysis methods - introduction

The analysis of cutin and suberin monomer composition and content
requires a depolymerization step to cleave ester bonds. Typically, this is
achieved by one of four methods; saponification, acid-catalyzed
transmethylation, base-catalyzed transmethylation, or hydrogenolysis (Holloway,
1984, Kolattukudy, 2001). Analysis of the extracted monomers by GC or GC-MS

is usually undertaken after derivatization to produce TMSi ethers and esters,
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since they give very diagnostic mass spectra. Saponification and
transmethylation will also cleave amides, producing fatty acids or their methyl
esters respectively. In choosing between the various methods, there is a trade-off
between ease and reliability of the assay, and the loss or overlap of specific
components. Our aim was to produce a robust method that could be used
routinely for GC analysis of total seed polyesters. Apart from instrument
availability, one reason for using a GC method for a quantitative screen is that
the FID detector offers a very linear response over a very wide mass range and a
simple theoretical correction factor when compared to total ion current
quantification by GC-MS. Previously we used hydrogenolysis in conjunction with
deuteriolysis (Walton and Kolattukudy, 1972) to analyze the polyesters present in
the epidermal layer of Arabidopsis leaf and stem (Bonaventure et al., 2004). A
drawback of this method is that it requires GC-MS analysis to distinguish the
degree of deuteriation of fatty polyols, in order to make assignments of structure.
For example a 1,w-diol hydrogenolysis product may be derived from 1,w-diol, w-
hydroxy fatty acid and/or 1,w-dicarboxylate monomers. The isotopomer analysis
may introduce errors especially if it is conducted on weak molecular ion multiplet
peaks. This is particularly problematic for lower abundance fatty polyol products.
In our hands O-TMS esters also were quantitatively problematic, giving variable
response factors significantly lower than theoretical, probably because of injector
decomposition. Thus for this study we preferred transmethylation with fatty acid
methyl ester analysis over saponification and silylation of hydroxyl and

carboxylate groups. For GC analysis method we used acetylation, which
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provides a more stable derivative of hydroxyl groups; silylation was used for

identification purposes in setting up the method.

Although base-catalyzed transmethylation will not destroy epoxy fatty
acids, the subsequent acetylation will rapidly convert epoxides to their
corresponding vicinal diol diacetates. This was an acceptable trade-off since in
Arabidopsis 9,10,18-triol C18 fatty acid monomers are considerably more
abundant than the 18-hydroxy-9,10-epoxy C18 fatty acid monomers, both of
which give 9,10,18-triacetoxy-fatty acid methyl ester products. In practice
transmethylation with sodium methoxide in methanol always produced variable
amounts of saponified products, indicating water in the system, despite our
attempts to thoroughly dry the extracted and finely ground seed residues. To
combat this we used methyl acetate as a co-solvent at 15% volume (Christie,
1982). Any water in the system will produce NaOH from NaOMe. This NaOH will
be rapidly removed by saponification of methyl acetate to produce sodium
acetate and methanol. A small fraction of the free hydroxyl groups in the
monomers released will be acetylated by the equilibrium transesterification
reaction ROH + MeOAc <> ROAc + MeOH, but this does not matter, since for the
routine analysis the transmethylated sample is fully acetylated prior to GC

separation.

Characterization of monomer analysis methods
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The whole mature Arabidopsis seed (about 18 pug dry weight) contains
about 6-7 pg of lipid, mainly triacylglycerol (Li et al., 2006), but only about 45 ng
of total polyester monomers. Finely ground seeds are quenched in hot
isopropanol to inactivate any degradative enzymes. When this is followed by
multiple extractions with chloroform-methanol mixtures almost all the soluble
endogenous lipid is removed (> 99.5%), but there are still some levels (15-20
ng/seed) of normal fatty acids and also sinapic acid released in the polyester
analysis. This is reduced 10-fold when the extraction protocol also includes
additional methanol and aqueous washes, as described in “Experimental
procedures.” These washes reduced the dry weight of the recovered seed
residues from about 50% to 31% of the initial seed mass, yet gave similar or
higher monomer recovery on a per seed basis. Triacylglycerol was recovered
from these washes, indicating physical trapping as a dominant source of the

excess normal fatty acids.

A 48 hr time course was run for the NaOMe-MeOH-MeOAc reaction, with
two internal standards, namely methyl heptadecanoate acting as a mass
standard and w-pentadecalactone acting as a control for both transmethylation
and acetylation reactions (Figure 8, upper panel). This showed that most of the
polyester monomers were released in the first 30 minutes of the transmethylation
reaction. The rapid depolymerization is expected (Holloway, 1984). However,
with the exception of tetracosanoate, the normal fatty acids were transmethylated

more slowly. We expect that most of the C16-C20 fatty acids (which represent
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9.75 mole % of total monomers - Table 2) originate from “physically trapped”
triacylglycerol. In support of this interpretation we analyzed the fae7 mutant line,
which is blocked in accumulation of C20 and C22 fatty acids in the seed
triacylglycerols (Kunst et al., 1992; James et al., 1995). The effect of the fae1
mutation on seed polyester monomers was minimal, with the exception that
eicosenoate showed a 90% reduction (from 1.4 =+ 0.4 to 0.12 =+ 0.05 mole %)
consistent with its origin from triacylglycerols. The C18 unsaturated fatty acids
(5.5 + 1.5 mole % in wild type) are therefore likely to be derived mainly from
trapped triacylglycerols. The one fatty acid that is rapidly transmethylated is

tetracosanoate, a behavior groups it with other polyester monomers.
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Figure 8. Standardization of the NaOMe-MeOH-MeOAc transmethylation
reaction for depolymerization of exhaustively extracted Arabidopsis seed
residues.

Products were analyzed by FID-GC after acetylation, with the TIC of peaks of
interest normalized against the TIC peak area for the recovery of methyl
heptadecanoate internal standard. The upper panel shows the time course for
appearance of total normal fatty acid methyl esters, total a,o—dicarboxylate
dimethyl diesters, total w—hydroxy fatty acid methyl esters, methyl tetracosanoate
and methyl trihydroxyoctadecenoate products. The lower panel shows the
amount of total monomers recovered when 25 to 400 mg of seed residues was
added to the reagent and transmethylated for 2 hr at 60°C. Each data point is

the average of duplicates.
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Table 2. Monomer composition for the depolymerization of solvent-
extracted wild type Arabidopsis thaliana seed residues by NaOMe-

catalyzed transmethylation

#, Polyester Monomer

Relative Amount

(mole %)

1. Octadecan-1-ol 16 =+ 0.1

2. Eicosan-1-ol 15 =+ 0.1

3. Docosan-1-ol 28 = 0.25

4. Nonadecan-1-ol, branched 03 = 005

5. Tricosan-1-ol, branched 0.35 =+ 0.05

Total Alkan-1-ols 6.5+0.45
6. 16-Hydroxyhexadecanoic Acid 175 = 01

7. 18-Hydroxyoctadecadienoic Acid 455 =+ 0.6

8. 18-Hydroxyoctadecenoic Acid 345 =+ 0.25

9. 18-Hydroxyoctadecanoic Acid 0.25 =+ 0.05

10. 20-Hydroxyeicosanoic Acid 065 = 01

11. 22-Hydroxydocosanoic Acid 42 =+ 0.25

12. 22-Hydroxydocosanoic Acid, branched 0.7 =+ 0.05

13. 23-Hydroxytricosanoic Acid 055 + 0.05

14. 24-Hydroxytetracosanoic Acid 126 + 045

15. 24-Hydroxytetracosanoic Acid, branched 0.4 =+ 0.05

16. 25-Hydroxypentacosanoic Acid 03 =+ 0.05

17. 26-Hydroxyhexacosanoic Acid 02 =+ 0.05

Total w-Hydroxy Fatty Acids 29.6 + 1.95
18. 1,16-Hexadecane Dioic Acid 1.8 = 0.1

19. 1,18-Octadecadiene Dioic Acid 89 =+ 075

20. 1,18-Octadecene Dioic Acid 34 =+ 02

21. 1,18-Octadecane Dioic Acid 05 =+ 005

22. 1,22-Docosane Dioic Acid 165 + 0.1

23. 1,24-Tetracosane Dioic Acid 85 =+ 04
1,w-Dicarboxylic Acids 24.75+ 1.6
24. 1,20-Eicosane Diol 03 =+ 0.05

25. 1,22-Docosane Diol 24 =+ 02

Total 1,w-Alkane Diols 2.7 +0.25

51



Table 2. (Continued)

26. Hexadecanoic Acid 20 = 0.25

27. Octadecanoic Acid 035 + 0.1

28. C18:1,C18:2, C18:3 Acids 55 = 1.5

29. Eicosanoic Acid 05 = 0.05

30. Eicosenoic Acid 14 = 04

31. Docosanoic Acid 05 = 0.05

32. Tetracosanoic Acid 15 = 01

33. Hexacosanoic Acid 055 + 0.05

34. Hexacosenoic Acid 045 = 0.1

35. Octacosenoic Acid 0.15

36. Octacosenoic Acid 0.3 =+ 0.05

37. Dotriacontanoic Acid 0.1

38. Dotriacontenoic Acid 0.15

39. Tetratriacontenoic Acid 0.15

Total Fatty Acids 13.6 + 2.9
40. 2-Hydroxytetracosanoic Acid 04 <+ 0.15

41. 10,16-Dihydroxyhexadecanoic Acid 0.55 =+ 0.25

42. 9,10,18-Trihydroxyoctadecenoic Acid 48 = 085

Secondary Hydroxy-Containing Species 575+1.25
43. Ferulate 152 = 1.3

44, Sinapate 14 = 0.5

45. C29:1 Sterol (sitosterol?) 05 =+ 0.05

Other 17.1+1.9

Three extractions of bulked Arabidopsis thaliana seed (ecotype Col0) batches were performed
and each seed residue was analyzed in triplicate, to give 9 determinations, reported as the
average + SD. GC analyses were undertaken on acetyl derivatives. Peaks that were identified
and that are at least 1% of the peak area of the greatest peak, 24-hydroxytetracosanoate, were
summed to give 100 mole %. Unidentified peaks represented 18% of the identified peak-by-peak

area. Numbers correspond to the peaks of the chromatogram in Figure 2.
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In addition to the time course, various amounts of the exhaustively
extracted seed residue were transmethylated with the NaOMe-MeOH-MeOAc

reagent under the standard conditions (60°C for 2 hr) and polyester monomer

content determined. The response was linear over the 25 to 400 mg sample
range tested (Figure 8, lower panel). Particular attention was paid to the
recovery of aromatic components. Spiking seed residues with methyl coumarate,
ferulate or sinapate gave essentially quantitative recovery (> 90%) of these
components for the transmethylation-acetylation protocol. Spiked tyramine
recovery was lower (ca. 30%) and not enhanced by additional extractions under
alkaline conditions. Thus the lack of tyramine observed in seed residue
depolymerizations, even when run with either basic and acidic transmethylations
over extended periods to allow for complete amide bond cleavage, is taken as an
indication that tyramine adducts are not part of the seed polyester matrix unless

they have been cross-linked through phenol coupling reactions.

A comparison of recently published monomer compositions from
Arabidopsis leaf, stem and cuticle preparations obtained by four
depolymerization methods (Nawrath, 2006) shows that there is a substantial
discrepancy over the presence of C22:0, C24.0, C24:1 and C26:0 2-hydroxy fatty
acids reported in some studies (Franke et al., 2005; Kurdyukov et al., 2006b),
and their absence in others (Bonaventure et al., 2004; Xiao et al., 2004; Suh et
al., 2005). We compared depolymerization by acid and base catalyzed

transmethylation on the same batch of seed residues for 1 and 48 hours of
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reaction, using only organic solvents or the combined organic and aqueous
extractions to produce delipidated seed residues. The data set for the 48 hour
depolymerizations are shown in Figure 9. Both acid and base-catalyzed
transmethylations when run for extended times give 2-hydroxy fatty acid methy!
ester products. However, the acid-catalyzed reaction is much faster, producing
observable 2-hydroxy fatty acid methyl esters within the first hour, whereas the
base-catalyzed reaction does not. At 48 hours of transmethylation the acid-
catalyzed method produced 8.2 + 1.23 mg of total monomers/g seed residue, of
which 0.75 + 0.08 mg/g (9.1%) was 2-hydroxy fatty acid, whereas the base
catalyzed method produced 7.5 + 0.84 mg/g of total monomers, of which 0.44 +
0.1 mg/g (5.9%) was 2-hydroxy fatty acid. The monomer distribution between the
two methods was similar (Figure 9). The aqueous extractions did not remove

significant 2-hydroxy fatty acids from the seed residues.

In setting up our method we have chosen depolymerization by NaOMe-
catalyzed transmethylation reaction over a short time to minimize the contribution
of the 2-hydroxy fatty acids. We suspect that the 2-hydroxy fatty acids and low
levels of very long-chain fatty acids (e.g. C26:0, C26:1, C28:0, C28:1) are
derived from the N-acyl groups of sphingolipids, since these acyl compositions
are characteristic of sphingolipids (Ohnishi et al., 1983; Imai et al., 1995;
Markham et al., 2006). Additional reasons for this conclusion are as follows. First,

if 2-hydroxy fatty acids were present in the insoluble matrix as O-acyl esters, then
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Figure 9. Comparison of the major monomer composition after
depolymerization of solvent-extracted Arabidopsis thaliana seed residues
by base (NaOMe) (a) and acid (H2SO4) (b) catalyzed transmethylation
reactions run for 48 hours.

GC-MS analysis was conducted on TMSi derivatives, and monomers are
quantified based on peak total ion current. Data are reported for the average of
triplicate determinations + SD.
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reaction with LiAlHs; should produce 1,2-diol products. However, aithough

hydrogenolysis of the seed residues with LiAlH4 produces quantitative recovery

of alcohol products corresponding to all other aliphatic components, 1,2-diols are
absent. Hydrogenolysis will not cleave amide linkages, but instead reduce
amides to amines, thus producing products that are not observed in the GC-MS
analysis. Secondly, the slow kinetics of 2-hydroxy fatty acid transmethylation is
consistent with their presence as amides, not esters. And thirdly, the bulk of
sphingolipids in plants are not readily extractible in organic solvents (Sperling et
al., 2005; Markham et al., 2006). These are the glycosylated inositol
phosphoceramides, which may not be extracted in our protocol. Thus any 2-
hydroxy fatty acids recovered by transmethylation will likely represent bulk seed
sphingolipids. That is not to say that sphingolipids may not play a role in either
the biogenesis of the cuticle, or the cuticle itself. However, leaf and stem, where
cuticles can be isolated, seem a better system to investigate this possibility than

seed.

Monomer analysis methods - identification and quantification of monomers

The basis of the identification of the products released by sodium-
methoxide catalyzed transmethylation was mass spectrometry of TMSi
derivatives of the transmethylation products. These were compared to a set of
standard compounds, data from mass spectral libraries and the literature (Heller

and Milne, 1978; Murphy, 1993; Bonaventure et al., 2004). Additional evidence of
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structure came from the retention times of homologous series when compared to
known standards before and after TLC fractionation, and from catalytic
hydrogenation of the transmethylated sample prior to silylation and GC-MS
analysis. The results from transmethylation were also compared with the
composition obtained from hydrogenolysis, and from analysis of the molecular
ion clusters of mono-, di-, tri- and tetraol-products of deuterium incorporation
after deuteriolysis. Close correspondence of the major components by
hydrogenolysis/deuteriolysis and transmethylation indicates that they are present
mainly if not exclusively as esters, not amides in the solvent-insoluble residue.
Diagnostic MS ions for the major monomers obtained by transmethylation and
silylation of Arabidopsis seed residues are given in Table 3. In addition, a lignan
and two diterpene acids were persistent minor components, tentatively identified
as described in Appendix A. One important criterion for ensuring good
reproducibility is to harvest fully mature seed. The deposition of Brassica seed
polyesters occurs fairly late in seed maturation and compositional changes occur
right up to seed maturity. In particular, the deposition of 10,16-dihydroxypalmitate
is a very late event (see Chapter 3, Figure 16). Presumably the same occurs in

Arabidopsis.
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Table 3. Mass spectral data for representative major monomers in
Arabidopsis seed polyesters

Docosan-1-ol, TMSi ether
383 [M-1 5]+ (100), 367 [M-31 ]" (2), 103 (11), 75 (24), 73 (11)

Docosan-1,22-diol, bis-TMSi ether
471 [M-15]+ (1), 455 [M-31]+ (4), 396 [M-90]+ (4), 381 [M-105]+ (9), 165 (7), 149
(100), 147 (33), 111 (13), 103 (23), 97 (27), 83 (26), 75 (39), 73 (32)

Methyl 24-hydroxytetracosanoate, TMSi ether
455 [M-15]" (57), 439 [M-31]" (5), 423 [M-47]" (100), 348 [M-122]" (5), 159 (11),
146 (16), 103 (12), 75 (27), 73 (15)

Methyl 2-hydroxytetracosanoate, TMSi ether
470 [M]" (3), 455 [M-15]" (40), 427 [M-43]" (4), 412 [M-58]" (33), 411 [M-59]" [M-
COOMe]" (100), 159 (9), 129 (12), 103 (15), 89 (17), 75 (17), 73 (41)

Dimethyl tetracosane-1,24-dioate
395 [M-31]" (28), 362 [M-64]" (4), 353 [M-73]' (12), 321 [M-105]" (12), 320 [M-
106]" (12), 154 (12), 112 (33), 98 (100), 97 (25), 87 (39), 84 (32), 74 (60), 69 (31)

Methyl 18-hydroxyoctadecenoate, TMSi ether

384 [M]" (15), 369 [M-15]" (38), 353 [M-31]" (11), 337 [M47]" (71), 262 (6), 159
(29), 146 (19), 129 (20), 123 (20), 109 (56), 103 (30), 96 (55), 95 (63), 82 (50),
81 (70), 75 (100), 73 (80)

Methyl 18-hydroxyoctadecadienoate, TMSi ether

382 [M]" (2), 367 [M-15]" (7), 351 [M-31]" (3), 335 [M47]" (10), 271 (13), 183
(27), 149 (27), 135 (56), 129 (45), 121 (81), 107 (42), 95 (76), 94 (62), 93 (72),
81 (76), 80 (88), 79 (69), 75 (68), 73 (100)

Dimethyl octadecene-1,18-dioate

340 [M]" (5), 309 [M-31]" (29), 308 [M-32]" (30), 290 [M-50]" (10), 277 [M-63]"
(33), 276 [M-64]" (57), 248 (8), 109 (29), 98 (56), 95 (57), 87 (43), 81 (82), 74
(54), 69 (55), 67 (67), 55 (100)

Dimethyl octadecadiene-1,18-dioate

307 [M-31]" (28), 306 [M-32]" (57), 290 [M-50]" (10), 275 [M-63]" (25), 274 [M-
64]" (27), 208 (16), 194 (19), 180 (24), 149 (33), 135 (53), 121 (49), 107 (36), 95
(563), 94 (57), 93 (58), 81 (89), 80 (58), 79 (92), 74 (31), 67 (100)
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Table 3. (Continued)

Methyl 10,16-dihydroxyhexadecanoate, bis-TMSi ether (9,16- minor isomer)
431 [M-15]" (3), 415 [M-31]" (2), 399 [M-47]" (1), 309 (4), 275 (42), 274 (21), 273
(100), 259 (3), 244 (12), 185 (4), 169 (9), 147 (12), 129 (21), 103 (18), 95 (26),
75 (24), 73 (51)

Methyl 9,10,18-trihydroxyoctadecenoate, tris-TMSi ether

545 [M-15]" (2), 529 [M-31]" (1), 411 (2), 332 (9), 301 (11), 271 (56), 259 (100),
243 (10), 211 (8), 191 (14), 155 (26), 147 (37), 129 (29), 103 (13) 75 (18), 73
(85)

Methyl ferulate, TMSi ether
280 [M]" (50), 265 [M-15]" (16), 250 [M-30]" (100), 219 [M-61]" (22), 117 (5), 102
(6), 89 (4), 73 (14)

Figure 10 shows a typical chromatogram for the Arabidopsis seed
monomers from methanolysis followed by acetylation. The only significant peak
overlap is of eicosan-1-ol with dimethyl octadecadiene-1,18-dioate. As a
screening tool this is unlikely to cause a problem because octadecan-1-ol
contributes almost the same mole % as eicosan-1-ol (Table 2), allowing an
approximate subtraction of the combined eicosan-1-0l/18:2 dicarboxylate peak.
An exact quantification can be determined by one of several methods, which
include hydrogenation or TLC separation to give an accurate measurement of
eicosan-1-ol versus octacosan-1-ol, or by the simple expedient of using TMSi

derivatives, when they separate well.
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Figure 10. Chromatogram for GC analysis (DB-5 column) of monomers
released by depolymerization of solvent-extracted Arabidopsis seed
residues with NaOMe-catalyzed transmethylation and then acetylation.

The internal standards methyl heptadecanoate (IS1) and methyl 15-
acetoxypentadecanoate (IS2) are indicated. The numbers on the peaks
correspond to the monomers detailed in Table 1.
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Identification of 9,10,18-trihydroxyoctadecenoate

Methyl trihydroxyoctadecenoate was identified as the major polyester
monomer of mature Brassica embryos dissected from seeds. It was therefore
important to define its structure. The mass spectrum of the TMSi derivative from
transmethylation showed a strong cleavage of the C(9)-C(10) bond with
ionization towards the carboxyl end to give m/z = 259 ion (60%), and in the other
direction a weaker m/z = 301 ion (5%). These ions define the C(9)-C(10) vicinal
diol structure and place the double bond beyond C(11) (Eglinton and Hunneman,
1968). Cleavage at the C(10)-C(11) bond with ionization towards the carboxyl
end gave a m/z = 361 ion (9%), which on further loss of TMSIOH produced the
m/z = 271 ion (34%). Cleavage at the C(10)-C(11) bond is presumably driven by
the proximal A12 double bond, which will produce the C(1)-C(10) fragment as the
cation and the C(11)-C(18) fragment as an allylic-stabilized radical fragment. A
small peak at m/z = 545 corresponding to (M-15) was also observed. After
hydrogenation the corresponding saturate had diagnostic m/z = 259 (100%) and
303 (30%) ions. Comparison of the retention times of the hydrogenated
trihydroxy methyl ester with the products from apple peel cutin suggested the
major isomer corresponds to that of apple peel cutin and therefore has the
erythro configuration (Eglinton and Hunneman, 1968). Hydrogenolysis and
deuterolysis produced octadecen-1,9,10,18-tetraol (Walton and Kolattukudy,
1972). Mass spectroscopy of the TMSi derivative showed cleavage of the C(9)-

C(10) bond with ionization towards the carboxyl end to give a diagnostic m/z =
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303 ion (8%), and in the other direction a weak m/z = 301 ion (2%). Cleavage at
the C(10)-C(11) bond with ionization towards the carboxyl end gave a m/z = 405
ion (2%), which with further loss of TMSiIOH gives the m/z = 315 ion (4%). On
deuteriolysis the ions were 301, 305, 317 and 407 respectively, indicating that
the precursor is indeed the trihydroxy fatty acid and not the 18-hydroxy-9,10-
epoxy fatty acid and again placing the double bond at the distal end of the
molecule. Since we have little of this material further experiments to define regio-
and stereo-chemistry were not undertaken, but it is reasonable to assume that
this main fatty acid polyol is derived from linoleate and therefore has a 12-cis
double bond. As further evidence of this possibility we note that labeled linoleic
acid has been shown to be a precursor of 9,10,18-trihydroxyoctadecenoic acid
(Kolattukudy et al., 1973). Analysis of spectra for the minor C18 tetraol peak after
hydrogenolysis and deuterolysis indicated that both 9,10,18-trihydroxy-
octadecenoate and 9,10-dihydroxy-1,18-octadecene dicarboxylate were

precursors.

Identification of branched-chain monomers

Iso- and anteiso- methyl-branched alkanes have occasionally been
reported as constituents of epicuticular waxes (Kolattukudy, 1980b; Kolattukudy
and Espelie, 1985), but such branched structures are rarely if ever observed for
polyester monomers. In this work branched-chain aliphatic monomers were

identified as minor and sometimes significant components in seed polyesters. In
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Brassica seed there were substantially more branched-chain monomers present
than in Arabidopsis seed, most notably as C14 (2.1 mole %) and C15 (4.9 mole
%) saturated alkan-1-ols. After enrichment by preparative TLC the branched-
chain primary alcohols were identified using GC-MS of their TMSi ethers. Their
mass spectra were very similar to mass spectra for straight-chain primary fatty
alcohols. Their retention times relative to straight-chain fatty alcohols were 13.6
and 14.75 for the C14 and C15 compounds respectively. This compares to
reductions of 0.37-0.44 and 0.27-0.31 ECL units respectively for iso- and anteiso-
methyl-branches relative to straight-chain compounds on non-polar GC columns
(Body, 1984). And finally, the C15 component co-eluted with the anteiso- and not
the iso-pentadecan-1-ol standard. Thus the compounds were identified as 12-
methyltridecan-1-ol (iso-tetradecan-1-ol) and 12-methyltetradecan-1-ol (anteiso-
pentadecan-1-ol). They presumably arise from primers for fatty acid synthesis
derived from valine and isoleucine respectively. Arabidopsis seed contained

small amounts of C18, C19, C22 and C23 branched-chain alkan-1-ols (Table 2).

Turning to the w-hydroxy fatty acid methyl esters, this fraction isolated by
preparative TLC from Brassica seed transmethylation products did not contain
branched-chain hydroxy fatty acid methyl esters although it did contain odd-chain
hydroxy fatty acid methyl esters (Table 4). However, in Arabidopsis seeds the
most abundant branched-chain compounds were identified by the mass spectra
of their OTMSi-ether derivatives as methyl branched-chain hydroxy-docosanoate

and hydroxy-tetracosanoate respectively (0.7 and 0.4 mole %, Table 2). They

64



Table 4. Monomer composition after depolymerization of solvent-extracted
Brassica napus seed residues by NaOMe-catalyzed transmethylation.

Polyester Monomer

Relative Amount (mole %)

Tetradecan-1-ol 595 £ 0.23

Hexadecan-1-ol 571 % 0.13

Octadecan-1-ol 1.05 % 0.05

Eicosan-1-ol ®

Docosan-1-ol 0.63 £ 0.04

Tetradecan-1-ol, branched 24 + 0.08

Pentadecan-1-ol, branched 49 £ 0.19

Total Alkan-1-ols 20.38+0.71
16-Hydroxyhexadecanoic Acid 9.15 % 0.16
18-Hydroxyoctadecadienoic Acid 1.01 t 0.06
18-Hydroxyoctadecenoic Acid 490 t 0.07
18-Hydroxyoctadecanoic Acid 0.81 + 0.04
20-Hydroxyeicosanoic Acid 0.76 % 0.05
22-Hydroxydocosanoic Acid 560 £ 0.19
23-Hydroxytricosanoic Acid 0.32 £ 0.10
24-Hydroxytetracosanoic Acid 1.15 £ 0.07
25-Hydroxypentacosanoic Acid 0.09 * 0.09

Total w-Hydroxy Fatty Acids 23.8+0.6
1,16-Hexadecane Dioic Acid 3.83 = 0.17
1,18-Octadecadiene Dioic Acid 2.78 = 0.07
1,18-Octadecene Dioic Acid 3.97 = 0.08
1,18-Octadecane Dioic Acid 1.07 = 0.11

1,22-Docosane Dioic Acid 3.20 = 0.09
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