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ABSTRACT 

 

THE IDENTIFICATION OF THE MICROORGANISMS AND THE FUNCTIONAL 

GENES RESPONSIBLE FOR THE BIODEGRADATION OF VINYL CHLORIDE AND 

RDX USING SAMPLES FROM CONTAMINATED SITES 

 

By 

 

Fernanda Paes Wilson 

 

Environmental contamination by organic pollutants threatens both human and environmental 

health. The use of microorganisms to remediate pollution is a viable option for site remediation. 

However, limited knowledge exists concerning the key microorganisms involved in the 

degradation of many pollutants. In this study, specific aspects of the biodegradation of vinyl 

chloride (VC) and hexahydro- 1,3,5-trinitro-1,3,5-triazine (RDX) were investigated. The overall 

objectives were to 1) identify the key microorganisms responsible for the degradation of VC and 

RDX in samples derived from a number of contaminated sites and 2) design specific primers 

towards the key phylotypes involved in VC degradation and 3) design specific primers towards 

the functional genes associated with RDX degradation and quantify these RDX degrading genes 

in contaminated samples and experimental microcosms. The first study examined the 

microorganisms involved in the degradation of VC in a mixed culture derived from a VC 

contaminated site. This culture degraded VC slowly (120 μmol in ~45 days). Using stable 

isotope probing (SIP) and high throughput sequencing (Illumina MiSeq), VC degraders were 

putatively identified as belonging to the genera Nocardioides (previously linked to VC 

degradation), Gp4, Brevundimonas, Tissierella, Sediminibacterium and Rhodoferax (novel 

genera). The results suggest that previous work involving isolations may not accurately represent 

active VC assimilators in mixed communities. In a second study, another mixed culture derived 

from contaminated groundwater was able to degrade VC rapidly (~120 μmol in 7 days). Stable 



 

 

isotope probing and high throughput sequencing identified the dominant VC degraders in this 

culture. Specific primers were then designed towards the novel VC degrading phylotypes 

(Sediminibacterium, Aquabacterium and Variovorax) and tested in quantitative PCR (qPCR) to 

confirm label uptake by these phylotypes. Both studies indicated that microorganisms previously 

linked to vinyl chloride degradation as well as novel genera could have significant roles in 

carbon uptake from this pollutant.  

The third study investigated the microorganisms and functional genes (xenA, xenB and 

xplA) linked to RDX biodegradation in microcosms composed of sediments or groundwater from 

two RDX-contaminated Navy sites. Sediment samples from five depths (5 ft to 30 ft) at two wells 

were studied from one Navy site. Also, groundwater samples both upstream and downstream of 

an emulsified biobarrier were studied from another Navy site. The study found that phylotypes 

from Firmicutes, Actinobacteria, Proteobacteria, Acidobacteria and Bacteroidetes benefited from 

RDX degradation. A notable trend was the increase in xplA and xenB gene copies in the majority 

of sediment microcosms derived from one Navy site compared to the controls. Gene copies of 

xenA increased in a smaller number of the treatments. Interestingly, Pseudomonas (previously 

associated with xenA and xenB) and Rhodococcus (associated with xplA) also illustrated a high 

level of enrichment in many of these RDX microcosms. The data provide insight into the 

microorganisms linked to in situ RDX degradation. Further, the functional gene primers designed 

in this study could be used to facilitate the prediction of RDX biodegradation rates at contaminated 

sites.  
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CHAPTER 1 

INTRODUCTION 

 

Environmental pollution by vinyl chloride and RDX 

Vinyl chloride (VC) is a common contaminant in surface water and groundwater. This 

chemical is classified as a human carcinogen, with a Maximum Contamination Level of 0.002 

mg L-1 and Public Health Goal of zero mg L-1 [1]. VC is the most carcinogenic of the 

chloroethenes and has the lowest regulatory limit in drinking water [2]. VC in groundwater 

originates primarily from the transformation of tetrachloroethene (PCE) and trichloroethene 

(TCE). These chlorinated ethenes are common contaminants due to their widespread use and 

previous careless disposal. In groundwater, natural biotic and abiotic processes degrade these 

solvents, leading to the accumulation of their more problematic metabolites, cis-dichloroethene 

and VC [3, 4]. 

Military sites are commonly contaminated by the nitroamine explosive hexahydro-1,3,5-

trinitro-1,3,5- triazine, also known as royal demolition explosive (RDX), due to the explosive’s 

manufacturing and handling, notoriously after World War II. RDX has replaced trinitrotoluene 

(TNT) over the past few decades as the primary nitroaromatic compound used in explosives [5]. 

RDX is mobile from sediments to groundwater due to its moderate solubility, low sorption and 

vapor pressure [6]. Thus, the RDX contamination problem also extends to groundwater within 

the surroundings of these military sites. Groundwater contamination by such organic pollutants 

threatens drinking water sources and human health due to their neurotoxic effects and potential 
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carcinogenic nature. The lifetime Federal Health Advisory for RDX established by the U.S. 

Environmental Protect Agency (EPA) in drinking water is 2 µg L-1.  

Bioremediation is a viable option to address both VC and RDX contamination. The 

research presented in this thesis relates to identifying the microorganisms involved in the 

biodegradation of the organic contaminants VC and RDX. 

 

Biodegradation of vinyl chloride and RDX 

The biodegradation of pollutants by microorganisms, whether aerobically or 

anaerobically, allows scientists to further develop ways to utilize the enzymatic pathways of 

microorganisms to remediate environmental contamination. This concept is called 

bioremediation and it has been extensively studied over the last decades. Bioremediation is a 

viable option for cleaning and reclaiming sites contaminated with pollutants amenable to 

microbial transformation. The use of microorganisms in bioremediation occurs either through 

monitored natural attenuation, biostimulation or bioaugmentation. To apply any bioremediation 

approach, extensive data is needed concerning the presence and abundance of the key 

microorganisms at the contaminated site.  

The biodegradation of VC can occur by either anaerobic or aerobic pathways and by co-

metabolism or direct VC assimilation [2]. Anaerobic transformation of VC by Dehalococcoides 

spp. can occur either by co-metabolism or direct VC reduction [4, 7, 8]. For the aerobic 

metabolism of VC, several bacteria belonging to the phyla Actinobacteria and Proteobacteria 

have been isolated from various environments or have been obtained in the laboratory [9-19].  

For RDX, both aerobic and anaerobic biodegradation have also been reported. As sites 

contaminated with RDX are usually oxygen depleted, it is more suitable to consider RDX 
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biodegradation under these conditions. A number of RDX degrading bacteria have been isolated 

from environmental samples to date [20]. Known RDX degrading isolates classify within the 

phyla Firmicutes, Actinobacteria, Proteobacteria and Fusobacteria.  

While information gained from isolates has greatly contributed to our understanding of 

VC and RDX metabolism, limitations associated with culture-based methods have likely resulted 

in an incomplete understanding of VC- and RDX-assimilating microorganisms at field sites. To 

address this unknown, several molecular biology methods, including SIP, high throughput 

sequencing and qPCR, were used in this research. 

 

Stable isotope probing and high throughput sequencing 

To address the limitations associated with culture-based methods, molecular biology 

tools have been applied in many environmental studies. For example, SIP has the advantage of 

linking function (e.g. carbon uptake) to microorganism identity in mixed microbial communities.  

The SIP method involves amending a stable isotope labeled (e.g. 13C, 15N) compound to a mixed 

microbial community, such as a soil, groundwater sample or a mixed culture. The 

ultracentrifugation of the extracted DNA from these samples in cesium chloride gradients allows 

the DNA to separate based on its buoyant density. By this approach, the SIP technique allows the 

separation of DNA by weight. DNA that has incorporated the labeled chemical C and/or N 

(heavy DNA) will appear in the heavy fractions. To avoid false positives, an unlabeled control 

accounting for the background community DNA within these heavy fractions (DNA with high 

CG contents) is used.  

SIP studies have identified microorganisms involved in biogeochemical cycles [23] and 

environmental pollutant remediation [24-26]. Following SIP, these studies applied fingerprinting 
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techniques such as denaturing gradient gel electrophoresis (DGGE), terminal restriction fragment 

length polymorphism (TRFLP) and cloning libraries and Sanger sequencing. Recently, a 

combination of the SIP technique with high throughput sequencing, such as pyrosequencing and 

Illumina, have been proposed as it allows the recovery of a much higher number of sequences for 

the studied samples[27-30]. In the current work, SIP was combined with high throughput 

amplicon sequencing (Illumina MiSeq) to identify the microorganisms in mixed communities 

involved in VC biodegradation. Illumina sequencing was also applied to identify microorganisms 

benefiting from RDX degradation. The generated data is crucial for the development of 

biomarkers to be used on monitoring field studies. 

 

Primer development for monitoring field bioremediation 

In the past decade, it has become common to use qPCR targeted to either 16S rRNA 

genes or functional genes to determine the potential for bioremediation at a given site. In the 

present work, primers were designed toward phylotypes (16S rRNA genes) identified as VC 

degraders. Also, the aerobic VC degradation functional gene etnE was measured in SIP samples. 

In addition, primers were designed towards the functional genes xenA, xenB and xplA involved in 

RDX biodegradation. All primers developed in this research have the potential for use at sites 

where VC or RDX bioremediation is being applied. 

Objectives 

The overall objectives were, 

1) To identify the key microorganisms responsible for the degradation of VC and RDX in 

samples derived from a number of contaminated sites (Chapters 2, 3 and 4). 
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2) To design specific primers to quantify the key phylotypes involved in VC degradation 

(Chapter 3).  

3) To design specific primers towards the functional genes associated with RDX degradation and 

quantify these RDX degrading genes in contaminated samples and experimental microcosms 

(Chapter 4). 

The research in Chapters 2 and 3 was funded by a collaborative NSF grant awarded to 

Dr. Mattes (University of Iowa) and Dr. Cupples entitled “Collaborative research: stable isotope- 

based differentiation of vinyl chloride assimilators from cometabolizers in contaminated 

groundwater” (Grant Number 1233154). The research performed in Chapter 4 was funded by a 

grant awarded to Dr. Cupples from Strategic Environmental Research and Development Program 

(SERDP) entitled “Development of biomarkers for assessing in situ RDX biodegradation 

potential” (Grant number ER1606). 

Chapter 2 was published in Applied Microbiology and Biotechnology [36]. 

A version of Chapter 3 was awarded “Best Student Paper” and was published in the 

Proceedings of the Third International Symposium on Bioremediation and Sustainable 

Environmental Technologies (Miami, FL 18-21 May 2015). 

Chapter 4 is in preparation for submission to a peer-reviewed journal. 
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CHAPTER 2 

ELUCIDATING CARBON UPTAKE FROM VINYL CHLORIDE USING STABLE 

ISOTOPE PROBING AND ILLUMINA SEQUENCING  

 

Abstract 

Vinyl chloride (VC), a known human carcinogen, is a common and persistent groundwater 

pollutant at many chlorinated solvent contaminated sites. The remediation of such sites is 

challenging because of the lack of knowledge on the microorganisms responsible for in situ VC 

degradation. To address this, the microorganisms involved in carbon assimilation from VC were 

investigated in a culture enriched from contaminated site groundwater using stable isotope 

probing (SIP) and high throughput sequencing. The mixed culture was added to aerobic media 

and these were amended with labeled (13C-VC) or unlabeled VC (12C-VC). The cultures were 

sacrificed on days 15, 32 and 45 for DNA extraction. DNA extracts and SIP ultracentrifugation 

fractions were subject to sequencing as well as qPCR for a functional gene linked to VC-

assimilation (etnE). The gene etnE encodes for epoxyalkane coenzyme M transferase, a critical 

enzyme in the pathway for VC degradation. The relative abundance of phylotypes were 

compared across ultracentrifugation fractions obtained from the 13C-VC and 12C-VC amended 

cultures. Four phylotypes were more abundant in the heavy fractions (those of greater buoyant 

density) from the 13C-VC amended cultures compared to from the 12C-VC amended cultures, 

including Nocardioides, Brevundimonas, Tissierella and Rhodoferax. Therefore, both a 

previously identified VC-assimilating genus (Nocardioides) as well as novel microorganisms  
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were responsible for carbon uptake. Enrichment of etnE with time was observed in the heavy 

fractions, and etnE sequences illustrated VC-assimilators harbor similar Nocardioides-like etnE. 

This research provides novel data on the microorganisms able to assimilate carbon from VC. 

 

Introduction 

Groundwater contamination by vinyl chloride (VC) remains an important environmental problem 

and human health concern worldwide. VC is a known human carcinogen [1] and has been found 

at many US Environmental Protection Agency National Priority List sites in soils, surface water 

and groundwater. VC pollution in groundwater originates primarily from the higher-chlorinated 

ethenes including tetrachloroethene (PCE) and trichloroethene (TCE) [2]. Leakage of these 

chemicals to aquifers, followed by their reduction by certain anaerobic bacteria (e.g. 

Dehalococcoides spp.) yields the lesser chlorinated ethenes, cis-1,2-dichloroethene and VC. 

These secondary pollutants are often more problematic than the parent compounds because they 

tend to accumulate.  

Biological degradation is becoming an increasingly common remediation method for 

groundwater contaminants, either through natural attenuation or enhanced bioremediation. 

Microbial VC degradation can occur under both anaerobic and aerobic conditions and by co-

metabolism or direct VC assimilation [3]. However, linking specific microorganisms and 

enzymes to in situ activities remains a major challenge. Several bacteria belonging to the phyla 

Actinobacteria and Proteobacteria are capable of direct aerobic VC consumption and have been 

isolated from various environments or have been obtained in the laboratory [4-13]. While these 

organisms have greatly contributed to our understanding of VC metabolism, the limitations 
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associated with culture-based methods has likely resulted in an incomplete understanding of VC-

assimilating microorganisms at field sites.  

To overcome the limitations associated with culture-based methods, molecular testing 

during groundwater monitoring has become popular. For example, a quantitative PCR (qPCR) 

assay has been developed [14, 15] and applied [6, 16, 17] to detect VC-oxidizing bacteria at 

contaminated sites. This qPCR method targets the functional genes etnC and etnE, which encode 

the alkene monooxygenase (AkMO) alpha subunit and the epoxyalkane coenzyme M transferase 

(EaCoMT), respectively.  In VC-assimilators, AkMO is responsible for the initial attack on VC 

to convert it to VC epoxide. The epoxide is then conjugated to CoM by EaCoMT, which is a 

critical step to the central metabolic pathway. Therefore, presence of etnE gene indicates the 

potential for VC assimilation.  

To understand the diversity of mixed cultures and associated functional genes, molecular 

methods can often more accurately target the key active microorganisms. The stable isotope 

probing (SIP) method is valuable because it can identify the active microorganisms responsible 

for carbon or nitrogen uptake from the amended substrates [18]. The method involves sample 

exposure to a stable-isotope labeled compound and DNA extraction over time. The DNA is then 

subject to ultracentrifugation, fractionation (to separate label incorporated DNA from the 

unlabeled DNA) and community analysis [19-25]. 

The overall objective was to determine the dominant microorganisms involved in carbon 

uptake from VC from a mixed culture derived from contaminated site groundwater. For this, SIP 

fractions were subjected to high throughput sequencing. The relative abundance of phylotypes in 

fractions obtained from 13C-VC and 12C-VC amended mixed cultures were compared. The 

phylotypes enriched in the fractions from the 13C-VC amended cultures compared to the 
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fractions from the 12C-VC amended cultures are considered responsible for incorporating 13C 

from VC (or VC degradation products). This is the first study to combine SIP and high 

throughput sequencing to examine carbon uptake from VC. Along with the information provided 

by qPCR and clone library analysis of etnE, this study contributes to our understanding of VC 

degradation in mixed communities and at contaminated sites. 

 

Materials and methods 

Site information and groundwater collection  

Groundwater was collected in accordance with USEPA/540/S-95/504 on June 9, 2009 from 

several monitoring wells (RB46D, RB73, RB52I, RB60, RB64I, RB63I, and RB58I) at a site in 

Carver, MA. The site was contaminated by disposal of material containing PCE at a landfill in 

1986, which ultimately resulted in a large, dilute VC plume. Remediation efforts for the plume 

have involved oxygen and ethene injections and have been described previously [15, 26-28]. The 

groundwater from these wells was composited, one liter was shipped to the University of Iowa, 

where it was stored at 4 °C in the dark.   

Development of VC degrading enrichment cultures 

Triplicate VC enrichment cultures were constructed in August 2009 by mixing composite 

groundwater with sterile minimal salts medium (MSM; prepared as described previously [12]) 

(1:1), placing 72 mL of the mixture into a 160 mL serum bottle (Wheaton, Millville, NJ), sealing 

with a butyl rubber stopper and aluminum crimp cap.  Approximately 40 μmol VC (99.5% from 

Fluka) was added and the bottles were monitored by gas chromatography with flame ionization 

detection (GC-FID) as described previously [29].  VC oxidation commenced after a 63 day lag 
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period.  Live culture samples were sent to MSU in January 2010 for the SIP experiment 

described below.  

 

Analytical methods 

Headspace samples of VC (100 µL) were analyzed via gas chromatography (Perkin Elmer) with 

flame ionization detection and a capillary column (J&W Scientific, DB-624, diameter 0.53 mm). 

The peak areas were compared to an external standard for VC quantification. Aqueous phase VC 

concentrations were calculated using a previously reported Henry’s Law constant (1.069) [30].   

 

SIP experimental design, DNA extraction, ultracentrifugation and fractionation 

The SIP experimental setup consisted of sterile serum bottles (160 mL), mixed culture (5 mL), 

minimal salts medium (67 mL MSM) [13] and VC (~47 mg L-1 or 120 µmol) (the initial liquid 

and headspace volumes were 72 mL and 88 mL). These  microcosms were prepared as 

previously described [31]. Based on the calculated amount of oxygen required for VC oxidation, 

and on previous VC studies [12], oxygen limitation was not expected under these conditions. 

Three abiotic microcosms (controls, obtained via autoclaving) and nine live microcosms were 

amended with unlabeled VC (hereafter referred to as 12C-VC) (99 %, Specialty Gases of 

America) (to control for heavy GC microorganisms). An additional nine live microcosms were 

amended with labeled VC (hereafter referred to as 13C-VC) (13C2 VC, 99 %, Cambridge Isotope 

Laboratories). The microcosms were sealed, protected from light, and incubated at room 

temperature (21-23 °C), with shaking (200-300 rpm). VC concentrations were monitored over 45 

days and DNA was extracted (from 13C-VC amended and 12C-VC amended microcosms) at three 

time points during the experimental period (days 15, 32 and 45).  
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For DNA extraction, at each time point, the entire volume from each mixed culture bottle 

was centrifuged. Following this, the pellet was washed with MSM and the sample was 

centrifuged again. The pellet was then resuspended in Tris-EDTA (TE) buffer and DNA was 

extracted using the Ultra Clean Microbial DNA Isolation Kit (MO BIO Laboratories, Inc., 

Carlsbad, CA) according to the manufacturer's procedure. Quantified DNA extracts (∼10 μg) 

were loaded into Quick-Seal polyallomer tubes (13 by 51 mm, 5.1 ml; Beckman Coulter (Brea, 

CA) along with a Tris-EDTA (10 mM Tris, 1 mM EDTA, pH 8)-CsCl solution for 

ultracentrifugation. Prior to sealing (cordless Quick-Seal tube topper; Beckman), the density was 

determined with a model AR200 digital refractometer (Leica Microsystems Inc., Buffalo Grove, 

IL) and adjusted by adding small volumes of CsCl solution or TE buffer with a final value of 

1.730 g mL−1. The tubes were ultracentrifuged at 178,000 × g (20 °C) for 48 h in a StepSaver 70 

V6 vertical titanium rotor (8 by 5.1 ml capacity) within a Sorvall WX 80 Ultra Series centrifuge 

(Thermo Scientific, Waltham, MA). Following ultracentrifugation, the tubes were placed onto a 

fraction recovery system (Beckman Coulter), and fractions (~20, 150 μL) were collected. The 

buoyant density of each fraction was measured, and CsCl was removed by glycogen-assisted 

ethanol precipitation. The DNA concentration in each fraction was quantified using the Qubit 

assay (Quant-iT™ dsDNA High-Sensitivity Assay Kit using the Qubit® 2.0 Fluorometer). The 

abundance of etnE was determined in ultracentrifugation fractions using qPCR. For this, for each 

time point (days 15, 32 and 45), fractions from one 12C-VC amended culture and one 13C-VC 

amended culture were investigated. In addition, for days 32 and 45, fractions from one 13C-VC 

amended culture and fractions from one 12C-VC amended culture were subjected to Illumina 

sequencing.  
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MiSeq Illumina sequencing and SIP fraction analysis 

In all, ninety-four samples were subjected to high throughput sequencing (MiSeq Illumina 

Sequencing at Michigan State University’s Research Technology and Support Facility, RTSF). 

This included four DNA extracts (before ultracentrifugation) from the 12C-VC and 13C-VC 

amended cultures at day 32 and at day 45. Ninety additional samples were submitted for Illumina 

sequencing and these included thirty individual SIP fractions (following ultracentrifugation) 

sequenced in triplicate. This involved eight fractions from each of the 13C-VC and 12C-VC 

amended cultures at day 32 (8 fractions × 2 treatments × triplicates = forty-eight). Seven 

fractions from each of the 13C-VC and 12C-VC amended bottles from day 45 were also 

sequenced (7 fractions × 2 treatments × triplicates = forty-two).  

The fractions were sequenced to determine which organisms were enriched in the heavy 

fractions and were therefore responsible for VC assimilation. The fractions were selected based 

on their buoyant density in comparison to previous SIP studies which illustrated label uptake in 

fractions with buoyant density values ranging from 1.74 – 1.77  g mL-1 [22, 32]. In the current 

study, the fractions selected for sequencing ranged from 1.74 to 1.785 (day 32) and 1.744 – 

1.797 g mL-1 (day 45).  

PCR and Illumina sequencing were performed at RTSF using a previously reported 

protocol [33]. Briefly, this involved the amplification of the V4 region of the 16S rRNA gene 

using a set of multiplex indexed primers. Following amplification, individual reactions were 

quantified (Picogreen assay), a pool of equimolar amounts of each was made and these were 

purified using Ampure XP beads. A final gel purification step was included to ensure non-

specific products were eliminated. The combined library was loaded onto the Illumina MiSeq 

Platform using a standard MiSeq paired end (2×250 bp) flow cell and reagent cartridge. 
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Sequencing data obtained from the MiSeq platform Laboratory Information Management 

System were analyzed using Mothur v.1.33.2 [34] using the MiSeq standard operating procedure 

[35]. The sequence data in the fastq format were processed to remove the barcodes and these 

were then aligned to form contiguous sequences. The data were checked for sequencing errors 

(removing ambiguous bases) and read length (275 bp). The sequences were then aligned to the 

SILVA database (SILVA version 119) [36]. Additional steps included setting the maximum 

homopolymer length to 8, checking for chimeras using UCHIME [37], classifying with the 

Bayesian classifier and removing unwanted lineages. The sequences were clustered into OTU 

using a 0.03 cutoff level. Mothur was also used to generate information on phylotypes. 

To determine which phylotypes were responsible for label uptake, the most abundant 

phylotypes in the heavy fractions from the 13C-VC amended samples from day 32 were 

determined using the sort function in Excel. These values were then compared to relative 

abundance of these phylotypes in the fractions from the 12C-VC amended samples from day 32. 

Additionally, the relative abundance of these phylotypes was determined in the 13C-VC and 12C-

VC fractions from day 45. The relative abundance values were normalized to the mass of DNA 

in each fraction (Quant-iT™ dsDNA High-Sensitivity Assay Kit using the Qubit® 2.0 

Fluorometer) by multiplying the relative abundance by the total mass of DNA in each fraction.  

 

Functional gene (etnE) qPCR and clone libraries 

Fractions from all three time points (15, 32 and 45 days) from both the 13C-VC and 12C-VC 

amended cultures were used in the etnE qPCR analysis. This resulted in 78 DNA fractions 

(buoyant density range = 0.981 - 1.799 g mL-1) being analyzed by qPCR for etnE. An ABI 7000 

Sequence Detection System (Applied Biosystems) with a 96 well plate was used for qPCR, as 
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described previously [6]. Reaction mixtures (25 µL) contained 12.5 µL of Power SYBR Green 

PCR Master Mix (Applied Biosystems), 750 nM etnE qPCR primers RTE_F(5’-

CAGAAYGGCTGYGACATYATCCA-3’) and RTE_R (5’-

CSGGYGTRCCCGAGTAGTTWCC-3’) [15] and 2 µL of DNA extract. Each fraction was 

analyzed in duplicate.  

Standard curves were developed in triplicate using etnE from Nocardioides sp. strain 

JS614 [6] amplified using the CoMF1L (5’-AACTACCCSAAYCCSCGCTGGTACGAC-3’) 

and CoMR2E (5’- GTCGGCAGTTTCGGTGATCGTGCTCTTGAC-3’) [38].  Reactions (25 

µL) contained 12.5 µL Qiagen PCR Master Mix, 0.2 µM of each primer and 2 ng of total DNA. 

Genes per µL of PCR product were estimated using a previously reported equation [15]. ABI 

7000 System SDS software (Applied Biosystems) was used to analyze real-time PCR 

fluorescence data using the auto baseline function.  The following information is provided in 

accordance with MIQE guidelines [39]: the fluorescence threshold was set manually (at 0.05505) 

to optimize qPCR efficiency (102.5%), and obtain a linear fit of the standard curve (>0.9976).  

The Y-intercept of the standard curve was 31.96. 

A light fraction (denoted as L9, buoyant density=1.734 g mL-1) and a heavy fraction 

(denoted as L4, buoyant density=1.773 g mL-1) from day 45 were selected as representative 

fractions for the etnE clone libraries. The L4 and L9 fractions were purified as stated above and 

etnE was amplified using a touch-down PCR protocol. Reaction mixtures (25 µL) contained 

Qiagen Taq Core Kit 10X buffer (12.5 µL), 25 mM Mg2+ solution (0.5 µL), 10 mM dNTPs (0.5 

µL), Taq polymerase (0.2 µL), the CoM-F1L/CoM-R2E primer set (0.2 µM)[38], and 1 µL 

DNA. The thermocycling protocol consisted of an initial denaturation step (94°C, 5 min) 

followed by a touch-down phase (20 cycles of 94°C for 30 s, 65°C for 45 s (0.5°C decrease of 
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each cycle), and 72°C for 2 min), a secondary amplification (10 cycles of 94 °C for 30 s, 55 °C 

for 45 s, 72 °C for 2 min) and a final extension (72 °C for 15 min). PCR products (891 bp) from 

L4 and L9 were purified with QIAquick PCR Purification Kit (Qiagen) and cloned with the 

Invitrogen TA Cloning Kit with an overnight ligation at 4°C into the pCR®2.1 vector. A 1:1 

molar insert to vector ratio was used. Ligations were transformed into One Shot® TOP10 

Chemically Competent E. coli. Transformants were analyzed according to the cloning kit 

instructions. Plasmids were extracted using QIAprep Spin Miniprep Kit and PCR-screened with 

M13F (5'-GTAAAACGACGGCCAG-3') and M13R (5'- CAGGAAACAGCTATGAC-3') 

primers. Those with the appropriately sized inserts were Sanger-sequenced at the University of 

Iowa Institute of Human Genetics Genomics Division with the M13F primer. Sequences with 

good quality (9 sequences from L4 and 10 sequences from L9) were used for alignment via 

Clustal W [40] and further phylogenetic analysis with MEGA 5 [41]. 

 

Genbank accession numbers 

The Nocardioides sp. partial 16S rRNA  gene was deposited in the NCBI Genbank Database 

(Accession Number: KJ509930.1). The etnE sequences were also placed in this database 

(Accession Numbers: KJ509928-KJ509936, KM245084, KM245085). Illumina sequencing data 

was deposited in the NCBI Sequence Read Archive under BioProject Number SAMN03202071. 
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Results  

VC degradation and total microbial community characterization 

VC degradation occurred in both of the 13C-VC amended and 12C-VC amended mixed cultures 

but not in the abiotic controls, confirming biological removal (Figure S2.1). The DNA extracted 

during this period (day 15, 32 and 45) was subjected to ultracentrifugation and the heavy 

fractions (from day 32 and 45) were submitted for Illumina sequencing. Following Mothur 

analysis, 9,029,943 sequences were obtained. On average, each sample generated 99,230 ± 

36,815 sequences (total sequences, not unique sequences).  

Illumina sequencing of the 16S rRNA gene was also performed on four total DNA 

extracts (before ultracentrifugation, two from day 32, and two from day 45). The most abundant 

phylotypes were determined (relative abundance of ≥ 1%) for each culture (Figure 2.1). Similar 

phylotypes were observed at both time points for the 13C-VC and 12C-VC amended mixed 

cultures. In all four cultures, the phylotype Gp4 was present at a high relative abundance (9.9 - 

30.8%). In addition, the phylotypes Aquabacterium, Sediminibacterium, Nocardioides and 

unclassified Comamonadaceae were all more abundant compared to the other phylotypes. The 

most abundant phylotypes classified within eight phyla (Proteobacteria, Actinobacteria, 

Acidobacteria, Bacteroidetes, Firmicutes, Flavobacteria, Gemmatimonadetes and 

Verrucomicrobia). The most dominant phyla included Proteobacteria, Acidobacteria, 

Actinobacteria, Bacteroidetes and Flavobacteria.  
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Gp4
Nocardioides
Rhodococcus
Caulobacter
Bradyrhizobium
Sphingopyxis
Parvibaculum
Aminobacter
unclassified Alphaproteobacteria
unclassified Sphingomonadaceae
unclassified Rhizobiales
Ralstonia
Aquabacterium
Cupriavidus
unclassified Comamonadaceae
unclassified Burkholderiales
Pseudomonas
unclassified Xanthomonadaceae
Sediminibacterium
unclassified Chitinophagaceae
Chryseobacterium
unclassified Opitutaceae
Gemmatimonas
unclassified Bacteria

Day 32 13C-VC Amended Day 32 12C-VC Amended 

Day 45 13C-VC Amended  Day 45 12C-VC Amended  

Figure 2.1. Microbial composition at the genus level (unless unclassified) of the four VC enrichment cultures. Only those with a 

relative abundance of 1% or more in at least one of the cultures are included. The data were obtained from total DNA extracts (before 

ultracentrifugation). 
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Identification of VC assimilators  

To identify the microorganisms responsible for the uptake of 13C from VC (or VC degradation 

products), DNA extracts from two time points (days 32 and 45) were subject to 

ultracentrifugation, fractioning and sequencing. For this, the most abundant phylotypes in the 

heavy fractions from the 13C-VC amended samples were determined and compared to the 

relative abundance of these phylotypes in the fractions from the 12C-VC amended samples 

(Figure 2.2). In all, four phylotypes showed dominance in the 13C-VC amended cultures 

compared to the 12C-VC amended cultures, including Rhodoferax, Nocardioides, Tissierella and 

Brevundimonas. As stated previously, the Illumina relative abundance data were normalized by 

the amount of DNA in each fraction. Only low levels of enrichment were noted from the 

phylotypes Tissierella and Brevundimonas at both time points. The other two phylotypes 

(Nocardioides and Rhodoferax) were enriched at a higher level, with Rhodoferax illustrating the 

highest level of enrichment. The Nocardioides sequences from these cultures were compared to 

those in GenBank (Figure S2.2).  

The relative abundance of each of these four phylotypes was determined from the total 

DNA extract sequencing data. These data indicate only Nocardioides was a dominant 

community member (4.1-18.7%). The other three phylotypes illustrated only a low relative 

abundance in the community (<0.08%). 
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Figure 2.2. Normalized abundance of dominant phylotypes in ultracentrifugation fractions 

from the labeled (13C) VC-amended culture compared to their abundance in the unlabeled 

(12C) VC-amended culture from day 32 (first column) and day 45 (second column). The axis 

represents the relative abundance of each phylotype (determined by Illumina sequencing) 

normalized by the amount of DNA in that fraction (determined by Qubit). Error bars represent 

the standard deviations from triplicate values of Illumina data.  
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Functional gene (etnE) abundance in SIP fractions 

To provide evidence that functional genes associated with VC assimilation were also enriched in 

the heavy fractions, we quantified etnE abundance by qPCR (Figure 2.3, Table S2.1). Indeed, as 

VC degradation proceeded, increased etnE abundance was observed among heavier fractions 

(buoyant density = 1.720 - 1.780 g mL-1) from the 13C-VC fed culture. Meanwhile, the majority 

of the etnE abundance in the fractions from the unlabeled VC amended cultures occurred within 

a lower buoyant density range (buoyant density = 1.700 - 1.740 g mL-1). It is unclear why the 

etnE gene abundance values were lower at day 45 compared to days 15 and 32.  

 

Phylogenetic analysis of etnE in SIP fractions 

Clone libraries were constructed with etnE PCR products from one light fraction (L4) and one 

heavy fraction (L9) to compare the sequence diversity of 13C-enriched etnE with the etnE in the 

unlabeled fraction. An etnE phylogenetic tree (Figure S2.3) revealed that the etnE in these two 

fractions were similar and that they grouped with the etnE from Nocardioides sp. JS614 

(bootstrap value of 99%). 

A percent identity matrix (Table S2.2) further showed that etnE was highly conserved 

among the light (L4) and heavy (L9) fractions, varying from 94.7% to 100% identical to each 

other. An exception is clone L4-10, which was 94.7% to 95.2% identical to the remaining 

sequences. Sequences from the light fraction (L4) were 97.8% to 100% identical to each other, 

while sequences within the heavy fraction were 99.2% to 99.9% identical to each other.  
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Figure 2.3. etnE copies after fractionation from 13C-VC amended (triangles, labeled) and 12C-VC 

amended (diamonds, unlabeled) cultures at day 15 (A), day 32 (B), and day 45 (C). The etnE 

abundance represents the average of duplicate samples and the error bars depict the standard 

deviation.  
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Discussion  

In this study, VC-assimilating microorganisms were investigated in a mixed culture derived from 

contaminated site groundwater using SIP, high throughput sequencing and qPCR. Although 

others have isolated VC-assimilating microorganisms [4-13], the microorganisms responsible for 

VC assimilation within a mixed culture is more challenging to determine. Such research is 

important because there is likely a greater diversity of VC assimilators in the environment than is 

currently represented in pure culture.  

Here, four phylotypes were responsible for 13C uptake (Figure 2.2). As with many other 

SIP studies, it is unclear if these phylotypes were involved in label uptake directly from VC or 

from VC degradation products. VC-assimilators are known to use an alkene monooxygenase to 

attack VC [3]  which forms VC epoxide (chlorooxirane). This intermediate is very unstable in 

aqueous systems (~1.6-minute half-life). It can spontaneously rearrange into chloroacetaldehyde 

[42]. It can also undergo hydrolysis to glycolaldehyde. It is possible that rearrangement or 

hydrolysis of VC epoxide occurred in the mixed culture and that label uptake by bacteria that are 

not true VC assimilators may have also occurred. 

From the Proteobacteria, the phylotypes Brevundimonas (Alphaproteobacteria) and 

Rhodoferax (Betaproteobacteria) were observed in the heavy fractions from the 13C-VC 

amended cultures at both time points. Previously identified VC-assimilators in this phylum 

include Pseudomonas (Gammaproteobacteria) [4, 11], Ochrobactrum (Alphaproteobacteria) 

[11], and Ralstonia (Betaproteobacteria) [10]. In the current study, sequences corresponding to 

the genera Pseudomonas and Ralstonia were present but were not enriched in the heavy 

fractions.  
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From the phylum Firmicutes, one phylotype (Tissierella) was observed in the heavy 

fractions from the 13C VC amended cultures at both time points. This phylum (Firmicutes) has 

not yet been associated with VC assimilation, but has been previously reported in sites 

contaminated with chlorinated solvents [43].  

Similar to previous research [12], the current study indicated the phylotype Nocardioides 

(Actinobacteria) was responsible for carbon assimilation from VC. This phylotype was observed 

in the heavy fractions from the 13C-VC amended cultures at both day 32 and at day 45. 

Additionally, Nocardioides was a significant community member in all four cultures (4.1, 6.2, 

8.9, 18.7 %). The other previously reported VC assimilating phylotype (Mycobacterium) within 

the Actinobacteria [5-9, 12, 13] was observed in the culture only at low levels (relative 

abundance 0.001-0.079%) and was not found in the heavy fractions, indicating it was not 

responsible for carbon assimilation from VC. Overall, of the four enriched phylotypes, 

Nocardioides is the only microorganism previously linked to VC assimilation.  

The shift in etnE abundance towards the heavier fractions during VC degradation 

indicates the accumulation of 13C in etnE. The strongest shift was at day 32, therefore this time 

likely represents the greatest label uptake from VC. The shift is less clear at day 45, possibly 

indicating label cross feeding. Also, the limited shift at day 15 suggests label uptake was minor 

early in the incubation. These observations guided the sequencing efforts to day 32 and day 45 

samples. Each of the 19 unique etnE sequences retrieved from both light (L4) and heavy (L9) 

fractions formed a clade (a grouping) with the etnE from Nocardioides sp. JS614. This pattern 

contrasts with previous studies where VC- or ethene-degrading isolates were primarily 

Mycobacterium spp. [26]. The data suggests that potentially greater etnE diversity is present 

within the ethene- and VC-assimilating Nocardioides spp., or that Nocardioides-like etnE 
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sequences are more widely distributed in the environment than Mycobacterium-like etnE. It is 

interesting to note that although the VC assimilators identified by SIP are relatively diverse in 

comparison to known isolates, the etnE genes harbored by these bacteria appear to be relatively 

conserved. 

In summary, the microorganisms responsible for assimilating 13C from VC within a 

mixed culture derived from contaminated site groundwater were identified. SIP analysis and 

Illumina sequencing indicated Nocardioides was a dominant culture phylotype as well as a key 

13C assimilator. Therefore, both a previously identified VC-assimilating genus (Nocardioides) as 

well as novel microorganisms (Rhodoferax, Tissierella and Brevundimonas) were responsible for 

carbon uptake from VC. Interestingly, Rhodoferax was enriched to the highest level and could 

therefore represent a particularly important novel VC degrader. Despite the diversity of newly 

discovered VC-assimilators, the functional gene etnE associated with VC assimilation was 

relatively conserved in this mixed culture.  
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Figure S2.1. Vinyl chloride concentrations in 13C vinyl chloride amended (�), 12C vinyl chloride amended (�) microcosms and 

abiotic controls (�). Arrows indicate when DNA was extracted (day 15, 32 and 45).  
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Figure S2.2. Phylogenetic tree based on 16S rRNA gene sequences showing the relationships 

of the Nocardioides sequences identified in this study to the most similar sequences in RDP 

Seqmatch (Cole et al 2014). Illumina sequences were the most abundant Nocardioides 

sequences at day 32 and 45. Ten sequences were aligned and trimmed to 254 bp and visualized 

in MEGA (Tamura et al 2011). The evolutionary history was inferred using the maximum 

likelihood method with the bootstrap test (5,000 replicates) (Felsenstein 1985). The 

evolutionary distances were computed using the Jukes-Cantor method (Jukes and Cantor 1969) 

with the scale bar representing 1.0% sequence difference. The tree was rooted with 16S rRNA 

gene from Mycobacterium rhodesiae strain JS60, a VC- and ethene-assimilating bacterium.  
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Figure S2.3. Phylogenetic relationships of selected etnE fragments recovered from fractions L4 

and L9 of Carver MA composite groundwater 13C-labeled VC enrichment culture, with sequences 

from previous Carver site enrichments and Genbank. All the sequences were aligned using 

ClustalW (Thompson et al 2002) and trimmed to 733 bp (with gaps). A maximum likelihood tree 

was constructed based on this 733 bp nucleotide alignment and visualized by MEGA5 (Tamura et 

al 2011),with the scale bar representing 5% sequence differences. Bootstrap values between 80-

95% were indicated by open circles and above 95% were indicated by solid circles.  The tree was 

rooted with the 2-hydroxypropyl-CoM lyase gene from the propene-oxidizing Xanthobacter 

autotrophicus Py2. Sequences from SIP fractions are denoted with solid squares.  
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Table S2.1. etnE qPCR data on fractions from the 13C-VC and 12C-VC amended enrichment cultures. 

 

 

  

Day 15 Day 32 Day 45 

BD (mg/L) 
Genes/ µL of fractions 

BD (mg/L) 
Genes/ µL of fractions 

BD (mg/L) 
Genes/ µL of fractions 

Mean SD N Mean SD N Mean SD N 

Labeled 1.771 1034 291 2 1.778 43830 11686 2 1.799 359 31 2 
13C-VC 1.759 57467 10377 2 1.760 264703 1379 2 1.785 0 0 2 

  1.747 385343 2214 2 1.740 62721 2536 2 1.782 0 0 2 

  1.733 2160000 130000 2 1.731 96699 288 2 1.773 26319 26301 2 

  1.722 4400000 910000 2 1.726 108039 25158 2 1.764 1624 108 2 

  1.713 164845 22485 2 1.720 57907 2774 2 1.758 7171 446 2 

  1.702 233083 40669 2 1.709 57634 6296 2 1.749 0 0 2 

  1.693 101907 5778 2 1.698 38850 20018 2 1.740 1440 315 2 

  1.688 74831 4785 2 1.621 36704 1811 2 1.734 18083 1693 2 

  1.679 77290 9262 2 1.221 13671 4297 2 1.727 0 0 2 

  1.478 131568 3494 2 1.020 2010 162 2 1.712 0 0 2 

  1.172 68647 27598 2 0.995 17595 2574 2 1.707 79 3 2 

  1.063 29750 805 2 0.981 6512 6468 2 1.694 5 1 2 

Unlabeled 1.773 506 9 2 1.777 355 98 2 1.780 3 2 2 
12C-VC 1.762 3311 819 2 1.770 74 14 2 1.777 26 1 2 

  1.737 7035 4334 2 1.759 13135 2536 2 1.768 4 3 2 

  1.728 299435 89365 2 1.748 189017 50476 2 1.761 23 4 2 

  1.720 880662 318791 2 1.741 567768 48193 2 1.755 57 56 2 

  1.711 735041 76711 2 1.733 1600000 125000 2 1.748 17 17 2 

  1.705 276200 19972 2 1.720 1350000 205000 2 1.741 1946 58 2 

  1.699 53772 13693 2 1.711 103024 469 2 1.735 1 0 2 

  1.694 12694 12405 2 1.701 133876 13503 2 1.728 0 0 2 

  1.686 61108 39804 2 1.693 60521 8264 2 1.722 1395 588 2 

  1.537 64433 10920 2 1.684 53978 17044 2 1.718 11 2 2 

  1.179 23240 4528 2 1.131 9113 295 2 1.707 48 30 2 

  1.057 22013 5421 2 1.039 2071 214 2 1.625 121 121 2 
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Table S2.2. Percent identity matrix of etnE from clones of heavy fraction L4 and light fraction L9. 
Sequence L4-1 L4-2 L4-3 L4-4 L4-5 L4-6 L4-8 L4-9 L4-10 L9-1 L9-2 L9-3 L9-4 L9-5 L9-6 L9-7 L9-8 L9-9 L9-10 

L4-1                    

L4-2 98.3                   

L4-3 98.3 99.8                  

L4-4 97.8 99.4 99.2                 

L4-5 98.3 100 99.8 99.4                

L4-6 97.9 99.6 99.3 99.2 99.6               

L4-8 97.8 99.2 99.2 99.1 99.2 99              

L4-9 98.3 99.8 99.8 99.2 99.8 99.3 99.2             

L4-10 95.4 95 95 95 95 94.8 94.7 95            

L9-1 98.3 99.8 99.8 99.4 99.8 99.3 99.4 99.8 95           

L9-2 98.1 99.8 99.6 99.4 99.8 99.6 99.2 99.6 95 99.6          

L9-3 98.2 99.7 99.7 99.3 99.7 99.3 99.3 99.7 94.9 99.9 99.4         

L9-4 97.9 99.6 99.3 99.7 99.6 99.3 99.2 99.3 94.9 99.6 99.6 99.4        

L9-5 98.3 99.8 99.8 99.2 99.8 99.3 99.2 99.8 95 99.8 99.6 99.7 99.3       

L9-6 98.4 99.9 99.9 99.3 99.9 99.4 99.3 99.9 95.2 99.9 99.7 99.8 99.4 99.9      

L9-7 98.3 100 99.8 99.4 100 99.6 99.2 99.8 95 99.8 99.8 99.7 99.6 99.8 99.9     

L9-8 98 99.4 99.4 99.3 99.4 99.2 99.3 99.4 94.9 99.7 99.4 99.6 99.4 99.4 99.6 99.4    

L9-9 98.1 99.8 99.6 99.2 99.8 99.3 99 99.6 94.8 99.6 99.6 99.4 99.3 99.6 99.7 99.8 99.2   

L9-10 98.1 99.8 99.6 99.2 99.8 99.3 99 99.6 94.8 99.6 99.6 99.4 99.3 99.6 99.7 99.8 99.2 99.6  

 

<=95  

95-98   

99-100   

Partial etnE sequences from cloning were aligned and trimmed down to 887bp. A percent identity matrix was generated using Clustal 

Omega (http://www.ebi.ac.uk/Tools/msa/clustalo/).  
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CHAPTER 3 

NOVEL GENERA IDENTIFIED AS VINYL CHLORIDE ASSIMILATING 

MICROORGANISMS USING STABLE ISOTOPE PROBING 

 

Abstract 

Vinyl chloride (VC) is a common contaminant in surface water and groundwater. In this study, 

SIP was combined with high throughput sequencing (Illumina MiSeq) and quantitative PCR 

(qPCR) to identify microorganisms able to uptake carbon from VC (13C labeled) in a mixed 

culture capable of rapid VC degradation (120 µmol in 7 days). Microcosms consisted of mineral 

media, micronutrients, mixed culture and labeled (13C) or unlabeled VC. On days 3 and 7, 

replicate labeled and unlabeled VC microcosms were sacrificed for DNA extraction. The 

extracted DNA was ultracentrifuged and fractioned. The fractions of greater buoyant density 

(heavy fractions) were subject to high throughput sequencing for the identification of VC 

assimilators. Specific primers were designed for the phylotypes identified as responsible for label 

uptake. The new primers were then tested for specificity using 16S rRNA gene clone libraries 

and Sanger sequencing. These primers were used in qPCR across the buoyant density gradient to 

confirm label uptake by these phylotypes. Four phylotypes were linked to VC assimilation, 

including Nocardioides (Actinobacteria), Sediminibacterium (Proteobacteria), Aquabacterium 

(Proteobacteria) and Variovorax (Proteobacteria). Therefore, both a previously identified VC-

assimilating genus (Nocardioides) as well as novel genera were responsible for carbon uptake 

from VC. Identifying VC assimilators in mixed communities is important because there is likely 

a greater diversity of these microorganisms in the environment than is currently represented in 
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pure cultures. The primers designed in this study could be used to investigate the presence of 

these VC degraders at contaminated sites.  

 

Introduction 

Vinyl chloride (VC) is a common contaminant in surface water and groundwater, 

threatening both environmental and human health. This chemical is classified as a human 

carcinogen, with a Maximum Contamination Level of 0.002 mg L-1 and Public Health Goal of 

zero mg L-1 [1]. VC is the most carcinogenic of the chloroethenes and has the lowest regulatory 

limit in drinking water [2]. VC in groundwater originates primarily from the transformation of 

tetrachloroethene (PCE) and trichloroethene (TCE). These chlorinated ethenes are common 

contaminants due to their widespread use and previous careless disposal. In groundwater, natural 

biotic and abiotic processes degrade these solvents, leading to the accumulation of their more 

problematic metabolites, cis-dichloroethene and VC [3, 4]. 

The use of microorganisms in bioremediation occurs through monitored natural 

attenuation, biostimulation or bioaugmentation. To apply bioremediation, data is needed 

concerning the presence and abundance of the key microorganisms at the contaminated site. 

Frequently, this information originates from the molecular analysis of sediment or groundwater. 

The biodegradation of VC can occur by either anaerobic or aerobic pathways and by co-

metabolism or direct VC assimilation [2]. Anaerobic transformation of VC by Dehalococcoides 

spp. can occur either by co-metabolism or direct VC reduction [4-6]. For the aerobic metabolism 

of VC, several bacteria belonging to the phyla Actinobacteria and Proteobacteria have been 

isolated from various environments or have been obtained in the laboratory [7-17]. While these 

organisms have greatly contributed to our understanding of VC metabolism, limitations 
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associated with culture-based methods have likely resulted in an incomplete understanding of 

VC-assimilating microorganisms at field sites.  

To address the limitations associated with culture-based methods, molecular biology 

tools have been applied in many environmental studies. For example, SIP, has the advantage of 

linking function (e.g. carbon uptake) to microorganism identity in mixed microbial communities. 

This method was first introduced for investigating methanol-utilizing microorganisms in soil 

[18], but since then, has been used to identify microorganisms able to metabolize a variety of 

carbon and nitrogen sources. SIP involves sample exposure to a labeled compound (in this work, 

13C-VC) and DNA extraction over time. The DNA is then subjected to ultracentrifugation, 

fractionation (to separate label incorporated DNA from the unlabeled DNA) and DNA 

sequencing [19]. The phylotypes that are present in the heaviest fractions are considered 

responsible for incorporating the labeled carbon from the target chemical. 

The overall objective here was to identify microorganisms associated with carbon uptake 

from VC in a mixed culture capable of rapid VC degradation. The present work combines SIP, 

high throughput sequencing and qPCR. Genus specific 16S rRNA primers were designed and 

tested for specificity for these VC-assimilators. These specific primers have the potential to 

advance our capability for monitoring VC bioremediation in situ. 

 

Methods 

Experimental design 

Microcosms consisted of sterile serum bottles (160 mL), mixed culture (obtained from 

project collaborators at the University of Iowa), minimal salts medium (MSM) [7] and VC (~47 
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mg L-1). These  microcosms were prepared as previously described [20]. Two abiotic control 

microcosms (obtained via autoclaving) and six live microcosms were amended with unlabeled 

VC (99%, Specialty Gases of America, Toledo, OH) (to control for heavy GC microorganisms). 

In addition, six live microcosms were amended with 13C-labeled VC (13C2 VC, 99%, Cambridge 

Isotope Laboratories, Xenia, OH). The microcosms were protected from light (room temperature, 

21-23 °C) and were placed on a shaker (200-300 rpm). VC concentrations were monitored for 7 

days and DNA was extracted (from labeled VC-amended and unlabeled VC-amended 

microcosms) at days 3 and 7.  

 

Analytical methods  

Headspace samples (100 µL) were analyzed via gas chromatography (Perkin Elmer, 

Waltham, MA) with flame ionization detection and a capillary column (DB-624, diameter 0.53 

mm; J&W Scientific, Santa Clara, CA). Peak areas were compared to an external standard for 

VC quantification. Aqueous phase VC concentrations were calculated using previously reported 

Henry’s Law constant [21]. 

 

DNA extraction, ultracentrifugation and fractionation 

The Ultra Clean Microbial DNA Isolation Kit (MO BIO Laboratories, Inc., Carlsbad, 

CA) was used for total nucleic acid extraction according to the manufacturer's recommended 

procedure. Quantified DNA extracts (∼10 μg) were loaded into Quick-Seal polyallomer tubes 

(13 by 51 mm, 5.1 mL; Beckman Coulter, Indianapolis, IN) along with a Tris-EDTA (pH 8.0)-

CsCl solution for ultracentrifugation. Prior to sealing (cordless Quick-Seal tube topper; 

Beckman), the buoyant density (BD) was determined with a model AR200 digital refractometer 
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(Leica Microsystems Inc., Buffalo Grove, IL) and adjusted to a final BD of 1.73 g mL−1 by the 

addition of small volumes of CsCl solution or Tris-EDTA buffer. Tubes were ultracentrifuged at 

178,000 × g (20 °C) for 48 h in a StepSaver 70 V6 vertical titanium rotor (8 by 5.1 mL capacity) 

within a Sorvall WX 80 Ultra Series centrifuge (Thermo Scientific, Waltham, MA). Following 

ultracentrifugation, the tubes were placed onto a fraction recovery system (Beckman), and 

fractions (~20, 150 μL each) were collected. The BD of each fraction was measured, and CsCl 

was removed by glycogen-assisted ethanol precipitation. The quantity of DNA obtained in each 

fraction was determined by Qubit™ (Invitrogen, Carlsbad, CA).  

 

MiSeq Illumina sequencing and SIP fraction analysis  

  The four heaviest fractions from each time point (day 3 and 7) from the labeled VC-

amended microcosms were analyzed to determine which microorganisms were enriched in these 

fractions and were therefore responsible for VC assimilation. The fractions were selected based 

on the DNA concentration in each fraction from the labeled VC amended microcosms compared 

to the unlabeled VC amended microcosms (see below). In all, 48 samples were subjected high 

throughput sequencing (MiSeq Illumina Sequencing) at the Research Technology Support 

Facility at Michigan State University (RTSF). These samples included six replicates per fraction, 

four fractions per time point, and two time points. 

PCR and Illumina sequencing were performed at RSTF using a previously described 

protocol [22]. This involved the amplification of the V4 region of the 16S rRNA gene using a set 

of multiplex indexed primers. Following amplification, individual reactions were quantified 

(Picogreen assay), a pool of equimolar amounts of each was made, and these were purified using 

Ampure XP beads. A final gel purification step was included to ensure non-specific products 
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were eliminated. The combined library was loaded onto the Illumina MiSeq Platform using a 

standard MiSeq paired end (2x250 bp) flow cell and reagent cartridge. 

The Mothur software [23] was used to analyze the data generated by MiSeq Illumina 

using a SOP developed by Schloss (http://www.mothur.org/wiki/MiSeq_SOP). This involved the 

construction of contigs, error and chimera removal followed by sequence alignment for OTU 

assignment based on the SILVA database [24]. Final data matrices were exported to Excel 2013 

SR-1 (Microsoft Corporation, Redmond, WA). To identify which OTUs were responsible for the 

label uptake in each fraction at each time point, the relative abundance (%) of each OTU was 

calculated. 

 

Primer design, 16S rRNA gene clone libraries and qPCR  

Specific primers (sedF and sedR; aquaF and aquaR; and varF and varR) were designed 

to target the phylotypes responsible for the VC assimilation (identified above) using Primer-

BLAST (http://www.ncbi.nlm.nih.gov/tools/primer-blast/). These new primers were tested for 

specificity using 16S rRNA gene clone libraries and Sanger sequencing. These primers were then 

used in the qPCR assays across the BD gradient to confirm label uptake. 

Three 16S rRNA clone libraries were generated using total DNA extracted from the 

labeled microcosms from day 3. DNA was PCR-amplified using 3 primer sets: sedF (5’- CGG 

GCA GTT AAG TCA GTG GT-3’) and sedR (5’- TGC CTT CGC AAT AGG TGT TCT-3’); 

aquaF (5’- CGT AGG GTG CGA GCG TTA AT-3’) and aquaR (5’ - CCA TCC CCC TCT 

ACC GTA CT-3’); and varF (5’-TCT GTG ACT GCA TTG CTG GA-3’) and varR (5’-CGG 

TGT TCC TCC GCA TAT CT-3’) (IDT, Integrated DNA Technologies, Coralville, IA). The 

PCR program consisted of an initial denaturation (95°C, 5 min), 29 cycles of amplification 
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(95°C, 30 s; 58°C, 30 s; 72°C 1:30 min), and a terminal extension step (72°C, 30 min). 3% 

agarose gel electrophoresis and the subsequent staining of the gels with ethidium bromide 

confirmed the presence of PCR products. The PCR products were purified with QIAquick PCR 

purification kit (Qiagen Inc., Alameda, CA) and cloned into Escherichia coli TOP10 vector 

supplied with a TOPO TA cloning kit (Invitrogen). Clones of E. coli were grown on Luria-

Bertani (LB) medium solidified with 15 g agar L-1 with 50 μg ampicillin L-1 for 16 h at 37 ºC. 

Colonies with inserts were verified by PCR with primers M13F (5’-TGT AAA ACG ACG GCC 

AGT-3’) and M13R (5’-AAC AGC TAT GA CAT G-3’), plasmids were extracted from the 

positive clones with a QIAprep miniprep system (Qiagen, Inc.) and the insertions were 

sequenced by RTSF. The clone sequences for each library were aligned against the Illumina 

sequences using MEGA 6 to determine the specificity of each primer set.  

Amplification and qPCR measurements were conducted in a Chromo 4 real-time PCR 

cycler (Bio-Rad, Philadelphia, PA) using QuantiTect SYBR Green PCR Kit (Qiagen Inc.) and 

the primer sets sedF-sedR, aquaF-aquaR and varF-varR. DNA from both time points from the 

density gradient fractions from both the labeled VC and unlabeled VC amended microcosms 

were subject to qPCR in triplicate. Each 25 μL PCR mixture contained 12.5 μL QuantiTect 

SYBR Green PCR Master Mix solution, 1.25 μL each 10 μM primer, 9 μL DNA-free water and 

1 μL DNA template. The thermal protocol consisted of an initial denaturation (95°C, 15 min), 40 

cycles of amplification (95°C, 15 s; 58°C, 20 s; 72°C 20 s), and a terminal extension step (72°C, 

2 min). Melting curves were constructed from 55°C to 95°C and read every 0.6°C for 2 s. Cloned 

plasmid DNA was used as a standard for quantification, and the numbers of gene copies were 

determined as previously described [25] (plasmid size was 3,931 bp, in addition to inserts of 148 

bp by sedF-sedR, 139 bp by aquaF-aquaR and 86 bp by varF-varR).  
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Isolations 

Aliquots from the day 7 cultures (SIP experiment, stored at 4 ºC) were diluted to 10-5 

times the original solution. Dilutions of 0, 0.1, 0.001 and 0.00001 were spread plated on R2 agar. 

These plates were incubated for 48 h at 30 ºC under aerobic conditions, and the resulting visually 

distinct colonies were selected. Selected isolated colonies were re-inoculated into new R2 agar 

plates, until colonies were visually pure (between 5-10 rounds).  Isolate identity was investigated 

using MiSeq Illumina sequencing and Mothur software (as described above).  

 

Microbial community analysis during VC degradation 

 The VC experiment described above did not include a community analysis over the time 

course of VC degradation. Therefore, a new experiment was initiated to obtain these data. For 

this, frozen culture aliquots (5 mL) were incubated for 30 days in a sterile serum bottle (160 mL) 

containing minimal salts medium (MSM) and VC (~20 mg L-1). Following VC degradation, 5 

mL of fresh culture was added to sterile serum bottles (160 mL) containing minimal salts 

medium (MSM) [7] and VC (~47 mg L-1). These  microcosms were prepared as previously 

described [20], and included one abiotic control microcosm (obtained via autoclaving) and three 

live microcosms. The microcosms were protected from light (room temperature, 21-23 °C) and 

were placed on a shaker (200-300 rpm). VC concentrations were monitored for 18 days. DNA 

was extracted (as described above) from 6 time points and was analyzed using MiSeq Illumina 

and Mothur (as described above). 

 

 

 



49 

 

Results 

VC degradation, fraction generation, DNA quantification and sequencing data 

VC degradation occurred in both the labeled and unlabeled VC amended microcosms but 

not in the abiotic controls, confirming biological removal of VC by the mixed culture over a 

period of 7 days (Figure 3.1). The DNA samples extracted on days 3 and 7 were subjected to 

ultracentrifugation. On day 3, the DNA concentrations in each of these fractions varied from ~2-

15 ng μL −1 for the labeled VC amended samples and from ~0.5 - 65 ng μL −1 for the unlabeled 

VC amended samples. On day 7, DNA concentrations varied from ~0.6-14 ng μL −1 and ~4 -55 

ng μL −1, for the labeled and unlabeled VC amended samples, respectively. DNA concentrations 

were plotted against BD values (Figure 3.2). The presence DNA in the lighter BD fractions from 

the unlabeled VC amended samples and DNA in the heavier fractions from the labeled VC 

amended samples confirms the uptake of labeled carbon by the microorganisms in the mixed 

community. 

The DNA from the four heaviest fractions from the labeled microcosms on day 3 (BD 

values of 1.780, 1.772, 1.757 and 1.749 g mL−1) and day 7 (BD values of 1.780, 1.769, 1.762 and 

1.758 g mL−1) was selected for further investigation. These samples (indicated by arrows in 

Figure 3.2), were submitted for Illumina sequencing. After Mothur analysis, the final number of 

sequences obtained was 2,010,477 and 2,073,705 for days 3 and 7, respectively. The chimeric 

percentage was 1.32% and 1.93% on days 3 and 7, respectively. Among the final sequences, < 

2% were unique at both time points. 
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Figure 3.1. VC degradation over time in cultures amended with 13C vinyl chloride (�), 12C 

vinyl chloride (�) and abiotic controls (). Arrows indicate when DNA was extracted. 
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Figure 3.2. DNA concentration (ng/µL) at day 3 (A) and day 7 (B) in fractions obtained from the labeled 

VC and unlabeled VC amended cultures. The complete and dashed lines represent DNA concentrations 

from the unlabeled and labeled cultures, respectively. Replicate DNA measurements are shown. Arrows 

indicate samples selected for sequencing. 
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Identification of VC assimilators in heavy fractions 

The microorganisms present in the heavy fractions were determined with high throughput 

sequencing. Two time points (day 3 and 7) were chosen to control for label cross feeding over 

time. Cross feeding may occur when a microorganism able to uptake the label produces 

metabolites (or dies); then the labeled element could be released and subsequently assimilated by 

other microorganisms. By considering label uptake over time, more information is gained on the 

primary assimilators.  

On day 3, the most abundant phylotypes in the four heavy fractions classified within the 

phyla Proteobacteria, Actinobacteria, Bacteroidetes and Verrucomicrobia (Figure 3.3). The 

same phylotypes were abundant on day 7 except that Stenotrophomonas and Sphingomonas were 

present and Burkholderia and Phenylobacterium were absent (Figure 3.3). Interestingly, at both 

time points, four genera were dominant in the heavy fractions: Nocardioides (Actinobacteria) 

33.4 – 49.7% on day 3 and 34.2 – 41.4% on day 7; Sediminibacterium (Bacteroidetes) 22.9 – 

25.9% on day 3 and 22.2 – 29.4% on day 7; Aquabacterium (Proteobacteria) 10.3 – 22.1% on 

day 3 and 17.6 – 19.2% on day 7 and Variovorax (Proteobacteria) 3 – 4.3% on day 3 and 6.7 – 

11.3% on day 7. The data indicate these are the key microorganisms assimilating the labeled 

carbon derived from VC in the mixed culture.   
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Figure 3.3. Relative abundance of phylotypes in the four heavy fractions from 13C VC amended cultures. The error bars 

represent standard deviations from six samples that were submitted for sequencing. 
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Primer design, specificity test and abundance in SIP fractions  

The data generated by Illumina MiSeq sequencing was used to design specific primers to 

target three of the four dominant genera in the heavy fractions: Sediminibacterium 

(Bacteroidetes), Aquabacterium (Proteobacteria) and Variovorax (Proteobacteria). 

Nocardioides was not targeted as this genus has already been linked to VC metabolism. The 

specificities of the designed primers were tested by amplifying DNA, creating 16S rRNA gene 

clone libraries, and then Sanger sequencing these clones. For this, 16 clones were sequenced for 

each primer set.  

For Sediminibacterium, 14 of 16 clones (primer set sedF and sedR) were 100% identical 

with the Sediminibacterium sequence, and 2 of 16 clones aligned at a 99% identify level. For 

Aquabacterium, 13 of 16 clones (primer set aquaF and aquaR) aligned at 100%, 2 of 16 aligned 

at 99% and 1 of 16 aligned at 98% with the Aquabacterium sequence. For Variovorax, 8 of 13 

clones (primer set varF and varR) aligned at 100% and 5 of 13 aligned at 98.8% with the 

Variovorax sequence. These data indicate the designed primers were specific to the targeted 

phylotypes. 

Quantitative PCR assays for Sediminibacterium (sedF and sedR), Aquabacterium (aquaF 

and aquaR) and Variovorax (varF and varR) were performed on all of the fractions across the 

BD gradient to confirm label uptake by these phyloytpes at both time points. The average qPCR 

efficiencies for 16S rRNA genes amplified from primer sets sedF-sedR, aquaF-aquaR and varF-

varR were high for all primer pairs and timepoints (greater than 96%). The average 

standardization slopes were -2.77 and -3.30 for sedF-sedR, -3.16 and -3.49 for aquaF-aquaR and 

-2.99 and -2.66 for varF-varR for days 3 and 7, respectively. On day 3, the R2 values were 

0.9796, 0.9905 and 0.9886 for sedF-sedR, aquaF-aquaR and varF-varR, respectively. For day 7, 
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the R2 values were 0.9796, 0.9932, and 0.9862 for sedF-sedR, aquaF-aquaR and varF-varR, 

respectively. The detection limits were <100 copies μL-1 for all primer pairs. Overall, the highest 

unlabeled peaks were observed in the lighter BD fractions and the highest labeled peaks were 

observed in the heavier BD fractions.  

Sediminibacterium 16S rRNA gene copies per µL over the BD ranged from 2.5x 102 – 

9.2x107 for labeled and 1.3x102 – 7.4x108 for unlabeled microcosms on day 3 and from 2.3x102 

– 5.1x108 for labeled and 1x102 – 6x108 for unlabeled microcosms on day 7. On day 3, the 

highest labeled microcosm peak occurred at BD 1.756 g mL−1 and the unlabeled microcosm peak 

occurred at BD 1.731 g mL−1. A similar trend was observed on day 7, when the highest labeled 

microcosm peak was seeming at BD 1.766 g mL−1 and the unlabeled microcosm peak was 

seeming at BD 1.7425g mL−1 (Figure 3.4).  

The range of 16S rRNA gene copies per µL for Aquabacterium varied from 0 – 6.1x105 

and 0 – 1x107 for labeled and unlabeled microcosms on day 3 and 1.7x103 – 7.9x108 and 3.6x103 

– 1.6x109 for labeled and unlabeled microcosms on day 7, respectively. Similarly, to 

Sediminibacterium, the highest unlabeled peak was observed at a lighter BD (1.719 g mL−1 on 

day 3 and 1.700 g mL−1 on day 7) and the highest labeled peak was observed at a heavier BD 

(1.756 g mL−1 on day 3 and 1.766 g mL−1 on day 7) (Figure 3.4). 

The number of 16S rRNA gene copies per µL for Variovorax showed a noticeable 

increase from day 3 to day 7.  On day 3, the number of copies varied from 0 – 5.3x104 and 0 – 

8.6x104 for labeled and unlabeled microcosms and 0 – 3.2x109 and 5 – 3.4x109 for labeled and 

unlabeled microcosms on day 7. Similarly, to the other two genera, the highest unlabeled peak 

occurred at a lighter BD (1.712 g mL−1 on day 3 and 1.731 g mL−1 on day 7) and the labeled 

peak occurred at a heavier BD (1.756 g mL−1 on day 3 and 1.756 g mL−1 on day 7) (Figure 3). 
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Figure 3.4. Sediminibacterium, Aquabacterium and Variovorax 16S rRNA gene copies over the buoyant density range in DNA 

extracted from labeled and unlabeled VC amended cultures at days 3 and 7. Error bars represent standard deviation from three qPCR 

measurements. 
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Isolations 

Three visually distinct pure cultures were obtained after 10 rounds of purification. The 

DNA of these three cultures were extracted and submitted to MiSeq Illumina to determine if 

their identity would classify with the VC degraders (genera Sediminibacterium, Aquabacterium 

or Variovorax). Unfortunately, the Illumina data revealed that the sequences did not match the 

novel VC-degraders identified in this study. Instead, they classified as Chryseobacterium, 

Rhodococcus and Stenotrophomonas.  

 

Microbial community during VC degradation 

 As expected, degradation of VC occurred in the live cultures but not in the abiotic control 

(Figure 3.5). DNA extracted over the time course of VC removal (days 2, 9, 10, 13, 14 and 16) 

was examined with high throughput sequencing. The data generated indicated that Nocardioides 

was dominant (18-33 % RA). Further, Sediminibacterium, Aquabacterium and Pseudomonas 

were present and appeared to increase with time (Figure 3.6).   All four of these phylotypes were 

enriched in the heavy fractions, as described above (Figure 3.3), thus these results confirm their 

role in the uptake of carbon from VC. 
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Figure 3.5. Vinyl chloride remaining over time in triplicate live culturesand an abiotic control. The arrows indicate when 

DNA was extracted from these samples for Illumina sequencing 
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Figure 3.6. The relative abundance Pseudomonas (A), Sediminibacterium (B), Aquabacterium (C) and Nocardioides (D) in a vinyl 

chloride degrading culture. The y-axis has different scales. The relative abundance of Variovorax was <0.0017% in these cultures. 
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Discussion 

VC was degraded by the mixed culture in only 7 days. Direct aerobic VC oxidation was 

first reported in groundwater samples from an aquifer [26] followed by other studies of aerobic 

degradation of VC that also isolated VC-degrading microorganisms [7-16]. These authors 

observed degradation over a wide range of time period, from as little as 2-20 days [10-13] to 55-

476 days [9, 10, 15]. 

In the present study, active VC-assimilating microorganisms were identified from a 

mixed culture using SIP, high throughput sequencing and qPCR. These molecular tools were 

selected because the greater diversity of VC assimilators in the environment is likely not 

represented in pure culture. Following ultracentrifugation, the fractions obtained behaved as 

expected for SIP experiments (Figure 3.2), i.e., is the presence of unlabeled peaks in the lighter 

BD fractions and labeled peaks in the heavier BD fractions confirmed the expected labeled VC 

uptake by the microcosms. The heavy fractions obtained from the labeled microcosms on days 3 

and 7 were within the BD range previously found to contain 13C labeled DNA (25, 26). In the 

present study, the sequencing data generated from the heavy fractions revealed four phylotypes 

primarily responsible for label uptake (Figure 3.3), whether directly from VC or from VC 

degradation products.  

The most abundant phylotypes enriched in the heavy fractions were, Nocardioides 

(Actinobacteria), Sediminibacterium (Bacteroidetes), Aquabacterium (Proteobacteria) and 

Variovorax (Proteobacteria). To date, known aerobic VC degrading microorganisms belong to 

the phyla Actinobacteria and Proteobacteria. Within these two phyla, isolated genera that have 

been reported include Mycobacterium spp. [7, 8, 10, 12, 14-16, 27], Pseudomonas [9, 28], 

Nocardioides [10], Ochrobactrum [11], and Ralstonia [13].  
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In agreement with previous research [10], the current study indicates that the genus 

Nocardioides (Actinobacteria) was primarily responsible for carbon uptake from VC. 

Mycobacterium spp. is the other VC-assimilating phylotype within the Actinobacteria [7, 8, 10, 

12, 14-16], but it was not enriched in the current study. Overall, of the four enriched phylotypes, 

Nocardioides is the only genus previously linked to VC degradation [10]. 

The phylum Bacteroidetes has been associated with anaerobic, but not aerobic, 

degradation of VC [29], and has been found in contaminated groundwater sites [30], enrichment 

cultures capable of reducing TCE [31] and natural biofilms from household taps in drinking 

water distribution systems [32]. Additionally, the genus Sediminibacterium has been reported in 

groundwater sites contaminated with chlorinated aliphatic hydrocarbons [27]. 

Among the Proteobacteria, the genera Aquabacterium and Variovorax have not yet been 

associated with VC degradation, but Aquabacterium has been previously reported in 

groundwater sites contaminated with chlorinated aliphatic hydrocarbons [27]. Previously 

identified Proteobacteria VC degraders include Pseudomonas (Gammaproteobacteria) [9, 11], 

Ochrobactrum (Alphaproteobacteria) [11], and Ralstonia (Betaproteobacteria) [13]. In the 

current study, Pseudomonas and Ralstonia were present in the heavy fractions of the labeled 

microcosms, but their relatively lower abundance indicated that Aquabacterium and Variovorax 

contributed more to the VC degradation in this mixed community. 

Quantitative PCR has emerged as the method of choice for enumerating targeted genes. 

Dehalococcoides 16S rRNA primers have been tested and used for site assessment and 

bioremediation implementation for chlorinated pollutants under anaerobic conditions [33]. In the 

present study, the 16S rRNA primers designed for the novel aerobic VC degraders identified by 

SIP (Sediminibacterium, Aquabacterium and Variovorax) were successfully tested for specificity 
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and applied to confirm label uptake from VC. The shifts observed in the 16S rRNA gene 

abundance peaks toward heavier fractions during the VC degradation process indicate the 

accumulation of 13C in the 16S rRNA genes of Sediminibacterium, Aquabacterium and 

Variovorax. Similar shifts have been observed by other authors who combined SIP and qPCR for 

toluene-degrading cultures with the gene bssA [34].  

The relative abundances of the phylotypes identified as assimilators of VC 

(Sediminibacterium, Aquabacterium, Variovorax and Pseudomonas) were low during the second 

VC degradation experiment. It is likely this occurred because the culture was stored for 

approximately one year following the first VC degradation experiment. In contrast, Nocardioides 

was present at a high RA. It is possible that the culture storage and resulting change in microbial 

community resulted in the longer timeframe for VC removal.  

Bacteria able to degrade VC aerobically have been isolated, and they include the genera 

Mycobacterium [7, 8, 10, 12, 14-16], Pseudomonas [9, 11], Nocardioides [35], Ochrobactrum 

[11] and Ralstonia [13]. In the present study, we identified Sediminibacterium, Aquabacterium 

and Variovorax as novel VC degraders using SIP, however,  we were unsuccessful in the 

attempts to isolate them [36-38].  

 In summary, the microorganisms responsible for assimilating 13C from VC were 

identified by combining SIP analysis and Illumina MiSeq. Four phylotypes were primarily 

responsible for 13C uptake:  Nocardioides (Actinobacteria), Sediminibacterium (Proteobacteria), 

Aquabacterium (Proteobacteria) and Variovorax (Proteobacteria). The results indicate that both 

previously identified VC assimilators (Nocardioides) and novel VC assimilators (the other three 

phylotypes) were responsible for label uptake from VC in this mixed culture. Specific primers 

designed for these three novel VC assimilators were successfully validated for the culture. The 
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data suggest that previous studies involving isolations may not have accurately represented the 

real biodiversity of active VC assimilators in mixed communities. Further, these specific primers 

have the potential to advance our capability for monitoring VC bioremediation in situ. 
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CHAPTER 4 

MICROBIAL COMMUNITY CHARACTERIZATION AND FUNCTIONAL GENE 

QUANTIFICATION IN RDX DEGRADING COMMUNITIES DERIVED FROM TWO 

NAVAL SITES 

 

Abstract 

The explosive hexahydro-1,3,5-trinitro-1,3,5-triazine (RDX) is the most widely used military 

explosive. RDX has become an environmental pollutant over the last few decades owing to its 

production, storage and use. RDX contamination is a cause for concern because this chemical is 

classified as a possible human carcinogen by the EPA. Efforts to remediate RDX-contaminated 

soils and groundwater have been ongoing for decades. In recent years, much interest has focused 

on using bioremediation to clean up these sites. A number of bacteria capable of degrading RDX 

in pure culture have been described; however, little is known about the mixed microbial 

communities responsible for in situ degradation. Also, a limited number of studies have 

investigated the occurrence of RDX degrading functional genes in different environments. The 

current study investigated the microorganisms and functional genes (xenA, xenB and xplA) linked 

to RDX biodegradation in microcosms composed of sediments or groundwater from two RDX-

contaminated Navy sites. Sediment samples from five depths (5 ft to 30 ft) at two wells were 

studied from one Navy site. Also, groundwater upstream and downstream of an emulsified 

biobarrier were studied from another Navy site. The study found that phylotypes from 

Firmicutes, Actinobacteria, Proteobacteria, Acidobacteria and Bacteroidetes benefited from 

RDX degradation. A notable trend was the increase in xplA and xenB gene copies in the majority 
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of sediment microcosms derived from one Navy site compared to the controls. Gene copies of 

xenA increased in a smaller number of the treatments. Interestingly, Pseudomonas (previously 

associated with xenA and xenB) and Rhodococcus (associated with xplA) also illustrated a high 

level of enrichment in many of these RDX amended microcosms. The data provide insight into 

the microorganisms potentially responsible RDX degradation at these contaminated sites. 

Further, the functional gene primers designed in this study could be used to facilitate the 

prediction of RDX biodegradation rates at contaminated sites.  

 

Introduction 

Hexahydro-1,3,5-trinitro-1,3,5-triazine (RDX) is the most widely used military explosive 

[1]. The continued global demand for munitions suggests that RDX manufacture and use will 

occur for the foreseeable future. RDX has long been recognized as a problematic pollutant and 

efforts to remediate RDX-contaminated soil and groundwater have been ongoing for decades. 

Contamination is particularly problematic on military training ranges where energetic materials 

are detonated on a regular basis. Pollution can originate from unexploded ordinance or from 

diffuse sources. In either case, RDX tends to be recalcitrant and can remain in the soil and also 

move to groundwater. Groundwater contamination is a cause for concern because RDX is 

classified as a possible human carcinogen by the EPA. In recent years, much interest has focused 

on using bioremediation to clean up these sites; however the microorganisms responsible for in 

situ degradation are generally unknown [2]. 

To determine which microorganisms are linked to RDX degradation at contaminated 

sites, methods such as stable isotope probing (SIP) and high throughput sequencing have been 

utilized. For example, using SIP 5 phylotypes similar to known RDX degraders and 10 
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phylotypes not previously linked to RDX degradation were associated with RDX degradation in 

samples from Picatinny Arsenal (NJ) [3].  Another set of SIP experiments showed the 

importance of Pseudomonas phylotypes in label uptake [4]. In contrast, Rhodococcus was 

identified by SIP as the primary degrader in soils from the Eglin Air Force Base bombing range 

(Eglin, FL) [5]. Recently, also through the use of SIP, Pseudomonadaceae and Comamonas were 

identified as RDX-degraders in soil from a Navy Installation in Virginia [6]. The growing 

literature on phylotypes identified as RDX degraders at contaminated sites has the potential to 

improve current bioremediation approaches. However, to date, the distribution of RDX degraders 

throughout the soil profile at such sites has not been investigated. This information is important 

because of the risk of RDX movement from soils to groundwater.  

Bioremediation efforts have been significantly enhanced in the past decade using 

functional gene data. For example, the dehalogenase reductive genes responsible for vinyl 

chloride degradation, bvcA and vcrA, are routinely quantified in groundwater from chlorinated-

solvent contaminated sites to determine the dechlorination potential of in situ dechlorinators [7]. 

With respect to RDX degradation, several functional genes have been identified, including two 

that encode for flavin mononucleotide-containing oxidoreductases (called xenobiotic reductases) 

from Pseudomonas putida II-B (xenA) and P. fluorescens I-C (xenB) [8]. For these, the primary 

RDX degradation path is through methylenedinitramine (MEDINA) and then to formaldehyde. 

RDX transformation was faster under anaerobic compared to aerobic conditions.  Under 

anaerobic conditions, P. fluorescens I-C (xenB) degraded RDX more rapidly than P. putida II-B 

(xenA). Both genes have been cloned, sequenced and characterized [9], providing an excellent 

opportunity to examine gene abundance at contaminated sites.  
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The enzyme diaphorase from the anaerobic bacterium Clostridium kluyveri has also been 

linked to RDX degradation [10]. The biotransformation pathway mediated by diophorase 

involves two important domains, a flavin-reductase and a rubredoxin-like domain and catalyzes 

RDX degradation via denitration prior to ring cleavage [11]. MEDINA was detected as the 

transient intermediate, along with the formation of nitrite, formaldehyde, ammonium, and nitrous 

oxide. The gene sequence (diaA) encoding diaphorase from C. kluyveri has also been determined 

[12]. Another functional gene related to RDX degradation is hydA from C. acetobutylicum [13]. 

Also, an oxygen-insensitive (type I) NADPH nitroreductases (nsfI) enzyme able to degrade RDX 

has been detected in enteric bacteria  Enterobacter cloacae and Morganella morganii, and 

cloned from E. cloacae [14].  

Among all functional genes associated with RDX degradation, xplA has perhaps been the 

most studied. This gene has been associated with both aerobic and anaerobic pathways and it was 

initially isolated from Rhodococcus rhodochrous 11Y [15]. It has been identified in isolates of 

the genera Rhodococcus, Gordonia, Williamsia (all three are in the suborder Corynebacterineae, 

phylum Actinobacteria) and Microbacterium (suborder Micrococcineae, phylum Actinobacteria) 

[1, 15-22]. Both xplA and its partnering xplB gene (encodes a flavin reductase) are carried by a 

plasmid, and research suggests that they are likely part of a class I transposable element [20]. 

A limited number of studies have investigated the occurrence of RDX functional genes in 

different environments. One project examined RDX-contaminated groundwater from two sites 

(Pueblo Chemical Depot and Picatinny Arsenal) where bioremediation was ongoing [2]. Using 

conventional PCR the authors were not able to detect any of the five RDX functional genes 

investigated (xplA, hydA, onr, xenA, xenB)[2]. A recent metagenomic study on ovine rumen 

microbiota capable of RDX degradation found sequence homologues to five RDX-degrading 
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genes (diaA, xenA, xenB, xplA and xplB) [23]. Among these, diaA was the most abundant, 

followed by xenA and xenB. In contrast, xplA and xplB were barely detectable and homologues 

of nsfI were not detected [24]. 

In the current study, the abundance of three functional genes (xplA, xenA and xenB) 

associated with RDX degradation was investigated in RDX-degrading microcosms derived from 

two Naval sites. It was deemed important to include xplA, given the large and growing interest in 

this gene. The genes xenA and xenB were included because previous research indicated 

Pseudomonadaceae were important for RDX degradation in environmental samples or in situ [2, 

3, 6]. In addition, the microbial community linked to RDX degradation was examined using high 

throughput sequencing. This research investigated 1) RDX degradation, 2) the abundance of 

three RDX functional genes, and 3) microbial community changes in microcosms derived from 

sediment at three to five different depths from two wells at one Navy site. The same objectives 

were investigated using microcosms consisting of groundwater obtained from both upstream and 

downstream of a buffered emulsified oil biobarrier from a second Navy site. The biobarrier had 

been installed to facilitate bioremediation of RDX, octahydro-1,3,5,7-tetranitro-1,3,5,7-

tetrazocine (HMX, another explosive) and perchlorate.  

 

Methods 

Chemicals 

RDX dissolved in acetonitrile was purchased from Cambridge Isotope Laboratories, Inc. 

(Tewksbury, MA). HPLC grade acetonitrile (≥99.8 % purity) was purchased from EMD 

Chemicals Inc. (New Jersey, USA). Other reagents were purchased from Sigma-Aldrich (St. 

Louis, MO, USA), Fisher BioReagent (New Jersey, USA), or Invitrogen (Carlsbad, CA, USA) 
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unless otherwise stated. 

 

Experimental design 

Sediment samples from different depths (5, 10, 20, 25 and 30 ft deep) were collected 

from two wells (MW 61 and MW 58), both located on an RDX-contaminated U.S. Navy site 

(Bangor Trident Base, WA, hereafter, called site 1). Groundwater samples from a second U.S. 

Navy site (Dahlgren, VA, site 2) were collected from both upstream and downstream of an 

installed buffered emulsified oil biobarrier. 

From each sample, triplicates of live and killed abiotic controls (autoclaved) microcosms 

were prepared. The microcosms were established as previously described, with modifications 

[18, 25]. Briefly, each microcosm consisted of a 60 mL serum bottle containing 4 mL of a 

minimal salts media (MSM) (28, 34), 10 mg L-1 RDX dissolved in acetonitrile (as the sole 

nitrogen source), and the sample: either 2 g sediment (wet weight) or 1 mL groundwater. Live 

microcosms with an equal volume of acetonitrile, but not containing RDX, were also prepared as 

described above in triplicate for all sediment and groundwater samples. Finally, because an 

additional carbon source is commonly used to accelerate RDX biodegradation at contaminated 

sites, live and killed abiotic control microcosms were prepared for the groundwater samples with 

the addition of 201.6 mg L-1 glucose. All microcosms were sealed with rubber stoppers and 

aluminum seals and were covered with aluminum foil to prevent photodegradation. The sediment 

microcosms were incubated between 6 to 19 weeks. while the groundwater microcosms were 

incubated between 9 to 15 weeks. All microcosms were stored at room temperature (~20 °C) 

without shaking. 

 



75 

 

Analytical methods 

RDX concentrations were determined using high performance liquid chromatography 

(HPLC) as previously described [18] with modifications. For each microcosm, a 0.2mL aliquot 

was extracted with a 1 mL BD syringe (with a 21-gauge needle) and combined with an equal 

volume of acetonitrile in a 1.7 mL sterile microcentrifuge tube. Tubes were shaken for 30 min at 

room temperature to extract RDX from microcosm aliquot. The samples were then centrifuged 

for 5 minutes at 10,000 x g and the supernatant was filtered using acetonitrile-wetted filters 

(PVDF, 0.22 μm, Whatman) into HPLC amber vials (Sigma-Aldrich, St. Louis, MO, USA). 

External standards for the calibration curve were prepared with a dilution factor of 2 to account 

for the sample dilution at the liquid-liquid extraction step. The HPLC parameters were as 

follows: column: injector volume, 20 µL for samples and standards; isocratic conditions (40% 

acetonitrile and 60% 0.1% H3PO4
- acidified water, 1 mL min-1); Supelco C18 (25 cm X 4.6 mm, 

5 µm); Perkin Elmers Series 200 autosampler; PE binary LC Pump 250; Waters UV detector; 

wavelength 255 nm (detection limit was 500 µg/L). 

 

DNA extraction  

DNA was extracted from all live microcosms inoculated with sediment or groundwater 

(RDX-amended and live controls). For this, DNA was extracted from analiquot of 0.5 mL 

removed from each live microcosm using 1 mL BD syringes (21-gauge needle).  For the 

sediment microcosms, (site 1), DNA extraction occurred for aliquots removed at 2 time points 

for all depths (MW 61 at days 45 and 90; MW 58 at days 90 and 130). For the groundwater 

microcosms (site 2), DNA was extracted at day 67 and 100 for the downstream and upstream 

groundwater samples, respectively. In addition, the total genomic DNA was extracted in 
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triplicate from all original sediment and water samples collected at the two U.S. navy sites to 

establish the baseline microbial community (called No RDX, Time 0). The Power Sediment 

DNA extraction kit (MO BIO Laboratories, Inc., Carlsbad, CA) was used to all DNA extractions 

following the manufacturer's recommended procedure. 

 

Quantitative PCR (qPCR) 

Gene copy numbers for three functional genes associated with RDX degradation were 

investigated using qPCR. Quantification was performed in triplicate using DNA extracted from a 

subset of the RDX degrading microcosms, live controls (no RDX) and initial samples 

(groundwater or sediment). Primers were designed to target xplA, xenA and xenB using Primer-

BLAST (http://www.ncbi.nlm.nih.gov/tools/primer-blast/) (Table S4.1) and the primers were 

supplied by Integrated DNA Technologies (IDT, Coralville, IA). Although primers have been 

published for several of these genes (for example [2]), new primers were designed to be current 

with the new sequence data available in GenBank.  

Amplification and qPCR measurements were conducted in a Chromo 4 real-time PCR 

cycler (Bio-Rad, Philadelphia, PA) using a QuantiTect SYBR Green PCR Kit (Qiagen Inc.) and 

the primer sets for xplA, xenA and xenB. Each 25-μL qPCR reaction contained 12.5 μL 

QuantiTect SYBR Green PCR Master Mix solution, 1.25 μL each 10 uM primer, 8 μL DNA-free 

water and 2 μL DNA template. The thermal protocol consisted of an initial denaturation (95°C, 

15 min), 40 cycles of amplification (95°C, 15 s; 58°C, 20 s; 72°C 20 s), and a terminal extension 

step (72°C, 2 min). Melting curves were constructed from 55°C to 95°C and read every 0.6°C for 

2 s.     

Standard curves were developed in triplicate using plasmid DNA (partial xplA xenA and 
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xenB sequences, Table S4.1). The number of gene copies was calculated using as described 

previously [26] (plasmid size was 2710 bp, in addition to inserts of 382 bp for xplA, 324 bpfor 

xenA and 351 bp for xenB). For all standard curves, the range of target gene copies was 103-1010 

and the overall qPCR efficiency was 100.22% (Table S4.2).  

 

MiSeq Illumina sequencing and data analysis  

Total genomic DNA extracted from all live microcosms (both sediment and groundwater 

microcosms) was submitted for high throughput sequencing (MiSeq Illumina Sequencing) at the 

Research Technology Support Facility (RTSF) at Michigan State University (MSU, East 

Lansing, MI). 

PCR and Illumina sequencing were performed at RTSF using a previously described 

protocol [27], which involves the amplification of the V4 region of the 16S rRNA gene using a 

set of multiplex indexed primers. Following amplification, individual reactions were quantified 

(Picogreen assay), a pool of equimolar amounts of each was made, and these were purified using 

Ampure XP beads. A final gel purification step was included to ensure non-specific products 

were eliminated. The combined library was loaded onto the Illumina MiSeq Platform using a 

standard MiSeq paired end (2x250 bp) flow cell and reagent cartridge. 

The amplicon sequencing data generated by the Illumina MiSeq Platform (*.fastq files) were 

analyzed using the Mothur software [28] following the MiSeq standard operating procedure 

(SOP) developed by Schloss (http://www.mothur.org/wiki/MiSeq_SOP). This involved the 

construction of contigs, error and chimera removal followed by sequence alignment for OTU 

assignment based on the SILVA database [29]. Final data matrices were exported to Excel 2013 

SR-1 (Microsoft Corporation, Redmond, WA).  
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To identify which OTUs were responsible for the label uptake in each fraction at each time 

point, the relative abundance (RA, %) of each OTU was calculated. The RA of the most 

abundant phylotypes in the microcosms showing RDX degradation (relative abundance greater 

than 1%) were compared to the OTU RA values from the microcosms not amended with RDX 

and the initial samples (sediment or groundwater) to determine which of the most abundant 

phylotypes were linked to RDX uptake. All Illumina sequencing data generated in this study 

were deposited in the NCBI Sequence Read Archive under Bioproject Number PRJ302752. 

 

Results 

RDX degradation and quantitative PCR (qPCR) 

RDX degradation occurred in both sediment (MW 58 and 61) and groundwater (GW) 

microcosms amended with RDX but not in the abiotic controls, confirming biological removal 

(Figures 4.1, 4.2, 4.3). RDX degradation appeared to occur faster in microcosms derived from 

MW 61 compared to MW 58. For both experiments, no clear trends between sediment depth and 

RDX removal rates were observed. In general, RDX removal was greater at day 67 in the 

microcosms inoculated with groundwater from downstream of the biobarrier (Figure 4.4A & B) 

compared to derived from groundwater upstream of the biobarrier (Figure 4.4C & D). Total 

genomic DNA extracted from all of the original samples (time 0) and from the live microcosms 

inoculated with sediment or groundwater (RDX-amended and No-RDX controls) were subject to 

qPCR to enumerate RDX functional genes and Illumina sequencing to identify the dominant 

phylotypes.  
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Figure 4.4. Average (±SD, and n= 3) gene copies of xplA (A), xenA (B) and xenB (C) in the 

initial samples, RDX- and No-RDX- amended microcosms containing sediment from well 58 

at 5 ft, 10 ft and 25 ft depth on day 90 and 130 (a, b and c indicate the three replicates of each 

treatment).  
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 Three functional genes (xplA, xenA and xenB) were quantified in both the initial MW 58 

sediment samples and in microcosms inoculated with sediment from three depths (MW 58) at 

two time points (days 90 and 130) during RDX degradation (Figure 4.4). Similarly, both the 

initial sediment samples and microcosms inoculated from sediment from three depths at two time 

points (days 45 and 90) were investigated from MW 61 (Figure 4.5). Finally, the three functional 

genes were also quantified in groundwater (upstream and downstream of the biobarrier) and in 

groundwater inoculated microcosms (Figure 4.6). 

In MW 58 microcosms, the number of gene copies of xplA, xenA and xenB increased over 

time in all RDX-amended microcosms, in all tested depths (Figure 4.4). Also, the number of 

gene copies of xplA, xenA and xenB in the No-RDX microcosms and in the initial samples were 

lower than the RDX-amended microcosms, indicating a positive relationship between RDX 

degradation and functional gene copy numbers for all tested depths from MW 58. The difference 

in gene copy numbers between the RDX amended samples and No-RDX controls from MW 58 

were statistically significant (p <0.05) for all three functional genes at both time points (Table 

4.1).  

In MW 61, for RDX-amended microcosms from all depths, the difference between the 

log value of xplA gene copies per gram of day 45 and 90 were not as great as the difference 

between RDX-amended microcosms of day 90 and 130 from MW 58 (Figure 4.5A). Still, RDX-

amended microcosms contained higher numbers of gene copies of xplA compared to the No-

RDX microcosms and initial sample at all depths. Again, the differences between the RDX 

amended microcosms and the No-RDX controls were statistically different (p <0.05) at both time 

points for MW 61 (Table 4.1).  
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Figure 4.5. Average (±SD, and n= 3) gene copies of xplA (A), xenA (B) and xenB (C) in the 

initial samples, RDX- and No-RDX- amended microcosms containing sediment from well 61 

at 5 ft, 10 ft and 20 ft depth on day 45 and 90 (a, b and c indicate the three replicates of each 

treatment).  
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Table 4.1. T-test results (p values) comparing xenA, xenB and xplA gene copies between RDX 

amended samples and the No-RDX controls from sediment and groundwater inoculated 

microcosms.  

 

 

 
 

NS=not significant 

  

Gene 

Sediment Microcosms Groundwater Microcosms 

Well 58 

Day 90 

Well 58 

Day 130 

Well 61 

Day 45 

Well 61 

Day 90 

Well 10 

(upstream) 

Well 1 

(downstream) 

xplA 0.0128 0.0416 0.0000 0.0003 NS 0.0274 

xenA 0.0395 0.0003 NS NS NS NS 

xenB 0.0010 0.0480 NS 0.0497 NS 0.0387 
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Regarding xenA measurements for MW 61 microcosms, those containing sediments from 

the 5ft-depth did not show clear differences between RDX-amended and No-RDX microcosms. 

In some cases, the RDX-amended microcosms containing sediments from 10- and 20- ft depths 

yielded more xenA copies compared to live controls and the initial samples (Figure 4.5B). 

However, there was no statistically significant difference between the RDX amended samples 

and No-RDX controls for xenA from MW 61 (Table 4.1).  

The xenB abundance in MW 61 RDX-amended microcosms on day 45 and 90 was higher 

than xenB abundance in No-RDX microcosms and initial samples from sediment depths of 20 ft 

(Figure 4.5C). For microcosms containing sediments from 5 and 10 ft deep, no clear difference 

was observed between RDX-amended and No RDX microcosms (Figure 4.5C). For MW 61, 

there was no statistically significant difference in xenB copy numbers between the RDX 

amended microcosms and the No-RDX controls for day 45, however there was a difference (p < 

0.05) for day 90 (Table 4.1).  

The groundwater microcosms showed an overall trend of higher functional gene copy 

numbers in downstream microcosms than in upstream microcosms (Figure 4.6). For the 

downstream microcosms (Figure 4.6A), there was a statistically significant difference (p < 0.05) 

in xplA gene copies in the RDX amended microcosms compared to the No-RDX microcosms 

(Table 4.1). However, no significant difference was noted for xplA in the upstream microcosms 

(Figure 4.6B). 

In the downstream microcosms, xenA gene abundance appeared to increase in RDX-

amended microcosms (with and without glucose) compared to the No-RDX controls (Figure 

4.6C), however, this difference was not statistically significant.  Similarly, there was no 

difference in the upstream microcosms compared to the No-RDX controls for xenA (Figure 
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4.6D).  

RDX-amended microcosms from the downstream groundwater samples illustrated a 

higher abundance of xenB compared to initial sample and the No RDX-amended microcosms 

(Figure 4.6E). For the downstream groundwater, RDX-amended microcosms without glucose 

showed a greater difference between the experiment and live control. On the other hand, glucose 

addition increased xenB abundance in the upstream treatment (Figure 4.6F). The difference 

between the RDX amended samples and No-RDX controls for xenB was statistically significant 

(p<0.05) only for the downstream microcosms (Table 4.1). For the upstream experiments, it is 

unclear why the xenB gene abundance values were lower in RDX-amended and No-RDX 

microcosms without glucose compared to the initial sample (Figure 4.6F).  

 

MiSeq Illumina sequencing and data analysis  

The relative abundance (RA, %) of phylotypes were calculated using high throughput 

sequencing analysis (MiSeq Illumina/Mothur) of the DNA extracted from initial samples (time 

0), microcosms following RDX degradation, and live controls (No- RDX controls) of MW 58 

(Figure 4.7), MW 61 (Figure 4.8) and GW down- and upstream experiments (Figure 4.9). A 

comparison of RA values illustrated that for each experiment, several phylotypes increased in 

abundance in microcosms amended with RDX compared to the controls (time 0 and No-RDX 

microcosms). 
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Figure 4.7. Relative abundance (RA, %) of phylotypes in DNA extracted from initial samples, RDX- and No-RDX- amended 

microcosms containing sediments from MW 58 at depths 5 (A, B), 10 (C, D) and 25 ft (E, F) at day 90 and 130 in triplicates. 
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Figure 4.8. Relative abundance (RA, %) of phylotypes in DNA extracted from initial samples, RDX- and No-RDX- amended 

microcosms containing sediments from MW 61 at depths 5 (A, B), 10 (C, D) and 20 ft (E, F) at day 45 and 90 in triplicates. 
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Figure 4.9. Relative abundance (RA, %) of phylotypes in DNA extracted from initial samples, RDX- and No-RDX- amended 

microcosms (both with and without glucose) containing groundwater from downstream (A and B, day 67) and upstream (C and D, 

day 100) of an installed buffered emulsified oil biobarrier in triplicates. 
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For MW 58, the most abundant phylotypes in the RDX-amended microcosms from the 5 

ft depth on day 90 were Yersinia, Dyella, Clostridium (stricto senso and IV), Burkholderia and 

Pseudomonas (Figure 4.7A). Still, Burkholderia and Pseudomonas also presented high RA in 

time 0 and live controls, respectively. On day 130, at 5 ft depth, while Yersinia and Dyella, were 

still among the most dominant phylotypes in the RDX-amended samples, Sporotalea, 

Mucilaginibacter and Paenibacillus also increased in abundance during RDX degradation 

compared to the controls. Similar to day 90, Pseudomonas and Burkholderia presented high RA 

not only in the RDX-amended microcosms, but also in time 0 and live controls (Figure 4.7B). 

For depths 10 ft (Figure 4.7C) and 25 ft (Figure 4.7E), the genus Pseudomonas presented 

the highest RA in all RDX-amended microcosms from day 90. Although a high RA of 

Pseudomonas was also observed in the No-RDX microcosms at depth 10 ft on day 90, this 

genus’ RA was higher in the RDX-amended microcosms (Figure 4.7C). On day 130, 

Pseudomonas still showed the highest RA in the RDX-amended microcosms at 25 ft (Figure 

4.7F), but for the 10 ft RDX-amended microcosms, Acidovorax illustrates the highest RA (Figure 

4.7D). Other genera presenting higher RA in RDX-amended microcosms compared to time 0 and 

live controls at 10 ft depth were Arthrobacter on day 90 (Figure 4.7C) and Tissierella, 

unclassified Caulobacteraceae, Caulobacter and unclassified Alcaligenaceae on day 130 (Figure 

4.7D). At depth 25 ft, Pseudomonas, unclassified Enterobacteriaceae, unclassified Bacillales, 

unclassified Alphaproteobacteria, Sporolactobacillus and Arthrobacter illustrated high RA in 

RDX-amended microcosms compared to time 0 and live controls at day 90 (Figure 4.7E) while 

Rhodococcus, Arthrobacter, unclassified Actinomycetales and unclassified Enterobacteriaceae 

showed high RA in RDX-amended microcosms compared to time 0 and live controls on day 130 

(Figure 4.7F).  
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For MW 61, on day 45, the phylogenetic analyses from the sediment microcosms 

illustrated that Pseudomonas and Sporolactobacillus increased in abundance in the RDX-

amended microcosms compared to the controls, thus indicating these phylotypes are important 

for RDX removal (Figure 4.8A, C, E).  

On day 90, a change in the most dominant phylotypes occurred in most depths. At depth 

5 ft, unclassified Betaproteobacteria, Methylophilus and unclassified Chitinophagaceae showed 

higher RA in the RDX-amended microcosms compared to time 0 and live controls (Figure 4.8B). 

At depth 10 ft, Methylophilus, Sediminibacterium, and Albidiferax showed the highest RA in 

RDX-amended microcosms, but Sediminibacterium also showed high RA at time 0 (Figure 

4.8D). At depth 20 ft, Pseudomonas, Methylophilus and Albidiferax showed the highest RA in 

RDX-amended microcosms, but Pseudomonas also showed high RA at time 0 (Figure 4.8F).  

Overall, for MW 58, the genera that were more dominant in the RDX-amended 

microcosms throughout the tested depths and time points included Arthrobacter, Pseudomonas, 

Rhodococcus, unclassified Comamonadaceae and unclassified Enterobacteriaceae (Table 4.2). 

For MW 61, Pseudomonas was the most dominant genus thus being related to RDX removal 

throughout the tested depths and time points. Other dominant genera in the RDX-amended 

microcosms included Clostridium sensu stricto, Methylophilus, Pedobacter, Sporolactobacillus, 

Stenotrophomonas, unclassified Alcaligenaceae and unclassified Bacteria (Table 4.3). 

Interestingly, several dominant phylotypes were common to both MW 58 and MW 61 in most 

depths. Specifically, both Pseudomonas and spore forming bacteria (for example, Clostridium 

stricto senso, Clostridium IV, Sporolactobacillus) were related to RDX degradation as they 

increased in abundance in the RDX-amended microcosms compared to the controls. 
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Table 4.2. Most dominant phylotypes in DNA extracted from RDX- amended microcosms 

containing sediments from MW 58 at depths 5, 10 and 25 ft depth at day 90 and 130 and analyzed 

by MiSeq Illumina.   

 

 

 

Genus 

Well 58 - Day 90 Well 58 - Day 130 

Total 5 ft 10 ft 20 ft 5 ft 10 ft 20 ft 

Arthrobacter X X X  X X 5 

Pseudomonas X X X X  X 5 

Rhodococcus X X X  X X 5 

unclassified 

Comamonadaceae  X X X  X 4 

unclassified 

Enterobacteriaceae X  X X  X 4 

Brevundimonas  X X  X  3 

Caulobacter    X X  3 

Burkholderia X   X   2 

Cupriavidus  X    X 2 

Dyella X   X   2 

Mucilaginibacter X   X   2 

Rhodanobacter  X    X 2 

Sphingomonas  X    X 2 

unclassified Actinomycetales  X    X 2 

Yersinia X   X   2 

Acidovorax     X  1 

Clostridium IV X      1 

Clostridium sensu stricto X      1 

Paenibacillus    X   1 

Pedobacter   X    1 

Sediminibacterium     X  1 

Sporolactobacillus   X    1 

Sporotalea    X   1 

Stenotrophomonas      X 1 

Tissierella     X  1 

unclassified Alcaligenaceae     X  1 

unclassified 

Alphaproteobacteria   X    1 

unclassified Bacillales   X    1 

unclassified Caulobacteraceae     X  1 

unclassified Microbacteriaceae  X     1 
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Table 4.3. Most dominant phylotypes in DNA extracted from RDX- amended microcosms 

containing sediments from MW 61 at depths 5, 10 and 20 ft depth at day 45 and 90 and analyzed 

by MiSeq Illumina.   

 

Genus 

Well 61 - Day 45 Well 61 - Day 90 

Total 5 ft 10 ft 20 ft 5 ft 10 ft 20 ft 

Pseudomonas X X X  X X 5 

Clostridium sensu stricto X X X    3 

Methylophilus    X X X 3 

Pedobacter X X  X   3 

Sporolactobacillus X X X    3 

Stenotrophomonas X X X    3 

unclassified Alcaligenaceae X X X    3 

unclassified Bacteria  X  X X  3 

Albidiferax     X X 2 

Cellulomonas X X     2 

Mucilaginibacter  X  X   2 

Rhodococcus     X X 2 

Sediminibacterium     X X 2 

unclassified Bacteroidetes    X X  2 

unclassified Chitinophagaceae    X X  2 

unclassified Cystobacteraceae     X X 2 

unclassified Proteobacteria    X X  2 

Yersinia X  X    2 

Acinetobacter      X 1 

Brevundimonas   X    1 

Burkholderia X      1 

Clostridium IV X      1 

Clostridium XlVa   X    1 

Luteibacter  X     1 

Ralstonia      X 1 

Rhodanobacter   X    1 

Sphingomonas    X   1 

unclassified 

Betaproteobacteria    X   1 

unclassified 

Gammaproteobacteria    X   1 

unclassified Oxalobacteraceae      X 1 

unclassified Peptococcaceae_1   X    1 

unclassified 

Sphingobacteriaceae      X 1 



96 

 

For the downstream groundwater microcosms, Pseudomonas illustrated the greatest RA 

in the RDX-amended microcosms, with or without glucose (Figure 4.9A, B). This genus also 

increased in the No-RDX amended microcosms, but showed lower RA compared to RDX-

amended microcosms. The RA of Pseudomonas in downstream time zero microcosms, with or 

without glucose, was lower than the No- and RDX-amended microcosms (Figure 4.9A, B). 

Following Pseudomonas, other genera presenting higher RA included Rhodococcus, unclassified 

Rhodocyclaceae and Sphingomonas for the RDX-amended microcosms not containing glucose 

(Figure 4.9A) and unclassified Rhodocyclaceae, Sphingomonas, Azospira and Geotrix for RDX-

amended microcosms containing glucose (Figure 4.9B). 

Pseudomonas was also detected in the upstream groundwater study as a putative RDX 

degrader when glucose was present (Figure 4.9D), but did not present a high RA in the RDX-

amended microcosms not containing glucose (Figure 4.9C). In these microcosms, unclassified 

Chitinophagaceae, Geobacter, unclassified Bacteroidetes, Paludibacter and unclassified 

Bacteria presented the highest RA (Figure 4.9C). Overall, Pseudomonas and unclassified 

Rhodocyclaceae were the most dominant genera in the RDX-amended microcosms (with or 

without glucose) in both the down- and upstream microcosms (Table 4.4). These data indicate, 

that, similar to MW 58 and 61, Pseudomonas also played an important role in RDX removal in 

the groundwater microcosms.  
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Table 4.4. Most dominant phylotypes in DNA extracted from RDX- amended microcosms (both 

with and without glucose) containing groundwater from downstream and upstream of an installed 

buffered emulsified oil biobarrier and analyzed by MiSeq Illumina.   

 

 

 

  

Genus 

Downstream Upstream 

Total RDX RDX+Glucose RDX RDX+Glucose 

Pseudomonas X X X X 4 

unclassified 

Rhodocyclaceae X X X  3 

Rhodococcus X  X  2 

Simplicispira X   X 2 

Sphingomonas X X   2 

unclassified 

Bradyrhizobiaceae X X   2 

Cupriavidus X  X  2 

unclassified 

Betaproteobacteria X X   2 

Azospira  X X  2 

Ralstonia  X   1 

Geothrix  X   1 

Curvibacter   X  1 

unclassified 

Bacteroidales   X  1 

unclassified 

Clostridiales   X  1 

unclassified 

Chitinophagaceae    X 1 

Geobacter    X 1 

unclassified 

Bacteroidetes    X 1 

unclassified 

Bacteria    X 1 

Paludibacter    X 1 

unclassified  

Holophagaceae    X 1 
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Discussion 

The biological removal of RDX has been widely reported, however a large number of 

these studies were based on culture based methods of microbial isolation. Because of this, the 

potential for any site to naturally biodegrade RDX becomes difficult to predict. The use of 

molecular tools to study RDX-degraders aims to overcome this limitation. To date, a range of 

molecular methods have been used to study microbial communities at RDX contaminated sites, 

including terminal restriction fragment length polymorphism (TRFLP), lipid biomarker analysis 

[30], denaturing gradient gel electrophoresis [31-33], amplified 16S rRNA restriction analysis 

(ARDRA) [34], cloning and Sanger sequencing [31, 33-35]. There also have been studies 

applying SIP to examine RDX degradation [5, 25, 36-38] and, recently, high throughput 

sequencing has been applied to examine RDX degrading microbial communities [39, 40]. 

This study contributes to an improved understanding of RDX degradation by using two 

approaches. Firstly, the most dominant microorganisms in RDX degrading microcosms 

containing sediment from different depths or groundwater from down- and upstream of an 

emulsified biobarrier following RDX degradation were identified using high throughput 

sequencing. While it cannot be stated that these microorganisms were growing using RDX as a 

carbon, nitrogen or energy source specifically, the study illustrates the phylotypes illustrating an 

increase in RA following RDX degradation benefited from this process. Secondly, the functional 

genes xenA, xenB and xplA were quantified in these microcosms (containing sediment or 

groundwater under different conditions) following RDX degradation. To our knowledge, the 

distribution of RDX degraders or their functional genes throughout the soil profile for a 
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contaminated site has not previously been reported. Additionally, the literature does not contain 

such information for groundwater samples surrounding a biobarrier. 

The known RDX degrading bacterial isolates classify within the phyla Firmicutes, 

Actinobacteria, Proteobacteria and Fusobacteria. Bacteroidetes, Chlorobi and Fibrobactere 

have also been listed in RDX-degradation studies, although RDX degrading isolates have not 

been reported from these phyla [41]. The current study found that phylotypes from Firmicutes, 

Actinobacteria, Proteobacteria, Acidobacteria and Bacteroidetes benefited from RDX 

degradation. 

The phylum Firmicutes contains RDX degrading bacteria within the Clostridia or Bacilli 

[40, 42-50]. In fact, the first anaerobic RDX-degrader isolated was Clostridium bifermentans 

[44]. In the current study, Clostridium sensu stricto, Clostridium IV, Tissierella and unclassified 

Clostridiales, as well as several Bacilli (Paenibacillus, Sporolactobacillius, and unclassified 

Bacillales) were among the most dominant phylotypes following RDX degradation in the 

microcosms inoculated with sediment from MW 61. Sporotalea, belonging to the class 

Negativucutes (Firmicutes) was enriched in MW 61 at 5 ft depth and has not been previously 

related to RDX degradation. Sporolactobacillus exhibited the highest RA at the first time point at 

5 ft and 10 ft depth from MW 61. A study on RDX degradation in groundwater samples from 

two navy sites (Pueblo Chemical Depot, CO and Picatinny Arsenal, NJ) has also detected 

Clostridium and Sporolactobacillus among the dominant 16S rRNA gene sequences [2]. 

Sporotalea has been previously found in the intestinal tract of soil-feeding termite [51] and 

detected in a propane biostimulation study in biologically activated carbon [52].  
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Actinobacteria is also an important phylum related to RDX degradation. The known 

RDX degrading isolates include the genera Rhodococcus [15, 16, 19, 21, 53-56] , Williamsia 

[18] and Gordonia [18, 57]. From the Actinobacteria, the current work indicates that 

Rhodococcus and Arthrobacter increased in abundance following RDX degradation. For the 

groundwater microcosms, Rhodococcus was present in microcosms from both downstream 

(without glucose) and upstream (with glucose) of the biobarrier. A previous SIP study of 

contaminated sediments from the same Navy site (Dahlgren, VA) reported the presence of 16S 

rRNA genes of Azohydromonas and Rhodococcus when RDX degradation occurred without the 

presence of glucose [40]. The presence of Rhodococcus in the sediment microcosms studied here 

was observed at most depths and time points from both MW 58 and 61 (Bangor, WA). 

Rhodococcus was present in the RDX-amended microcosms, and in the No-RDX amended 

microcosms as well as the initial samples. The presence of Rhodococcus throughout all 

treatments may be explained by the previous selection of RDX degraders at these contaminated 

sites. Arthrobacter was present in MW 58 throughout the depths except for 5 ft depth on day 

130, but similar to Rhodococcus, Arthrobacter did not present a clear correlation with RDX 

degradation. 

RDX degrading isolates in the phylum Proteobacteria are found within the Alpha-, 

Gamma- and Deltaproteobacteria. In the current study, Alpha-, Gamma- and Betaproteobacteria 

were recovered from the RDX-amended microcosms from all sites.  

Alphaproteobacteria phylotypes enriched following RDX degradation in the current 

study included unclassified Caulobacter and unclassified Alphaproteobacteria. For the 

Betaproteobacteria, the phylotypes Methylophilus, Albidiferax, Acidovorax and unclassified 
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Rhodocyclaceae were enriched following RDX degradation. Acidovorax was the most abundant 

phylotype on MW 58 10 ft depth at day 130 in the RDX-amended microcosms and the phylotype 

seemed to benefit from RDX degradation in those microcosms. The unclassified Rhodocyclaceae 

partial 16S rRNA gene sequence was found to be 100 % similar to Propionivibrio militaris 

(NCBI reference sequence: NR_125528.1), a perchlorate-reducing bacteria [36]. In MW 61, at 

10 ft depth at day 130, Methylophilus was the most dominant phylotype in the RDX-amended 

microcosms but was not enriched in the No-RDX control and initial sample.  No pure cultures of 

Betaproteobacteria have been shown to be capable of RDX degradation [40]. 

The Gammaproteobacteria phylotypes detected as most abundant (high RA) in RDX-

amended microcosms in this study were Pseudomonas, Yersinia, Stenotrophomonas and 

unclassified Enterobacteriaceae. Among these, Pseudomonas was the most enriched phylotype 

in many of the RDX-amended microcosms of MW 58, MW 61 and groundwater. In some cases, 

the No-RDX controls did not present a high RA for this phylotypes (i.e., Figure 4.7E, F, MW 58 

25 ft depth) and in other cases, Pseudomonas increased also in the No-RDX controls (i.e., Figure 

4.8A, D, groundwater). Similar to Rhodococcus, this may be explained by the fact that the 

samples originated from two contaminated sites, where the selection of RDX degraders may 

have already occurred. Confirming the data from the current study, the participation of 

Pseudomonas in RDX degradation has been previously reported [50, 58]. Yersinia was also 

abundant in some MW 58 RDX amended microcosms but not in the No-RDX controls and the 

initial sample.  These results are consistent with previous research, as many 

Gammaproteobacteria isolates have been linked to RDX degradation [14, 40, 50, 58-62]. 
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RDX degradation also appeared to benefit phylotypes belonging to the phylum 

Acidobacteria (Dyella, MW 58 5ft depth), as well as the phylum Bacteroidetes 

(Mucilaginibacter, Pedobacter and unclassified Chitinophagaceae, MW 58 5 ft depth and MW 

61 5 and 10 ft depth). Although Acidobacteria are widespread and abundant in soils, little is 

known about these organisms [63]. Acidobacteria Gp1 and Gp 3 [25] as well as an uncultured 

Acidobacteria bacterium clone [64] have been associated with RDX degradation (in mixed 

cultures), but the genus Dyella has not yet been linked to RDX biodegradation. The genus Dyella 

has been isolated with an ability to biodegrade biphenyl, polychlorinated biphenyls, benzoate and 

naphthalene [65-67].  

For the phylum Bacteroidetes, uncultured bacterium clones belonging to Sphingobacteria  

[64], unclassified Sphingobacteriales [25] and unclassified Chitinophagaceae [38] have been 

previously reported in RDX-biodegradation related studies. The genera Pedobacter and 

Mucilaginibacter were enriched in the current study and both belong to the family 

Sphingobacteriaceae. Unclassified Chitinophagaceae (class Sphingobacteria) was also among 

the most abundant phylotypes in the RDX-amended microcosms. The unclassified 

Chitinophagaceae partial 16S rRNA gene sequence recovered in the current study was 98 % 

similar to Sediminibacterium salmoneum (NCBI reference sequences: NR_114255.1 and 

NR_044197.1), a cultivable bacteria isolated from sediments of an eutrophic reservoir in China 

[68].  

The nitro groups are often involved in RDX transformation, by reduction or by 

denitration [41], followed by ring cleavage that leads to MEDINA or 4-nitro-2,4-diazabutanal 

(NDAB). The functional genes xenA and xenB, from Pseudomonas strains, have been associated 
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with these degradation products [8].  In the current study, xenA and xenB were widely detected in 

the sediment and groundwater microcosms. Here, the gene copies of xenA were significantly 

different (p < 0.05) between the RDX-amended samples and the No-RDX controls in the 

microcosms from MW 58. Gene copies of xenB were also significantly different (p < 0.05) 

between the RDX amended samples and No-RDX controls from these microcosms. 

Pseudomonas illustrated a high level of enrichment in many of these RDX amended samples too.  

A metagenomic study on ovine rumen microbiota found sequence homologues to five 

RDX-degrading genes including xenA and xenB [23]. Other studies (on environmental samples) 

have tested for xplA, hydA, onr, xenA or xenB in groundwater DNA [2] from Navy sites or xplA 

on DNA extracted from sediment microcosms [64]. Using conventional PCR, no RDX functional 

genes were detected. Thus, from the results in the current research, the use of a more sensitive 

method, such as qPCR, would be recommended for the future detection of these RDX functional 

genes.  

RDX denitration has been catalyzed by a cytochrome P450 enzyme  encoded by the xplA 

gene and this has been demonstrated in Rhodococcus strains DN22 [54], YH1 [17] and 11Y [19].  

The mechanism is thought to involve initial denitration followed by spontaneous ring cleavage 

and mineralization [15]. Here, xplA was more abundant in the majority (except Well 10) of the 

RDX amended microcosms compared to the No RDX controls.  

Rhodococcus was also found in many of the microcosms in this study, but a direct 

relationship between the increase in xplA gene copy numbers and an increase in Rhodococcus 

RA phylotypes in each microcosm over time (for sediments) was not observed. While the 

regulation of xplA has not yet been elucidated, resting-cell incubations of R. rhodochrous 11Y 
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have shown that although the activity towards RDX is present in the absence of RDX, activity 

significantly increased when cells were grown with RDX supplied as the sole nitrogen source 

[51]. 

An RDX degradation study detected xplA in 11 of the 16 soils tested [5] but, in some of 

the detected samples, no apparent correlation existed between the presence of the xplA gene or 

xplA gene copy number and RDX degradation under the conditions tested. Another study 

evaluated a bioaugmentation strategy at a Navy site, by detecting xplA from the bioaugmentation 

cultures Rhodococcus and Gordonia using qPCR [69].  

The capacity to monitor the presence of specific microorganisms and/or genes coding 

enzymes involved in RDX degradation in environmental samples is critical for remediation 

strategies that rely on in situ bioaugmentation, biostimulation or monitored natural attenuation. 

Towards this goal, xenA, xenB and xplA were enumerated in microcosms where RDX 

degradation was observed. Also, Illumina sequencing data indicated several phylotypes increased 

in abundance following RDX degradation compared to the initial soil and No-RDX controls. 

These trends suggest a growth benefit caused by the degradation of RDX as the microorganisms 

were directly benefiting from RDX or from RDX metabolites. Primers designed towards these 

phylotypes would be advantageous for investigating the feasibility of bioremediation across 

RDX contaminated sites. Combined with functional genes, these biomarkers can be used to 

estimate the genetic catabolic potential for degradation thus providing a strong argument 

supporting remediation through biological pathways.  
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Table S4.1. Sequence, target and amplicon length of the primers designed to amplify the three 

RDX-degrading functional genes.     

  

 

 

 

 

 

 

 

  

Target 

Gene 

Forward 

or 

Reverse 

Sequence (5´ to 3´) 

 

Tm 

(oC) 

Gene Target Match 

(Accession #) 

Target 

Match 

Position 

Target 

Size 

(bp) 

xplA Forward AGGCTATCGCCACGATTCTG 59.97 Rhodococcus 

rhodochrous strain 

11Y 

cytochrome P450-

like protein XplA 

(AF449421) 

1139 to 

1158 

382 

xplA Reverse ATCTGTCCCGCACAGGAATG 60.11 As above 1520 to 

1501 

382 

xenA Forward CACCATTCCCGAGACCAACA 

 

59.96 Pseudomonas putida 

xenobiotic reductase 

A (AF154061) 

909 to 928 324 

xenA Reverse TTTAGATTCGGGGGCTGCTG 

 

60.11 As above 1232 to 

1213 

324 

xenB Forward ACCTTCACCTATGTTGCTCGC 

 

60.68 Pseudomonas 

fluorescens 

xenobiotic reductase 

B (AF154062) 

931 to 951 351 

xenB Reverse CGTTTCTAGCGTTTCATGCGGT 

 

62.05 As above 1281 to 

1260 

351 
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Table S4.2. Characteristics of the standard curves used to enumerate xplA, xenA and xenB in 

sediment (MW 58 and 61) and groundwater (GW) microcosms.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

  

Gene  

 

Linear 

Range 

(target gene 

copies per 

reaction) 

Slope 

(average ± 

standard 

deviation) 

R2 

(average ± 

standard 

deviation) 

Amplification 

Efficiency (%) 

(average ± 

standard 

deviation) 

xplA MW 58 103-1010 -3.18±0.09 0.97±0.01 106.25±4.19 

xenA MW 58 103-109 -3.51±0.05 0.97±0.02 92.75±1.69 

xenB MW 58 103-1010 -3.59±0.02 0.99±0.002 90.10±0.56 

xplA MW 61 103-1010 -3.18±0.08 0.96±0.01 106.29±3.54 

xenA MW 61 103-109 -3.34±0.46 0.96±0.02 101.69±20.85 

xenB MW61 103-1010 -3.99±0.39 0.99±0.01 78.74±10.63 

xplA GW 103-1010 -3.51±0.33 0.95±0.02 93.95±12.87 

xenA GW 103-1010 -3.18±0.02 0.98±0.02 106.33±0.93 

xenB GW 103-1010 -2.83±0.19 0.97±0.01 125.87±12.88 
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CHAPTER 5 

CONCLUSIONS 

 

 The present work identified the key microorganisms responsible for the degradation of 

VC as well as the microorganisms benefiting from the degradation of RDX in samples derived 

from a number of contaminated sites (Chapters 2, 3 and 4).  

Regarding VC, the putative VC-degraders identified in this research include the genera 

Nocardioides, Pseudomonas and Ralstonia as well as the novel genera Brevundimonas, 

Tissierella, Rhodoferax Sediminibacterium, Aquabacterium and Variovorax (Chapters 2 and 3).  

For RDX, the most dominant phylotypes in microcosms containing sediment from 

different depths or groundwater from down- and upstream of an emulsified biobarrier following 

RDX degradation classified within the phyla Firmicutes, Actinobacteria, Proteobacteria, 

Acidobacteria and Bacteroidetes. In sediment microcosms, several dominant phylotypes were 

common to most depths in both studied wells. Specifically, Pseudomonas and spore forming 

bacteria (such as Clostridium and Bacilli) were associated with RDX degradation as their 

abundance increased in the RDX-amended microcosms compared to the controls. For the 

groundwater microcosms, Pseudomonas and unclassified Rhodocyclaceae were the most 

dominant genera in the RDX-amended microcosms (with or without glucose) in both of the 

down- and upstream groundwater inoculated microcosms. While it cannot be stated that these 

microorganisms were growing using RDX as a carbon, nitrogen or energy source specifically, 

the research detected the phylotypes illustrating a growth benefit caused by the degradation of 

RDX. SIP studies on these contaminated samples could clarify the relationship between these 

dominant phylotypes and RDX degradation. Overall, Chapter 4 provides novel information on 
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the distribution of potential RDX degraders throughout two soil profiles for a contaminated site 

as well as for groundwater samples surrounding a biobarrier. 

Despite the diversity of the newly discovered VC-assimilators, the functional gene etnE 

(associated with VC assimilation) was relatively conserved in the mixed culture, as the etnE 

sequences detected were similar to those found in Nocardioides (Chapter 2). Specific 16S rRNA 

primers were designed to quantify the novel phylotypes involved in VC degradation.  These 

primers were tested for specificity and successfully confirmed label uptake from VC by showing 

the accumulation of 13C in the 16S rRNA genes of Sediminibacterium, Aquabacterium and 

Variovorax. The primers designed in Chapter 3 could be used to quantify these phylotypes at 

contaminated sites. 

Specific primers towards the functional genes xenA, xenB and xplA, associated with RDX 

degradation, were designed and were used to quantify these genes in contaminated samples and 

experimental microcosms (containing sediment or groundwater under different conditions) 

following RDX degradation (Chapter 4). Limited data exists on the presence and abundance of 

these genes at contaminated sites, therefore these primers and this approach should be valuable 

for others interested in RDX bioremediation. 

 

Overall, the capacity to monitor the presence of specific microorganisms and/or genes 

coding enzymes involved in either VC or RDX degradation in environmental samples is critical 

for remediation strategies that rely on in situ bioaugmentation, biostimulation or monitored 

natural attenuation. Towards this goal, 16S rRNA biomarkers were developed for the novel 

phylotypes involved in VC degradation. The combination of functional genes and 16S rRNA 
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biomarkers can be used to estimate the genetic catabolic potential for degradation, thus providing 

a strong argument supporting remediation through biological pathways.  

 

Future work 

 To continue to improve our understanding of the biodegradation of VC and RDX at 

contaminated sites, the follow is suggested:   

 

• For the VC project: 

- Improvement on the isolation approaches, such as the use of a desiccator with 

ethene for incubation, to better select for VC-degraders (Brevundimonas, 

Tissierella, Rhodoferax Sediminibacterium, Aquabacterium and Variovorax). 

 

- qPCR of the functional genes (i.e. etnE for Chapter 3 and etnC for Chapters 2 and 

3) related to aerobic VC degradation in the SIP heavy fractions could further 

contribute to the estimation of the genetic potential for degradation by the mixed 

cultures. 

 

• For the RDX project: 

- SIP experiments on the sediments and groundwater samples could indicate which 

phylotypes are involved carbon or nitrogen uptake from RDX. 16S rRNA 

biomarkers could be developed for the RDX- degraders revealed by SIP studies. 
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- Because Clostridium and unclassified Enterobacteriacea were among the most 

dominant phylotypes, qPCR measurements of other RDX functional genes such 

as diaA, hydA and nsfI could further contribute to this research. 

 

 

- Future RDX biodegradation studies of functional pathways should involve the 

measurement of the RDX degradation products, such as MEDINA, NDAB, HMX, 

etc. 

 

 

 


