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ABSTRACT 

MICRORESPIROMETRY TO STUDY CERAMIDE-INDUCED MITOCHONDRIAL DYSFUNCTION IN DIABETIC 
RETINOPATHY 

By 

Yan Levitsky 

Diabetic retinopathy (DR) is a sight-threatening complication of diabetes mellitus and a leading cause of 

preventable vision loss worldwide. Classically regarded as a vascular disease, the clinically observable 

lesions and hallmark histopathological findings are found in the vascular compartment. The metabolic 

insults affecting retinal cells in DR are multifactorial and complex; however, hyperglycemia, dyslipidemia, 

and chronic inflammation are thought to be major contributors. Diabetic dyslipidemia affects systemic 

and local lipid metabolism driving the pro-inflammatory and pro-apoptotic retinal cell changes. 

Sphingolipids are known to play a key role in cell functioning. Ceramides, the central bioactive sphingolipid 

species, control cellular responses to cytotoxic stressors. Ceramides can be generated de novo or through 

sphingomyelinase pathways. Important in vivo and in vitro results have demonstrated that acid 

sphingomyelinase (ASMase)-induced ceramide generation is a major contributor to retinal barrier cell 

apoptosis in diabetes. Results from studies in ASMase knockout models have shown that these animals 

are resistant to an array of cytotoxic insults, confirming that ASMase-dependent ceramide generation is 

important for apoptosis execution. Recent reports have demonstrated mitochondrial ceramide 

accumulation in response to cytotoxic insults in animal and in vitro models. Limited observations of 

oxidative metabolism are reported in the literature as limited biological material is an impediment for 

comprehensive metabolic characterization of retinal cells in the context of DR. Removal of such obstacles 

lays the foundation for this work. 

Comprehensive metabolic examination of DR model systems requires highly sensitive, flexible, and 



accurate measurements of cell or organelle oxygen consumption, a functional measure of oxidative 

metabolism. The instruments which perform such a measurement are called respirometers. Though 

commercially available options exist they each present unique limitations which can be remediated by 

rational design of a dedicated microfluidics-based microrespirometer. 

The first part of this work focuses on the development of a sensitive and customizable method of 

measuring O2 consumption rates by a variety of biological samples in microliter volumes without 

interference from the aerobic environment. The work demonstrates use of 3D printing utilizing 

photopolymer (VeroClear) to reproducibly form micron-scale microchannels. The photopolymer 

demonstrated low oxygen permeability, optical clarity, and, in combination with optode-based O2 sensing, 

produced a microrespirometer showing > 100x dynamic range for O2 consumption rates. Measurements 

are demonstrated with solution-based, suspension-based, and adherent samples. 

The role of ASM-dependent mitochondrial ceramide accumulation in diabetes-induced retinal pigment 

ephithelial cell damage is described next. Mitochondria isolated from diabetic rat retinas (7 weeks 

duration) showed an increase in the ceramide-to-sphingomyelin ratio compared to controls whereas, the 

ceramide-to-sphingomyelin ratio was decreased in mitochondria isolated from ASM-knockout mouse 

retinas compared to wild-type littermates. Cellular ceramide was elevated in RPE cells derived from 

diabetic donors compared to control donors, with a corresponding increase in IL-1β, IL-6, and ASM 

expression. RPE from diabetic donors showed fragmented mitochondria and a decreased respiratory 

control ratio (RCR). Treatment of ARPE-19 cells with high glucose resulted in a decrease in citrate synthase 

activity at 72 h. Inhibition of ASM with desipramine (15 μM, 1 h daily) abolished the decreases in metabolic 

functional parameters. These results are consistent with diabetes-induced increase in mitochondrial 

ceramide through an ASM-dependent pathway leading to impaired mitochondrial function in RPE cells. 
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Chapter 1: Introduction 

1.1 Diabetes 

Diabetes mellitus (DM) is a chronic metabolic disorder characterized by elevations in serum glucose due 

to decreased production of insulin from the pancreas, type I diabetes, or impaired tissue response to 

serum insulin, termed type II diabetes. Corresponding to the rise in obesity and metabolic syndrome, type 

II diabetes accounts for approximately 90 – 95% of all cases whereas type I diabetes accounts for 

approximately 5% [1].  Diabetes mellitus is a major health concern with an estimated 10.5% of the current 

U.S. population affected by the disease [2]. If current incidence trends persist indefinitely, 1 in 3 persons 

could be diagnosed with diabetes by 2050 [1,2]. 

The clinical sequelae of diabetes are coarsely grouped into macro- and microvascular complications. The 

former includes pathologic changes to large caliber vessels increasing the risk for cardiovascular disease 

and stroke, whereas the latter are characterized by changes to small vessels resulting in diabetic 

retinopathy, nephropathy, and neuropathy [3]. As the prevalence of DM continues to increase, so too are 

the complication rates expected to rise. Despite such bleak predictions, delivery of health care is a 

powerful tool to stem the tide of disease. For instance, the annual incidence of diabetic retinopathy 

decreased 77% from 1980 to 2007, changes which are attributed to improvements in disease detection 

and management [4,5].  

1.2 Diabetic Retinopathy 

 1.2.1 Background 

In this work, attention is focused on diabetic retinopathy (DR), a common complication of DM and the 

leading cause of blindness among working age adults [5]. The 10-year incidence of DR has been estimated 

at 74% with an estimated 20 – 25% of diabetic patients developing sight-threatening macular edema in 
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the same time period [5]. Though secondary prevention measures and treatments are available, there are 

no known cures. 

 1.2.2 Clinical Perspective 

Diabetic retinopathy has long been considered a vascular disorder and clinical severity categorizations are 

based on observation of vascular lesions by fundoscopy. Signs of DR include microaneurysms, small red 

dots in superficial retinal layers signifying outpouching of a capillary wall. Dot and blot hemorrhages result 

from microaneurysm rupture whereas exudates accumulate due to leakage of serum through a faulty 

blood-retinal barrier (BRB). Local nerve-fiber layer infarctions are evident as cotton-wool spots and signal 

local regions of retinal non-perfusion. Other changes include venous loops and beading as well as 

remodeling of capillary beds, typically found adjacent to non-perfused regions [6]. 

Diabetic retinopathy is divided into non-proliferative and proliferative stages, with the former further 

divided into mild, moderate and severe [6]. Mild non-proliferative DR is characterized by the presence of 

at least one microaneurysm, whereas the moderate stage requires presence of hemorrhages, 

microaneurysms and hard exudates [6]. The severe stage follows the 4-2-1 rule; hemorrhages or 

microaneurysms occur in four quadrants, venous beading in two quadrants and at least one quadrant 

containing microvascular abnormalities [6]. Progression to the proliferative stage is accompanied by 

neovascularization, edema, retinal fibrosis and vitreal hemorrhage inducing tractional detachments of the 

retina [6]. If left untreated, DR progression results in complete vision loss. 

 1.2.3 Treatment and Prevention 

Multidisciplinary secondary prevention of DR progression centers on effective and early DM management, 

typically in primary care settings. Current standard of care for DM patients focuses on control of serum 

glucose, lipids, and blood pressure [7–13]. Intensive glycemic control, defined as a hemoglobin A1C of 
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approximately 7% or less, to reduce DM complication rates in type I and type II patients has been well 

supported by landmark clinical trials [10,13,14]. Long lasting protection of early intensive glycemic control 

has been demonstrated as well. Upon termination of the Diabetes Control and Complications Trial, both 

the intensive glycemic control- and standard management cohorts were assigned to intensive glycemic 

control protocol and long-term follow up revealed the persistence of a protective effect in the early 

glycemic control cohort, indicating that predisposed tissues are irreversibly changed early in the course 

of DM onset [15]. Such results established the current standard of care which seeks to establish intensive 

glycemic control as early in the disease process as possible [15]. Despite the strong effect of glycemia 

normalization to prevent complication onset and progression, the intervention is not curative. In the 

decades since the glycemia hypothesis has been supported so fully, DR has come to be regarded as 

complex and multifactorial with disease onset and progression affected by local and systemic factors such 

as dyslipidemia, blood pressure and inflammation [16,17]. 

Several observations implicate dyslipidemia in the progression of DR. Firstly, dyslipidemia is associated 

with formation of hard exudates which are strongly predictive of vision loss [7,16]. Furthermore, the 

Fenofibrate Intervention and Event Lowering Diabetes (FIELD) study demonstrated the reduced need for 

laser photocoagulation in DR patients treated with fenofibrate [9,12] whereas the Action to Control 

Cardiovascular Risk in Diabetes (ACCORD) trial showed that DR progression risk was decreased by about 

one third when fenofibrate was added to simvastatin compared to simvastatin alone [7,8,13]. Blood 

pressure management showed similarly protective effects [13]; however, follow up studies failed to show 

a significant association [18]. Medical management of DM remains the cornerstone of complication risk 

reduction. These measures, however, are not curative and efforts to develop specific, vision-saving 

therapies continue. 

The earliest effective treatment for DR was pan retinal photocoagulation [19,20].  This technique consists 

of using high intensity laser light to ablate retinal regions containing abnormal vessels [21]. The proposed 
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mechanism supposes absorption of the incident laser light by the pigment epithelium resulting in rapid 

heating and destruction of the outer retina. Though destructive, retinal oxygenation is promoted through 

the choriocapillaris due to retinal thinning, as well as by a decrease in whole retina oxygen demands due 

to ablation of photoreceptors [21]. Additionally, elimination of hypoxic or ischemia regions of the 

neuroretina results in decreased secretion of pro-angiogenic factors, likely playing a role in the protection 

from disease progression [5,21]. Retinal photocoagulation provided the first vision-preserving treatment 

indicated for late stage (proliferative) DR; however, the treatment is aimed at preventing progression to 

frank vision loss and is accompanied by loss of peripheral visual fields, and decreased night vision [21]. 

Though photocoagulation is still in use today, recent advances in specific medical treatments for DR have 

focused on controlling the pathological neovascularization process by modulating inflammatory and pro-

angiogenic stimuli commonly found in the diabetic retina [17,22]. The most well studied has been vascular 

endothelial growth factor (VEGF), a pro-angiogenic growth factor secreted in response to ischemia or 

inflammation resulting in pathogenic retinal vascularization [17]. Though photocoagulation remains a 

popular choice, aptamer- or immune-based therapies against VEGF as well as intravitreal corticosteroids 

are options for use in many clinical contexts [7]. 

1.3 Cellular Changes in Diabetic Retinopathy 

The retina is a multilayered neural tissue which transduces photons to electrical currents for transmission 

to, and interpretation in, the brain. The high metabolic demands of the neuroretina place high perfusion 

demands on the vascular supply; however, retinal architecture is constrained to maintain transparency as 

a light transducing tissue. Thus, vascular density in the light path of incoming photons is minimized while 

simultaneously maintaining optimal retinal perfusion. To cope with such constraints, the retina has 

evolved a dual blood supply, ensuring adequate perfusion capacity while maintaining a relatively low 

vascular density in the optical path of incoming photons, as depicted in Figure 1.1 [23]. Lying outside of 
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the light path, the choriocapillaris is a high flow, low arteriovenous ΔpO2 system found dorsal to the retinal 

pigment epithelium, supplying the outer one third of the retina. In contrast, the inner two-thirds of the 

retina is perfused by a series of vascular plexuses characterized by low flow and high arteriovenous ΔpO2 

[24]. These characteristics suggest that the metabolic demands of the inner retina are matched by a 

perfusion system operating near maximal capacity whereas perfusion through the choriocapillaris 

maintains a high excess capacity for oxygen delivery to the outer retina. 

 

Exchange between the blood and retina is tightly regulated at both vascular supplies, giving rise to two 

distinct blood-retinal barriers (BRB). The cellular components of the outer barrier include the retinal 

pigment epithelial (RPE) cells whereas the cellular components of the inner barrier include epithelial cells 

and pericytes. Diabetes-induced changes to these components are well described in the literature, 

however, the cells comprising the inner BRB, retinal endothelial cells and pericytes, have received 

considerable attention. Indeed, endothelial cell apoptosis, pericyte dropout and formation of acellular 

capillaries are the hallmark histopathological changes associated with DR whereas retinal vascular 

permeability is frequently used as an end point to study disease progression in animal models [25]. 

 

Figure 1.1. Schematic of the neuroretina and vascular supply. Select retinal layers (outer nuclear, 

inner nuclear, ganglion cell layers) and accompanying dual vascular supplies (choroid, retinal vessels) 

are depicted on the right. Cell types are shown on the left. The path of an incoming photon is depicted 

as a yellow arrow (light). RPE = retinal pigment epithelial. 
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Though classically assumed to be a vascular disease, diabetes affects all cells of the retina including the 

neural and glial cells as well as pericytes, endothelial and epithelial cells. In fact, the hemodynamics of the 

choroidal and inner retinal vascular supplies (see above) suggest that the inner retinal metabolic demand 

is met with a sparse vascular supply operating near maximum capacity resulting in a high sensitivity to 

metabolic or hypoxic insults [23]. Indeed, neurodegeneration in post-mortem diabetic eyes without 

evidence of vascular lesions suggests this to be an early event in DR [26]. The diabetes-induced 

neuroretinal changes include increased apoptotic marker expression and glial cell activation in the 

diabetic retina [26–28]. Increased rates of apoptosis have been reported in the inner plexiform and inner 

nuclear layers of diabetic rats [29] moreover, ganglion cell apoptosis with associated thinning of the nerve 

fiber layer are consistently observed across rodent models of diabetes [27,30]. Though vascular 

dysfunction has been the center of focus in DR research, technological advancements have paved the way 

to unraveling the complex interplay between the vascular- and neuro-retina [25,31]. 

1.4 Molecular Mechanisms 

The molecular events leading to DR progression are complex and varied; however, it is now appreciated 

that DR is the product of hyperglycemia, dyslipidemia, and chronic inflammation [17,22,31]. In fact, key 

in vitro studies have shown that retinal endothelial cells generate reactive oxygen species (ROS) and 

activate inflammatory and apoptotic pathways in response to cytokine stimulation rather than 

hyperglycemia [32]. These key findings argue for vascular injury resulting from a glucose-induced cytokine 

release attributed to neighboring cells rather than a direct glucose effect on retinal endothelial cells. 

 1.4.1 Hyperglycemia 

In cells which cannot downregulate glucose uptake, hyperglycemia is thought to increase glucose-related 

biochemical pathway flux leading to changes in cellular function [33]. Indeed, increased polyol pathway 

flux depletes cytosolic NADPH and glutathione, predisposing cells to oxidative stress [34]. Hyperglycemia 
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also favors the non-enzymatic glycation of proteins which can be irreversibly modified to yield advanced 

glycation end products (AGE). As AGE are formed irreversibly, long-lived proteins are particularly 

vulnerable to accruing a significant population of AGE modified proteins, resulting in changes to protein 

structure and function [35]. Additionally, AGE bind to receptors of AGE (RAGE) leading to expression of 

pro-inflammatory and pro-angiogenic genes [36], an effect that is seen in diabetes-induced diacylglycerol 

accumulation and protein kinase C activation [37]. Importantly, a unifying mechanism has been proposed 

to explain the disparate observations of hyperglycemia-induced cellular damage [33]. Observations of ROS 

emission from mitochondria at a high proton motive force suggest that hyperglycemia induces flux 

through oxidative phosphorylation resulting in increased proton motive force, ROS release, inhibition of 

glyceraldehyde-3-phosphate dehydrogenase (GAPDH) and glycolysis further favoring glucose flux through 

collateral pathways [33,38]. Though hyperglycemia remains the key factor in DM complication rates, other 

factors are implicated in DR progression and are described below. 

 1.4.2 Dyslipidemia 

Diabetic dyslipidemia refers to changes in local and systemic metabolism of a diverse array of lipid classes 

including plasma triglycerides, cholesterol, and lipoproteins [16]. Plasma lipid and lipoprotein levels and 

composition are dramatically altered in diabetes [39] and disease severity is associated with serum lipid 

markers [40,41]. Retinal specific lipid metabolism leads to a unique fatty acid profile which is significantly 

altered in diabetes, suggesting that local retinal lipid metabolism plays a key role in DR progression [42–

44]. The next section will focus on sphingolipid changes in diabetic retinopathy. 

 1.4.3 Sphingolipids and Ceramide 

Sphingolipids are a diverse class of bioactive lipids subserving a variety of cellular functions such as cell 

growth, proliferation, apoptosis, inflammation and others [45]. Ceramides are the central sphingolipid 

species, serving as an intersection between major sphingolipid metabolic pathways. The diversity of the 
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sphingolipidome can be rationalized by considering the availability of multiple modification sites to the 

chemical structure of ceramides, as shown in Figure 1.2A [45]. Ceramides contain two fatty acids which 

vary in their chain lengths providing for several degrees of freedom in modulating ceramide biological and 

physicochemical properties [43]. Additionally, the 4-5 trans double bond can be reduced to yield 

dihydroceramide whereas modification of the 1-hydroxyl position with various head groups yields 

ceramide-1-phosphate, sphingomyelin, or glycosylated ceramides [46]. 

Ceramide is the central hub of sphingolipid metabolism, connecting all sphingolipid metabolic pathways, 

allowing the interconversion of distinct sphingolipid species (Figure 1.2B) [47]. Total sphingolipid pools 

are controlled by the relative influx of free fatty acids versus their efflux from the sphingolipid metabolic 

network. Cellular free fatty acids are incorporated into the sphingolipid metabolic network by 

condensation with serine to give, in the case that the fatty acid is palmitate, 3-ketodihydrosphingosine 

which is subsequently converted to ceramide in the de novo synthesis pathway [45]. Fatty acid efflux from 

the sphingolipid pool, on the other hand, is through sphingosine-1-phosphate (S1P) hydrolysis by S1P 

lyase, yielding a fatty aldehyde which can be oxidized to a free fatty acid [45].  

The interconversion of distinct sphingolipid species through ceramide suggests that it is the relative ratios 

of sphingolipid species which determine the final biological response. This feature of sphingolipid 

metabolism led to the term “sphingolipid rheostat” to describe the control over cell fate by the ratio of 

ceramide, a pro-apoptotic lipid, to sphingosine-1-phosphate, a pro-survival signal [48,49]. Ceramides are 

generated de novo or by interconversion from other sphingolipid species. 

A major source of ceramide generation during cellular stress responses is the sphingomyelinase-catalyzed 

hydrolysis of sphingomyelin (SM) to ceramide and phosphorylcholine [50]. Sphingomyelinases (SMases) 

are a group of proteins differentiated by the pH optima at which they demonstrate maximal activity, 

referred to as acidic, neutral, and alkaline SMases. 
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Alkaline sphingomyelinase has restricted expression in humans, whereas acid and neutral SMases are 

ubiquitous [16]. Acid SMase (ASMase) has received much attention for its role in the etiology of Neimann-

(a) 

 

(b) 

 

Figure 1.2. Ceramide is the central hub of sphingolipid metabolism. (a) Chemical moieties of a 

generic ceramide which are sites of chemical transformation yielding a diverse sphingolipidome. Pi = 

inorganic phosphate, ChoP = phosphorylcholine, m = number of methylene groups in the acyl chain 

of the exchangeable fatty acid, n = number of methylene groups in the acyl chain of the sphingoid 

base, m may or may not equal n. (b) Sphingolipid metabolic network (green). Ceramide (yellow) 

provides the link for interconversion of sphingolipid species whereas control over total sphingolipid 

pools is provided by free fatty acid influx at serine palmitoyl transferase and efflux (grey) at 

sphingosine-1-phosphate (S1P) lyase. 
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Pick disease type A, a lysosomal storage disorder where infants present with hepatosplenomegaly, central 

nervous system involvement, and rarely survive past 2-3 years of age [51]. Generation of ASMase 

knockout mouse models led to the observation that ASMase deficiency provided significant protection 

from a host of apoptotic stressors such as hypoxia, ischemia-reperfusion, and radiation [52]. In fact, cells 

derived from Niemann-Pick patients show significant resistance to ionizing radiation-induced apoptosis 

[53].  

These observations suggest that ASMase-dependent ceramide generation plays a fundamental role in 

cellular responses to stressors, such as those encountered in the diabetic retina (see above). Consistent 

with this, the Busik lab has demonstrated protection from retinal ischemia-reperfusion injury in an ASM 

knockout mouse model compared to wild type controls [54]. Other work in the same laboratory 

demonstrated that the retina expresses both neutral and acidic SMases; however, only ASMase 

upregulation was observed in ischemia reperfusion injured eyes [54].   

Immunoblotting for ASMase protein content in cell culture revealed high expression levels in human 

retinal endothelial cells with smaller but detectable levels in human retinal pigment epithelial and Müller 

cells. Correspondingly, ASMase enzyme activity was highest in retinal endothelial cells and retinal pigment 

epithelial cells, with lower levels detected in human Müller cells [54]. Activation of ASMase by cytokine 

treatment results in pro-inflammatory signaling whereas its inhibition leads to reduced inflammatory 

gene expression in human retinal endothelial cells [55]. These results support a central role for ASMase-

dependent ceramide generation in the increased apoptosis rates characteristic of DR. 

 1.4.4 Downstream Effects of Ceramide Accumulation 

Cellular ceramide accumulation is a well-accepted and ubiquitous feature of apoptosis. Though many 

mechanisms have been proposed to explain the effects of ceramide in the cell, the exact mechanism by 

which ceramide exerts its biological effects are not known. These effects, furthermore, are likely to involve 
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several parallel effects at distinct sites in the cell depending on the physiological context of each system 

[56]. Ceramide was once thought to serve as second messenger but is now known to have significant 

physicochemical effects on biological membranes as well [53,56]. Accumulation of ceramide stiffens 

membranes, playing a key role in generation of lipid rafts for cell signaling, vesicle budding/fusion, and 

cell migration [56,57]. Here the focus will be on the role of mitochondrial ceramide accumulation in 

apoptotic cells. 

 1.4.5 Mitochondrial Ceramide 

Mitochondrial structure and function changes are thought to play an early and central role in DR onset 

and progression. Diabetes-induced changes to mitochondrial structure and function have been 

demonstrated using in vivo and in vitro DR models [58–62]. Furthermore, hyperglycemia-induced ROS 

production has been proposed as a unifying mechanism to explain the disparate biochemical 

derangements evident in the hyperglycemic retina and retinal cells [33,58]. While descriptions of 

diabetes-induced mitochondrial ceramide changes in retinal cells are lacking (see Chapter 3), 

mitochondria are known to contain several classes of sphingolipids, including sphingomyelin (SM) and 

ceramide, as well as enzymes of sphingolipid metabolism [63]. Mitochondrial ceramide accumulates 

secondary to cytotoxic stressors such as cytokines, UV radiation, and ischemia-reperfusion injury via de 

novo and SMase-dependent pathways. Whereas exposure of neutrophils to bacterial toxins or UV 

irradiation of HeLa cells each result in mitochondrial ceramide accumulation in a sphingomyelinase-

dependent manner, similar changes in mouse brain after ischemia reperfusion injury are instead 

attributed to de novo synthesis [64–66]. Interestingly, over expression of a mitochondrially-targeted 

bacterial SMase in MCF7 breast cancer cells resulted in apoptosis whereas expression in other cellular 

compartments had no effect, suggesting that in situ SMase-dependent mitochondrial ceramide 

accumulation plays an essential role in cellular apoptosis [67]. 
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The effects of mitochondrial ceramide generation depend on the specific site of generation as its poor 

water solubility prevents spontaneous intermembrane transfer [63]. In the mitochondrial outer 

membrane, ceramides are thought to facilitate formation of pores resulting in release of proapoptotic 

cytochrome c [68–72]. Whether ceramide spontaneously forms membrane channels or instead interacts 

with pro- or anti-apoptotic Bcl-2 family proteins is still an open question. In the inner mitochondrial 

membrane, ceramide inhibits respiratory complexes, favoring ROS generation and oxidative stress-

induced apoptosis [63,73]. It is noteworthy that these effects are not mutually exclusive. Because ROS 

generation is a common early feature of cells exposed to apoptotic stimuli whereas outer membrane 

permeabilization initiates the execution of apoptosis, the levels of mitochondrial ceramide may fluctuate 

in a time- and pathway-dependent manner. 

1.5 Purpose and Scope 

The critical role of ASMase-dependent ceramide generation in retinal cell damage in DR and the mounting 

evidence of mitochondrially targeted ceramide as a control point over cell fate provides the motivation 

for this work. Functional characterizations of retinal bioenergetic changes are conspicuously missing in 

the literature due to lack of available comprehensive and flexible methodology. To address this need, the 

development of a novel 3D printed microrespirometer is described in Chapter 3. Chapter 4 provides 

descriptions of diabetes-induced, ASMase-dependent mitochondrial ceramide accumulation in retinal 

pigment epithelial cells and the functional consequences thereof. The next chapter provides a description 

of respirometry and a framework for its use as a screening platform or as a tool to study oxidative 

metabolism in finer mechanistic detail. 
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Chapter 2: Bioenergetics Studies by Respirometry 

2.1 Bioenergetics Background 

Bioenergetics is the study of biological energy transduction, describing how biological oxidation of 

partially oxidized hydrocarbons (e.g. carbohydrates from food) is efficiently coupled to ATP generation 

through electrochemical cellular machinery. The bulk of this machinery resides within the mitochondria, 

semi-autonomous cellular organelles thought to have originated from the endocytosis and retention of a 

free-living prokaryote by a eukaryote owing to a symbiotic relationship between the entities [74]. 

Mitochondria are double bilayered cellular organelles and house the necessary machinery for efficient 

pathways of biological energy transduction. Modern day understanding of the physicochemical 

mechanisms of mitochondrial energy transduction originates with Mitchell’s Chemiosmotic theory, a 

conceptual framework which earned Peter Mitchell the Nobel Prize for Chemistry in 1978 [75]. The 

Chemiosmotic theory posits that the coupling of ADP phosphorylation with that of the oxidation reactions 

occurs through generation of a proton gradient across the impermeable inner mitochondrial membrane, 

Figure 2.1. Schematic representation of oxidative phosphorylation machinery. Oxidation of electron 

carriers by the ETC is coupled to proton extrusion (red arrows) from the mitochondrial matrix and 

generation of a proton motive force (pmf). Phosphorylation, driven by proton ingress, yields ATP. 
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as depicted in Figure 2.1 [76]. In this conceptual framework, electron carriers (NADH, FADH2, CoQ, and cyt 

c), reduced through cellular catabolic processes, are oxidized in the electron transport chain (ETC) 

resulting in extrusion of protons to the intermembrane space side of the mitochondrial inner membrane 

(oxidation). Turnover of the ETC, therefore, establishes a proton motive force (pmf) which is used for ATP 

synthesis (phosphorylation). The electrochemical gradient induced by the pmf provides the free energy 

necessary not only for ATP synthesis, but also the transport of a variety of charged species undergoing 

electrogenic exchange at the impermeable inner mitochondrial membrane [77]. Terminal reduction of 

oxygen occurs at complex IV of the inner mitochondrial membrane. This site serves as a sink for reducing 

equivalents and oxygen, providing the driving force for the respiratory cascade and forming the basis of 

using respirometry to study biological energy transduction [78,79]. 

The coupling of oxidative phosphorylation through the pmf, as well as the reliance of substrate oxidation 

on mitochondrial and extra-mitochondrial processes, allows for interrogation of a range of functional 

segments of cellular metabolism by monitoring respiratory flux [80–82]. Classically, the mainstay of in 

vitro bioenergetics research is carried out by monitoring the consumption of oxygen by whole tissue, cells 

or organelle preparations [83]. The instruments used for these studies are respirometers and they provide 

the continuous monitoring of oxygen concentration needed to derive the rates of oxygen consumption by 

biological samples. A description of respirometry instrumentation and its application to biological systems 

follows. 

2.2 Respirometer Evolution 

 2.2.1 Warburg Manometer 

Some of the earliest methods for measuring oxygen consumption are attributed to manometric methods, 

such as used by Otto Warburg to study the metabolism of healthy and tumor tissue leading to the 

discovery of the Warburg Effect [84]. An illustrated schematic of a Warburg Manometer is depicted in 
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Figure 2.2. The core operating principal of the Warburg constant volume manometer relies on measuring 

the changes in headspace gas pressure produced by a respiring biological sample in a sealed chamber. 

Oxidative metabolism results in consumption of O2 and production of CO2 [85]. If uncompensated, the 

CO2 production abrogates the loss of gas pressure due to O2 depletion. Therefore, a potassium hydroxide-

soaked tissue paper is included in the sealed vessel to scrub CO2. By removing the emitted CO2, headspace 

gas pressure changes are attributed entirely to changes in the partial pressure of O2. As the total gas in 

the headspace of the respirometer decreases due to O2 consumption and CO2 scrubbing, the height of the 

manometric fluid in the sample arm of the U shaped tube rises due to the pressure differential between 

the sample headspace and the atmosphere. A graduated scale on the sample arm of the manometer is 

used to read the changes in gas volume directly. Measuring the change of O2 as a function of time provides 

the requisite raw data necessary to calculate the rate of oxygen uptake by the biological material. Despite 

the crude methodology by modern standards, manometric methods such as those used by Warburg were 

precise, accurate, temperature controlled, parallelized for efficiency, and modified to measure both 

 

Figure 2.2. Constant volume (Warburg) manometer. A respiring sample is maintained in a sealed flask 

connected to a manometric U shaped tube filled with an appropriate manometric fluid. A valve 

positioned between the sample and manometer opened (vertical, solid line) between trials to 

equilibrate the buffer and headspace with the atmosphere and is closed (horizontal, dashed line) 

during respirometry. As the biological sample metabolizes available carbon sources, the headspace 

above the sample is depleted of oxygen and enriched in carbon dioxide. The headspace is scrubbed 

free of emitted CO2 by a potassium hydroxide-soaked tissue paper. The graduated scale quantifies the 

decrease in gas volume due to uptake of O2 by the biological sample. 
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oxygen consumption and carbon dioxide release by thin tissue slices in vitro [84,86]. These and similar 

instruments allowed the study of whole animal or tissue metabolism well before the cellular, molecular, 

and biochemical underpinnings of metabolic processes were described. The Warburg manometer, 

however, suffered from several drawbacks which limited its usefulness for bioenergetics in the decades 

to come. The time resolution of the instrument is poor as changes in headspace gas depend on the 

respiratory rate of the sample and conditions of the assay, as well as the volume of the apparatus, and 

usually require long times between data sampling to accurately resolve headspace pressure differences. 

Sampling rates, therefore, fell well short of the ~1 Hz easily attainable by modern standards and detailed 

studies of metabolic changes on short times scales would prove technically challenging [81,87,88]. 

Additionally, the instrument required a fair amount of technical knowledge and constant attention to 

operate, making data acquisition slow and difficult. 

 2.2.2 Clark-Type Electrode Respirometer 

The next technical breakthrough in respirometer design occurred with the advent of gas analyzers. The 

most relevant to this work is the Clark electrode, named after its inventor, Leland Clark, as first described 

in the 1950’s [83]. Whereas manometric methods relied on inferring changes in partial pressures or 

volumes of the gaseous analytes by monitoring headspace gas properties, electrochemical detection 

permitted direct measurement of dissolved oxygen in the aqueous phase [83][89]. This fundamental shift 

 

Figure 2.3. Schematic of a Clark-type electrode respirometer. Sample chamber is separated from the 

Clark-type electrode by a semi-permeable membrane permitting oxygen diffusion. Continuous stirring 

is typically provided by a magnetic stir bar and the jacket provides thermoregulation of the sample. 

The cap is used to partition the sample from atmospheric oxygen and an injection port is typically 

provided for titrations. 
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to directly measuring oxygen content in biological fluids represents the origin of biosensors and has 

withstood the test of time as it remains a popular instrument for metabolic studies until today [90]. 

Modern day respirometers make use of advances in manufacturing, electronics, and materials science but 

retain the same fundamental detection method and overall design elements as the original Clark-type 

electrode respirometers [80,91]. A schematic of a generic Clark-type electrode respirometer is shown in 

Figure 2.3. The electrode component is made of a platinum cathode and a silver anode, separated from 

the sample by an oxygen permeable membrane. The opposing face of the membrane is in contact with 

the sample in the sample chamber. Maintenance of the cathode at -0.6 V produces the following 

chemistry on the cathode surface: 

𝑂2 + 4 𝐻+ + 4 𝑒− → 2 𝐻2𝑂 

Reduction of oxygen on the cathode results in a current that is proportional to the [O2] in the sample if 

several conditions are satisfied. First, the requisite consumption of oxygen at the electrode surface 

induces concentration gradients which drive oxygen flux from the sample to the surface of the electrode. 

The greatest impedance to oxygen diffusion lies at the semipermeable membrane, which is required to 

prevent fouling of the electrode surface by biological fluids and must be carefully chosen to retain 

sufficient response times and signal stabilities of the electrode. In fact, Clark tested several candidate 

membrane materials including cellophane, dialysis membrane and condoms, showing that the response 

time and stability of the electrode depended strongly on the composition and thickness of the selected 

membrane [83]. Modern day instruments use highly optimized materials and film properties to ensure 

responsive, accurate and stable signals [81]. Next, to relate the current generated at the cathode to the 

bulk [O2], Clark-type electrode respirometers require a stirred sample volume to eliminate significant 

oxygen gradients within the sample chamber. If left unstirred, these gradients would limit oxygen delivery 

to the cathode surface and the current would reflect mass transport kinetics instead of bulk [O2]. Indeed, 

the landmark studies by Chance and Williams performed on isolated mitochondria used a vibrating Clark-
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type electrode to achieve a similar effect allowing them to measure mitochondrial respiratory rates in a 

range of metabolic states and to determine ADP:O ratios [92,93]. Clark-type electrode respirometers have 

been the gold standard tool for bioenergetics studies for many decades and modern-day respirometers 

have been optimized for the unique requirements of accurate respirometry in the molecular biology 

revolution (see below). 

 2.2.3 Modern Iterations 

Much like electrochemical oxygen detection fundamentally revolutionized respirometry more than six 

decades ago, so too are modern oxygen detection techniques and manufacturing methods paving the way 

for innovative designs of modern-day respirometers. The most relevant developments of the last several 

decades are the optode-based chemical sensors which use chemical indicators and spectroscopic methods 

to detect a range of analytes in a variety of environments including in the gas phase, plant soils, seawater, 

and biological fluids [94,95]. Oxygen optodes measure the lifetime of the excited electronic state of 

chemical indicators and relate changes in excited state lifetimes to oxygen content. As oxygen is 

particularly efficient at quenching such excited states, the lifetime of the excited state indicator is highly 

sensitive to the oxygen content in the sample [95]. Theoretical and practical considerations of using 

oxygen optodes in respirometry are described more fully below. 

Key advantages to using oxygen optodes in modern day respirometers are as follows. As an optical 

method, optode oxygen sensors do not consume oxygen, increasing the sensitivity of the respirometer to 

slowly respiring samples and simplifying data analysis and interpretation compared to Clark-type 

electrode oxygen detection [95].  Furthermore, optodes have the unique advantage that the sensor thin 

film need not be physically accessible to the experimenter. As an optical technique, the detection 

instrumentation needs only an optically clear path to the thin film sensor, allowing for the design of 

sample chambers with minimal connections to potential sinks or sources of oxygen such as the ambient 
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atmosphere. These properties make oxygen optodes popular in microfluidic applications, where oxygen 

sensors are incorporated into hypoxia incubators [96–98] as well as respirometer-like devices [88,99–

104]. 

Microfluidic respirometers have the potential to offer the flexibility and sensitivity necessary for 

adaptation into standard laboratory practice; however, few examples exist and will be summarized here. 

Kelbauskas and colleagues developed a two-component microchamber device incorporating 

phosphorescent O2 and pH optodes [101]. The device consists of two separate components, the lid, a 

silicon wafer including micropocket arrays containing the sensor optodes, and a separate wafer serving as 

a cell growth substrate. After cell attachment, the two components are aligned and the microchambers 

hermetically sealed using mechanical pressure. The hermetic seal was validated by showing no 

intrachamber changes in measured [O2] upon incubation of aerobic solutions in anaerobic environments. 

To further validate the hermetic seal, the group demonstrated linear oxygen concentration profiles until 

anoxia using respiring human esophageal epithelial cells. These results are consistent with the low 

apparent Km of complex IV for oxygen and minimal oxygen diffusion into the microchambers [81,101]. 

Non-negligible oxygen back diffusion (discussed below) would manifest as loss of the expected linearity 

of the oxygen concentration profile due to the dependence of back diffusion on the sample chamber 

oxygen content [87,88]. While this device focuses on multiplexing biosensors in a static microchamber, 

the small sample demand (<100 cells) and microliter volume scales can justify the microfluidic 

classification despite the lack of fluidic handling provisions. Importantly, this work shows that 

microchambers, housing < 100 cells, can be hermetically sealed rendering them impermeable to gas 

exchange with the atmosphere, a requisite for accurate respirometry. 

Using a similar approach, Pham and colleagues developed microchambers for single mitochondrion 

respirometry [99].  Employing photolithography and wet etching of oxygen impermeable glass wafers, 

they fabricated arrays of microwells into which oxygen optodes were deposited. A lid, manufactured from 
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polydimethylsiloxane (PDMS) and coated with Viton rubber to act as oxygen barrier, was compressed 

against the microwell array with a piston to form the microchamber. The microchambers were 

hermetically sealed as oxygen readings were insensitive to alternating room air (21% O2) with 100% O2 

gas after coating with Viton. Loading of mitochondria into the wells was stochastic and no attempts at 

deterministic patterning were made. Nevertheless, the authors reported detection of mitochondrial-

dependent respiration, which was sensitive to the uncoupler carbonyl cyanide m-chlorophenylhydrazone 

(CCCP). Though a higher respiratory rate was observed in wells containing two mitochondria compared to 

wells containing one mitochondrion, the upper and lower limits of detection and non-mitochondrial 

apparent oxygen consumption were not reported [99].  

Kondrashina and colleagues reported on the adaptation of commercially available microfluidic slides (μ-

slides) as microrespirometers by measuring oxygen consumption using soluble fluorescent O2 sensors 

[88]. In this paradigm, the group detected oxygen consumption from 30,000 cells and further 

demonstrated that the apparent oxygen consumption was appropriately sensitive to mitochondrially 

targeted drugs such as uncouplers and electron transport chain inhibitors. Despite the ease of use 

exhibited by this system, the authors noted that oxygen back diffusion through the polymer of the μ-slide 

was significant as even the maximum cell density (90,000 cells per slide) failed to deoxygenate the 

microchannel. Nevertheless, the adapted μ-slides allowed repetitive assessment of respiratory rates by 

perfusion of fresh media at regular intervals [88]. 

Prefabricated and sealed microfluidic chips require injection of cell suspensions and subsequent 

incubation to facilitate attachment and spreading, a process working on the order of minutes to hours. To 

facilitate maintenance of buffering power and normoxia of the media, while minimizing water loss during 

the cell attachment phase, such devices utilize polymers with high CO2, O2 and, preferably, low H2O 

permeabilities or solubilities. These requirements are in direct opposition to accurate respirometry, 

discussed below, but, importantly, may be remediated by use of surface coatings for high permeability 
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polymers [105]. Due to the mutual exclusivity of barrier property requirements for cell culture and 

accurate respirometry, strategies aimed at allowing standard cell culture methods with transient 

microchamber or microchannel formation are highly desirable. These approaches are described below 

and in Chapter 3. 

The most widely adapted respirometer across a range of biomedical disciplines has no doubt become the 

SeaHorse Bioscience Extracellular Flux Analyzer [87,106,107]. The extracellular flux analyzer uses a 

standard 24- or 96-well format with a sensor cartridge equipped with fluorescent probes sensitive to O2 

and pH [106]. The sensor cartridge is lowered to within ~200 μm of the well bottom, creating a 

microchamber on the order of ~7 μL total volume [87,106]. Formation of transient microchambers using 

an actuated lid allows for seeding, culturing and manipulation of cell samples using standard laboratory 

techniques and conditions whereas the small effective chamber volume during measurement provides 

high respirometer sensitivities, detecting respiratory activity of 1 – 10 μg mitochondrial protein per well 

or ~105 cells [87,106]. The lid actuating mechanism is further employed to permit repetitive probing of 

organelle or cell samples by raising and lowering the cartridge to allow mixing of the small probed volume 

with the bulk media in the well [106]. Sample titrations, to mimic classic titration-based bioenergetics 

assays, are afforded by inclusion of four reagent delivery chambers which are loaded with appropriate 

stock solutions prior to measurement and programmatically controlled to deliver the reagents during the 

assay [106]. The enhanced sensitivity afforded by drastically reduced chamber volumes, high throughput 

nature of microplate-based assays coupled with multiplexed sensing and the high compatibility with 

standard cell culture techniques has resulted in widespread adoption of routine bioenergetic 

characterizations of systems which have been difficult to study with less sensitive or lower throughput 

methodology [108]. Despite the substantial improvement in methodology, there is significant oxygen back 

diffusion into the microchamber which limits the sensitivity of the raw measurement and is corrected with 

a kinetic modelling scheme [87]. Furthermore, the microplate-based method requires adherence of 
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samples to the well, therefore cells or organelles in suspension must be immobilized prior to 

measurements. Finally, experimental protocols are limited to a maximum of four reagent additions per 

experiment, requiring preliminary experiments to determine optimum assay conditions as well as 

inclusion of several assay repetitions to fully characterize biological systems of interest [106]. 

The molecular biology revolution of the life sciences has brought novel demands upon the bioenergetics 

field. Modern day microrespirometers clearly have the potential to retain the properties of current large 

volume apparatuses. Adoption of modern-day engineering breakthroughs will yield simple, low-cost, 

accurate, and flexible microrespirometers to afford routine bioenergetic characterization of 

physiologically relevant model systems. 

2.3 Microrespirometer Design Elements 

Respirometry involves continuous real-time detection of oxygen content of a given sample. The time-

dependent oxygen concentration changes are then used to characterize the functional state of a given 

biological sample. Engineered features and data analysis strategies are developed to ensure accurate 

assignment of respiratory rates to functional metabolic states. As an illustrative example, consider 

measurement of substrate-supported whole cell respiration. The apparent oxygen consumption rate, 

defined here as the negative of the oxygen disappearance rate, is the sum of the rates of all processes 

affecting oxygen concentration in the bulk sample, summarized as: 

𝑅𝑎𝑝𝑝 = ∑𝑅𝑖 = 𝑅𝑠𝑎𝑚𝑝𝑙𝑒 + 𝑅𝑒𝑙 + 𝑅𝑑𝑖𝑓𝑓 

Where Rsample is the portion of the rate attributed to the biological sample, Rel is the portion attributed to 

the electrode and Rdiff is a generic term to describe mass transfer with any potential sinks or sources of 

oxygen such as the walls of the container, stir bars, and sites of interaction with the ambient atmosphere. 

Extraction of Rsample from Rapp requires knowledge of Rel and Rdiff, by direct intra-experiment measurement 
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or a priori characterization. The rate of oxygen consumption at the electrode and that of diffusive 

processes are both dependent on the oxygen content of the sample. This non-linearity requires complex 

modeling to offer accurate corrections [87]. Instead, engineering solutions can minimize the contribution 

of these terms thus providing for accurate and straightforward data analysis and interpretation.  

These engineering elements are incorporated into the Oroboros O2k oxygraph, which utilizes an 

optimized Clark-type electrode and large sample chamber volumes to produce stable, accurate currents 

with small but non-zero Rel. These significant improvements yield a large volume respirometer with high 

resolution of both oxygen concentrations and oxygen consumption rates [109,110]. Further design 

improvements include careful material selection to minimize potential oxygen sources (Rdiff) by using low 

O2 solubility/permeability materials for sample chamber construction [80,110]. The result of such 

optimizations yields a large volume respirometer (~2 mL) capable of measuring respiratory activity of less 

than 1 million fibroblasts or endothelial cells [80]. The high resolution and high dynamic range permit 

accurate assessments of oxidative metabolism at the low oxygen concentrations typical of physiologically 

relevant systems [79,110,111]. As with all Clark-type electrode respirometers, the requisite stirring of the 

chamber contents provides a technical challenge to measuring natively adherent samples. 

It stands to reason that similar design elements, if incorporated into a microfluidic system, can effectively 

yield a useful microrespirometer offering orders of magnitude increases in sensitivity with enhanced 

flexibility for experimental design using flow-through configurations. Approaches to implementing the 

two fundamental elements of a microfluidic respirometer, microchannel formation and analyte detection 

methods, are described below. 

2.4 Microchannel Formation 

Formation of microchannels is the basis for development and manufacture of microfluidic devices. Though 

many techniques are available, the dominant form of microchannel formation remains casting 
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polymethylsiloxane (PDMS) on photolithographic molds due to the ease of producing micron-scale 

features and capacity of PDMS to form strong bonds to glass [112]. Despite the relative ease-of-use, there 

are several key drawbacks. First, PDMS has high permeability and solubility to water and gases and, 

furthermore, shows high rates of adsorption of hydrophobic reagents [96]. Additionally, while soft 

lithography is a powerful tool for embossing surface structures in PDMS, fabrication of three-dimensional 

geometries is much more complex. Finally, fabrication requires technical knowledge and specialized 

facilities, creating a high barrier to entry by non-specialists [96].  

3D printing has emerged as a viable alternative to standard micromanufacturing techniques owing to its 

rapid rise in popularity and technical innovations [113]. Additive manufacturing, or 3D printing, was 

described in the 1980’s as a manufacturing technique to complement traditional, subtractive, methods 

[114]. 3D printing differs from traditional methods in that parts are formed by successive layer addition, 

hence additive, as opposed to removal of stock material by milling, drilling, or cutting to form the final 

part. The mechanism of formation of each layer varies from fused deposition modeling, where a 

continuous plastic filament is heated and extruded onto a build plate, to laser-stereolithography, where 

layers are successively photopolymerized from a liquid resin with a computer guided light source [114].  

Resolution of 3D printers, while anisotropic, has reached the micron scale, and 3D printed microfluidic 

devices are becoming popular owing to the complex geometries and lower barrier to entry afforded by 

the wide array of available 3D printing materials and technology [115]. Availability of materials has 

expanded greatly, and parts are available in a host of materials for varying applications requiring optical 

clarity, variable hardness or other physical specifications [115]. 

Importantly, the rapid expansion of polymer availabilities in recent years has led to materials with 

unknown chemical and biological properties [116,117]. The rapid growth in popularity of 3D printing 

surely predicts a great variety of material choices in the coming years, nevertheless, current work 

employing uncharacterized 3D printed polymers adopts strategies, such as passive polymer overcoating, 
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to overcome such issues [114,115,117]. 

Microfluidic devices are designed to incorporate provisions for monitoring specific aspects of biological 

samples contained within the formed microchannels. The relevant measurement for microrespirometry 

is real-time detection of dissolved oxygen using optode-based sensing. Theoretical and practical aspects 

of thin film oxygen sensors are described next. 

2.5 Oxygen Sensing 

Optode-based sensors are composed of three essential components, a chemical sensor, an immobilization 

matrix and optical excitation and detection instrumentation. Thin film sensors can be applied to a variety 

of surfaces and sampled using fluorescence intensity or fluorescence lifetime measurements 

[88,95,118,119].  

 2.5.1 Stern Volmer Relation 

Thin film optodes operate on the principle of intermolecular collisional quenching described by the Stern 

Volmer relation [95,119,120]. The following is a brief description of the underlying physicochemical 

processes which lay the foundation for the development of thin film biosensors. 

Consider a chemical species (A) which can absorb a photon to yield its excited state (A*). Relaxation to 

the ground state can be represented by the following system of equations: 

𝐴∗ → 𝐴 + ℎ𝜈              (1)  

𝐴∗ → 𝐴                        (2) 

𝐴∗  + 𝑄 → 𝐴 + 𝑄∗     (3) 

Where (1) represents fluorescence or phosphorescence, (2) represents radiation-less decay and (3) 

represents bimolecular collisional quenching of A* by the quencher, Q. We can consider the time-
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dependent excited state decay behavior by assuming a pulse of photons producing a population of excited 

state molecules ([A*]0) in the presence of excess Q at t = 0. The decay of [A*] can be described kinetically 

as: 

𝑑[𝐴∗]

𝑑𝑡
=  −𝑘1[𝐴∗] − 𝑘2[𝐴∗] − 𝑘𝑞[𝑄][𝐴∗]    (4) 

Assuming [Q] >> [A*], 
𝜕[𝑄]

𝜕𝑡
~ 0, and [A*] = [A*]0 at t = 0, integration yields the pseudo-first order expression 

of the form: 

𝑙𝑛
[𝐴∗]

[𝐴∗]0
=  −(𝑘1 + 𝑘2 + 𝑘𝑞[𝑄])𝑡    (5) 

Setting 𝜏 ≝
1

𝑘1+𝑘2+𝑘𝑞[𝑄]
, we can re-arrange (5) to give: 

[A∗] = [𝐴∗]0𝑒−
𝑡
𝜏    (6) 

In equation (5), k1 and k2 are the unimolecular rate constants describing fluorescence and radiation-less 

decay respectively, kq is the bimolecular rate constant describing collisional quenching of A* by Q, and, in 

equation (6), 𝜏 is the lifetime of the excited state fluorophore in the presence of Q. In the case that the 

system lacks a quenching species, the relaxation pathways are limited to equations (1) and (2) and the 

corresponding rate expression for [A*] is: 

𝑑[𝐴∗]

𝑑𝑡
=  −𝑘1[𝐴∗] − 𝑘2[𝐴∗]    (7) 

Which is integrated analogously to (4) to give: 

[𝐴∗] = [𝐴∗]0𝑒
−

𝑡
𝜏𝑜     (8) 

Where k1 and k2 are the same constants as in (5) whereas 𝜏0 ≝
1

𝑘1+𝑘2
, is the excited state lifetime in the 

absence of quencher. The ratio: 
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𝜏0

𝜏
=

𝑘1 + 𝑘2 + 𝑘𝑞[𝑄]

𝑘1 + 𝑘2
     (9) 

Can be rearranged, to yield the Stern-Volmer relation: 

𝜏0

𝜏
= 1 + 𝜏0𝑘𝑞[𝑄]     (10) 

Plotting 
𝜏0

𝜏
 as a function of [Q] reveals a line with slope = τ0kq, from which the bimolecular rate constant 

can be extracted. 

 2.5.2 Application to Biosensors 

The use of excited state quenching to construct oxygen biosensors relies on measurements of τ0 and τ at 

known quencher concentrations to construct a Stern-Volmer plot which serves as the calibration for 

oxygen sensing. Fluorometers are required to detect the changes in excited state lifetimes as described 

above. For use as an oxygen biosensor, the measurement can be performed with steady-state or pulsed 

excitations providing intensity or lifetime information, respectively [95,119]. Though both methods are 

employed, lifetime measurements yield greater reproducibility for solid-state thin film sensors as they are 

independent of dye concentration and film thickness [95,118].  

Used as biosensors, the bimolecular rate constant kq is irrelevant and the Stern-Volmer relationship is 

expressed as 
𝜏0

𝜏
= 1 + 𝐾𝑆𝑉[𝑄], where KSV, the Stern-Volmer quenching constant, is the fitting parameter. 

Lifetime measurements on unknown samples are interpolated to yield [Q], the analyte of interest. In the 

case of [O2] determination, τ0 is measured by exposing the sensor to a practically feasible anaerobic 

solution ([O2]anaerobic = 0) and an identical aerobic solution of known [O2]aerobic > 0, typically a buffered salt 

solution at a defined temperature, pressure and humidity [121]. Arbitrary [O2] can be determined in 

unknown samples provided [O2]anaerobic ≤ [O2] ≤ [O2]aerobic. 

The Stern-Volmer relationship derived above assumes homogeneity of the fluorophore and quencher 
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system. While this assumption is valid for dissolved fluorophores in liquids, the case of optode-based 

biosensors diverges from such ideal behaviors. Optode-based thin films immobilize a fluorophore in a 

solid matrix and collisional quenching relies on diffusion of the quencher through the solid film. This 

method of entrapment produces inherent heterogeneity of the fluorophore microenvironments resulting 

in varying quencher accessibilities and a curvilinear Stern-Volmer plot [122]. A common model applied to 

describe thin-film oxygen sensors with pronounced curvature of the Stern-Volmer plot is the two-site 

model of the form: 

𝜏0

𝜏
= (

𝑓1

1 + 𝐾𝑆𝑉1[𝑄]
+

𝑓2

1 + 𝐾𝑆𝑉2[𝑄]
)

−1

     (11) 

Where f1 and f2 are the fractional contributions from each site in the absence of quencher whereas KSV1 

and KSV2 are the quenching constants for each site [119]. In systems with marked curvature of the Stern-

Volmer plot and which require highly precise [O2] determinations, multisite models such as (11) are of 

importance. 

Development of an accurate, sensitive, flexible, and inexpensive respirometer allows for comprehensive 

examination of cell or tissue metabolism. Diverse biological systems can be studied globally, as 

appropriate for screening experiments, or in greater mechanistic detail. The next section will describe 

how respirometry can be used to screen for, and later to localize, metabolic dysfunction. 

2.6 Whole Cell Respirometry 

Respirometry of whole cells or tissue slices represents a physiologically relevant system for the 

determination of metabolic dysfunction. This relevance stems from the dependence of oxygen 

consumption rates on the entirety of biological substrate oxidation, depicted in Figure 2.1. A generic 

substrate (S0), destined for full oxidation in mitochondria, is subject to transfer across membranes (1 and 

3) and flux through metabolic pathways (2 and 4). Terminal oxidation occurs in the mitochondrial matrix 
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and electron transport chain (ETC) (5), housing the site of oxygen consumption. Oxidation in the ETC is 

coupled to generation of a proton motive force (pmf) across the inner mitochondrial membrane (5), 

whose discharge drives phosphorylation of ADP at ATP synthase (7). The pmf can additionally be 

discharged through proton leak pathways without contributing to phosphorylation (6). Alternate 

metabolic pathways divert intermediates for storage or synthesis (S2) depending on the physiological 

demands on the system. Ironically, these dependencies are also the origin of significant limitations to 

whole cell respirometry. 

As control over oxygen consumption is simultaneously shared by substrate oxidation, ATP turnover, and 

proton leak [123,124], changes in substrate-supported (basal) respiratory activity may, at worst, show 

false-negatives or, at best, produce detectable changes without adequate information to localize the 

source. For example, release of mitochondrial cyt-ochrome c during apoptosis impairs transfer of reducing 

equivalents from Complex III to Complex IV of the ETC and is expected to impair basal respiratory activity. 

Measurement of basal respiratory rates in whole cells or tissues, however, may fail to resolve such 

differences [125]. 

 

Figure 2.4. Schematic of exogenous substrate oxidation by whole cells or tissues. Exogenous 

substrate (S0) traverses the plasma membrane (1) with cytosolic metabolism (2) yielding an 

intermediate (S1) which is transported into the mitochondrial matrix (3). Oxidation in the 

mitochondrial matrix (4) produces reducing equivalents (NADH, FADH2) to couple oxidation with 

proton translocation to generate a proton motive force (5). The proton motive force is discharged 

through ATP synthase to drive ADP phosphorylation (7) or through a non-productive ‘leak’ pathway 

(6). Metabolic intermediates can be shuttled into other pathways, represented as (S2) and (8). 
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Metabolic dysfunction in whole cells or tissue is therefore typically assessed using sequential titrations 

with membrane permeable molecules to shift control over oxygen flux to different components of cellular 

metabolism. A typical titration experiment yields estimates of basal respiration, proton leak supported 

respiration, maximum respiratory capacity, phosphorylation-linked respiration and non-mitochondrial 

respiration [77]. In each case described below, it will be assumed that respiratory states of a treatment 

group will be compared to the corresponding respiratory states in an appropriate control group. 

 2.6.1 Basal Respiration 

Basal respiration is assessed by providing carbon sources to whole cells or tissues which mimic in vivo 

extracellular substrate availability. The basal respiratory rate is not particularly useful without an estimate 

of the imposed metabolic load on the system, as oxygen consumption is also under the control of ATP 

demand in this state. Nevertheless, providing a series of carbon sources can reveal changes in oxidation 

of lipids, carbohydrates, and amino acids if dysfunctions lead to substantial deficiencies in substrate 

delivery [77,126]. Detection of altered substrate supported respiration in one class of substrates, 

palmitate for example, suggests alterations to substrate oxidation pathways. The basal respiratory rate is 

additionally useful to estimate the proportion of respiration linked to ATP synthesis, which is calculated 

as the difference between basal respiration rate and the respiratory rate in the presence of an ATP 

synthase inhibitor [127,128]. A common substrate for whole cell respiration is glucose; however, pyruvate 

lactate, palmitate, and amino acids are provided as replacements or in combination [81,129,130]. 

 2.6.2 Leak Respiration 

Mitochondrial membranes are not completely impermeable to protons, and all mitochondria possess 

inherent proton leak ((6) in Figure 2.1) [127,131]. Assessing whole cells or tissues in the leak state involves 

titrating oligomycin into a respiring sample in the presence of saturating substrates. Oligomycin inhibits 

ATP synthase, increasing the pmf and decreasing oxygen consumption rates. The low respiratory rate 
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observed with optimum oligomycin concentrations is controlled by the proton leak with a component 

consisting of pmf discharge through electrogenic ion exchange at the inner membrane [132]. Detection 

of increased respiratory rates in the presence of oligomycin suggests increased permeability of the inner 

mitochondrial membrane to protons. Without a corresponding increase in basal respiratory activity, 

increased proton leak results in diminished ATP generation through oxidative phosphorylation [127]. 

It is important to note here that, at the molecular level, the leak proton current may be due to influx of 

protons to the matrix without production of ATP (proton leak) or oxidation of reducing equivalents 

without extrusion of protons from the matrix (proton slip). Proton leak through the inner membrane is 

ohmic and inhibition of ATP synthase results in slight hyperpolarization of the inner membrane, 

accelerating the leak current, and, in turn, the respiratory activity. Thus, oligomycin treated samples are 

a slight overestimate of the true proton leak. Though proton leak is thought to be the major contributor, 

respirometry alone cannot be used to resolve proton leak and proton slip mechanisms [131,133]. 

 2.6.3 Maximal Respiration 

Maximal respiratory rates are achieved for a given set of substrates by treatment with chemical 

uncouplers to dissipate the pmf, shifting control over respiration to substrate delivery and inherent 

turnover capacity of the ETC [77]. Maximal respiratory rates are typically attributed to the highest rates 

observed with uncoupler titration of oligomycin-inhibited samples. In the presence of oligomycin, 

however, maximal OCR is underestimated by up to 47%, an effect that is cell type dependent [134]. 

Accurate determination of maximal OCR in whole cells or tissues, therefore, requires uncoupler titration 

in the absence of oligomycin. 
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 2.6.4 Background Oxygen Consumption Rate 

Determination of the apparent respiratory rate in the presence of ETC inhibitors, such as rotenone and 

antimycin A, is required to accurately calculate and assign respiratory rates to metabolic states [81]. Non-

mitochondrial oxygen consuming processes originate from both the biological sample and the 

instrumentation. Addition of inhibitors to measure background rates allows for correction of experimental 

data and accurate numerical assignments to respiratory states. Such measures are necessary to avoid 

biasing flux control ratio calculations [123]. 

 2.6.5 Additional Experimental Considerations 

Lipophilic reagents, such as oligomycin and uncouplers, must each be titrated to achieve an optimum 

reagent to membrane ratio and a maximum observable response. Titration accounts for variations in cell 

density or membrane content and ensures that a consistent respiratory state is achieved in all samples. 

Chemical uncouplers are particularly important to titrate as they inhibit respiration at high concentrations 

[111]. If experimental instrumentation limits capability to intra-experimentally titrate compounds, 

preliminary studies should be performed to determine optimal reagent concentrations and, importantly, 

sensitivity of measured parameters to changes in reagent concentration. 

Raw respiratory rates reflect respiratory activity contained in the sample chamber and must be 

normalized to obtain cell-specific or mitochondrial-specific parameter values. Normalization of data can 

therefore play a significant role in dysfunction localization. Raw respiratory rates can be normalized to i) 

total cell or tissue mass by cell counting, weighing or assaying total protein, ii) mitochondrial content by 

mtDNA content, immunoblotting for markers, measuring TCA cycle enzyme activity, or iii) a reference 

respiratory state to serve as internal standard [123,124,135]. Employing each strategy, whether 

individually or in combination, aids in localizing changes to bioenergetic properties. Normalization to total 

sample mass or mitochondrial content can resolve mitochondrial content changes from changes to 
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mitochondrial-specific metabolism [127]. Normalization to a reference state is the basis for flux control 

analysis, a framework for analyzing steady state biochemical pathway flux [136]. Each normalization 

scheme offers benefits and limitations but, importantly, they need not be mutually exclusive. Flux control 

analysis is available with appropriate assignment of reference state, while total protein and mitochondrial 

markers can be estimated from a common detergent extract [137]. 

With these considerations in mind, information density can be increased greatly in the case of whole cell 

or tissue respirometry. While amenable as a screening tool, these procedures suffer from a paucity of 

mechanistic information. Respirometry can be used to study metabolism in finer detail, as will be 

described below. 

2.7 Permeabilized Cell Respirometry 

Detailed characterization of bioenergetic (dys)function in a disease model by respirometry requires 

removal of confounding factors, yielding access to mitochondria with plasma membrane impermeable 

reagents. Mechanistic bioenergetic characterizations have classically used suspensions of isolated 

mitochondria in isotonic buffers mimicking the composition of the cytosol. Indeed, much of what we know 

today about the fundamental mechanisms governing oxidative metabolism were discovered in isolated 

mitochondria [92,138]. Recently, however, the universal validity of this system has been questioned. 

Mitochondrial purification results in large losses to sample yield, potential enrichment or depletion of 

mitochondrial subpopulations, as well as changes to mitochondrial structure, thus limiting the 

applicability of this method in a wide range of biological systems [139,140]. In contrast, selective 

permeabilization of cells or tissues provides a convenient method for direct physical access to 

mitochondria, mimicking that of the isolated mitochondria case [80,129,141]. In this paradigm, the 

mitochondria remain constrained within the cytoskeletal framework whereas soluble cytosolic contents 

are removed by dilution into the extracellular space. Free access to the cytosol allows for use of a variety 
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of substrates and mitochondrial-specific reagents without the limitations imposed by plasma membrane 

transport and cytosolic processing. 

 2.7.1 Permeabilization 

Selective plasma membrane permeabilization uses detergents or bacterial toxins to interact with plasma 

membrane cholesterol resulting in pore generation [141,142]. Mitochondrial membranes are spared 

owing to limited cholesterol content [141,142]. Using respirometry to monitor plasma membrane 

permeabilization requires assessment of plasma membrane permeability to non-permeable small 

molecules and quality control assessments to ensure intactness of mitochondrial membranes in the 

presence of permeabilizer. 

The most convenient set of reagents to monitor permeabilization progress are succinate and rotenone 

[81,135]. As a cell permeable complex I inhibitor, rotenone will maintain low respiratory rates until the 

normally impermeable succinate gains access to the cellular cytosolic space to stimulate respiration 

through complex II. This combination provides a means to monitor both time- and concentration-

dependent effects of whole cell permeabilization. 

Optimal permeabilizer concentrations ensure maximal plasma membrane permeabilization without 

affecting the mitochondrial membranes. Mitochondrial membrane integrity is validated to ensure 

appropriate permeabilization conditions. Respirometric characterization of outer membrane integrity 

relies on detection of respiratory stimulation by addition of exogenous cytochrome c [135]. Stimulation 

of respiration by exogenous cytochrome c addition, preferably in the presence of saturating ADP or 

uncoupler, is diagnostic of outer membrane permeability. The inner membrane on the other hand can be 

probed by measuring a respiratory control ratio using optimal ADP and oligomycin concentrations, 

allowing direct comparison with known high-quality mitochondrial preparations. 
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It should be mentioned here that permeabilization of cells, and especially of tissues, introduces 

complications to experimental interpretation. First, permeabilized muscle fibers display a greater than 

ten-fold increase in the apparent Km for ADP compared to isolated mitochondria from the same tissue 

[143]. Similar patterns are seen with oxygen affinities in permeabilized muscle fibers, showing distortions 

in oxygen traces about the aerobic-anaerobic transition suggesting apparent Km for oxygen of 50 μM 

whereas isolated mitochondrial oxygen affinities are estimate between 0.1 – 10 μM [O2] [81]. Finally, 

translation of findings from isolated mitochondria to permeabilized tissue is not always possible. This is 

demonstrated by failure to resolve acute changes to ADP-stimulated respiration in saponin-permeabilized 

liver from ground squirrels in torpor. Characterization of isolated mitochondria, however, showed the 

expected 60-70% decrease [144]. Finally, permeabilized myofibers from young adult and senescent rats 

showed modest changes to respiratory activity, hydrogen peroxide emission and mitochondrial 

permeability transition pore induction by calcium, whereas isolated mitochondria demonstrate greater 

than 50% decreases in maximum ADP-stimulated respiratory rates, with similar patterns in ROS emission 

and mitochondrial permeability transition pore induction by calcium [145]. 

In whole tissue preparations, apparent changes to binding affinities are typically attributed to long 

diffusion distances and, potentially, retention of diffusive barriers with retention of intracellular structures 

[141,143]. In cases where substrate delivery may be diffusion controlled, these restrictions are partly 

remediated by titrating reagents to maximum effect. This is exemplified by utilization of hyperoxia and 

high ADP concentrations (>2 mM) to accurately determine maximum oxidative phosphorylation turnover 

in permeabilized myofibers [81]. Nevertheless, cautious interpretation of certain calculated parameters, 

such as binding constants, from respirometry studies using permeabilized tissues is warranted. 

Whether using isolated mitochondria or permeabilized cells or tissues, direct access to mitochondria 

provides the basis for detailed mechanistic studies to localize dysfunctional metabolic segments in a 

biological system of interest. 
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 2.7.2 Localization of Dysfunctional Segments 

Turnover of the ETC relies on substrate delivery and generates a proton motive force to drive ADP 

phosphorylation. As the ETC is the site of oxygen consumption, respirometry is well suited to studying 

these components of oxidative metabolism. A schematic of the functional organization of these pathways 

is presented in Figure 2.2. Addition of exogenous substrates into the sample medium partially 

reconstitutes the tricarboxylic acid (TCA) cycle, generating reducing equivalents in the form of NADH 

and/or FADH2 which enter the ETC. Electron flow also enters the ETC through dehydrogenases which do 

not depend on the TCA cycle, including mitochondrial glycerol phosphate dehydrogenase (mGPDH), di- 

hydroorotate dehydrogenase (DHODH) and electron-transferring flavoprotein (ETF) as examples [80,146]. 

Electron flows converge on the ubiquinone/ubiquinol pool (Q), which is oxidized by cytochrome c at 

complex III. Cytochrome c then provides reducing equivalents for oxygen reduction at complex IV. 

Complexes I, III, and IV couple redox chemistry with proton translocation to generate a pmf which either 

drives ADP phosphorylation or is alternatively dissipated through non-productive leak pathways. 

 

Figure 2.5. Functional organization of metabolic processes controlling respiratory activity in isolated 

mitochondria or permeabilized cells. Substrate delivery involves oxidation of TCA cycle intermediates 

to produce electron carriers such as NADH and FADH2. Terminal oxidation of electron carriers occurs 

in the mitochondrial electron transport chain (oxidation), consuming oxygen and producing a proton 

motive force (pmf). Electron carriers enter the electron transport chain through a variety of enzymes 

and converge at the ubiquinone/ubiquinol pool (Q), driving flux through complexes III and IV. 

Cytochrome c couples oxidation of Q with reduction of oxygen at complex IV. The pmf is generated at 

complexes I, II, and III and dissipated through ATP synthesis (phosphorylation) or non-productive leak 

pathways. G3P = glycerol-3-phosphate, mGPDH = mitochondrial glycerol phosphate dehydrogenase, 

DHODH = dihydroorotate dehydrogenase, ETF = electron-transferring flavoprotein. 
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Respirometry can be used to study specific segments of this system to localize metabolic dysfunctions. 

What follows is a description of respirometry-based assays to localize dysfunctional segments of oxidative 

metabolism. Equivalent to the whole cell/tissue strategy described above, it is assumed that comparisons 

will be made to appropriate biological control samples in an identical respiratory state.  

 2.7.3 Leak state 

Addition of saturating substrates to respiring mitochondria or permeabilized samples yields a leak state, 

analogous to that for whole cell/tissue preparations described above. In the presence of saturating 

substrates, endogenous ADP is quickly phosphorylated and, in the absence of retained ATPase activity, 

minimizes ATP synthase turnover, favoring pmf accumulation [141]. The high pmf decreases respiratory 

activity and shifts respiratory control to the proton leak through the inner membrane [77,80]. As 

mentioned above, contamination with ATPases presents a confounding factor as small amounts of 

adenylates could drive ATP synthase turnover and, in turn, artificially elevate respiratory rates in the leak 

state. Retention of ATPase activity in permeabilized samples is especially likely, therefore the leak state in 

these samples is evaluated by inhibiting ATP synthase with oligomycin in the presence of saturating 

substrates [141].  

 2.7.4 Complex I 

Complex I (NADH:ubiquinone oxidoreductase) serves as an entry point for NADH generated by activation 

of matrix dehydrogenases. Redox chemistry is coupled to proton extrusion at complex I, thus this complex 

contributes to pmf generation. Reconstitution of the TCA cycle forms the basis for determining complex 

I-linked respiration [130]. As shown in Figure 2.3, pyruvate added with malate provides NADH and acetyl-

CoA from pyruvate dehydrogenase whereas malate oxidation by malate dehydrogenase provides NADH 

and oxaloacetate for condensation with acetyl-CoA. Glutamate may be used with malate or added to 

pyruvate/malate to generate α-ketoglutarate and produce NADH through α-ketoglutarate dehydrogenase 
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[81,147]. Succinate accumulation is negligible due to efflux via the dicarboxylate transporter [130]. This 

substrate combination, therefore, results in generation of NADH but negligible FADH2 thus entering the 

ETC predominantly through complex I [130]. The efficiency of respiration using pyruvate/malate or 

glutamate/malate is cell and tissue specific and preliminary experiments may be used to evaluate 

appropriate combinations [147]. Inclusion of saturating ADP or optimized uncoupler is required to limit 

control over respiratory flux by the phosphorylation system. 

 

 2.7.5 Complex II 

Complex II (succinate dehydrogenase) is at the interface of the mitochondrial ETC and TCA cycle. Using a 

FAD-cofactor, succinate oxidation at complex II produces fumarate for the TCA cycle and ubiquinol to 

drive ETC turnover but does not extrude protons to generate the pmf. Partial reconstitution of the TCA 

cycle with succinate results in succinate dehydrogenase-mediated FADH2 generation (Figure 2.3), 

 

Figure 2.6. Tricarboxylic acid cycle turnover provides substrate for the electron transport chain. 

NADH is generated by pyruvate-, isocitrate-, α-ketoglutarate-, and malate dehydrogenases in the 

mitochondrial matrix. Succinate dehydrogenase (complex II) fuels ETC flux through FADH2. Glutamate 

dehydrogenase produces NADH or NADPH. Metabolites and cofactors are shown in block lettering, 

enzymes displayed in italics. 
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therefore succinate can be added alone to support complex II-linked respiration but reverse electron 

transfer through complex I is eliminated by inclusion of the complex I inhibitor, rotenone [108,135,141]. 

As above, inclusion of ADP or uncouplers is warranted minimize flux control by the phosphorylation 

system.  

 2.7.6 Complex III 

Complex III (coenzyme Q:cytochrome c oxidoreductase) catalyzes the oxidation of ubiquinol to 

ubiquinone with the concomitant reduction of cytochrome c (Figure 2.2). Redox chemistry at complex III 

is coupled to extrusion of protons to generate a pmf. Electron flux through the ETC converges at the Q-

pool, and therefore, complexes III and IV present the final common path for electron flow through the 

ETC [79,130]. The high flux capacities of complexes III and IV are well suited to maintain high ETC turnover 

in the presence of convergent electron flow from mixed substrates [130,148]. This functional organization 

introduces artifactual control over respiratory flux by substrate delivery when using complex-specific 

substrates alone. Using substrate mixtures to maximize flux through complexes III and IV is discussed 

below; however, soluble complex III substrates, such as durohydroquinone, bypass the Q-pool and 

support respiratory flux directly through complexes III and IV [149]. Inclusion of malonate or rotenone, to 

inhibit complexes II and I respectively, favors electron flux toward molecular oxygen. 

 2.7.7 Complex IV 

Complex IV (cytochrome c oxidase) is the terminal oxidase in the ETC, catalyzing the oxidation of 

cytochrome c, reduction of molecular oxygen, and proton extrusion to generate the pmf. Cytochrome c, 

the natural substrate for complex IV, cannot cross the outer membrane to supply exogenous reducing 

equivalents directly to complex IV in intact mitochondrial preparations. Instead, N,N,N’,N’-

tetramethylphenylenediamine (TMPD) is provided in micromolar amounts in the presence of millimolar 

ascorbate [149]. TMPD serves as electron donor to drive complex IV turnover whereas ascorbate serves 
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to reduce the oxidized TMPD to maintain steady state turnover [150]. Importantly, substantial background 

oxygen consumption is expected from TMPD/ascorbate alone which is furthermore sensitive to 

temperature, pH and ionic strength of the sample media [81]. It is highly recommended that background 

oxygen consumption is carefully measured with this system to avoid systematic errors in data 

interpretation. As above, inclusion of ADP or uncoupler is necessary for assessment of complex IV 

turnover. 

 2.7.8 Maximum Electron Transport Chain Turnover 

In the fully uncoupled state, oxygen consumption rates are controlled by the intrinsic ETC turnover 

capacity and substrate delivery. The conceptual framework of convergent electron flow predicts that 

substrate delivery may become limiting if restricted to complex-specific combinations, such as 

pyruvate/malate for complex I-linked respiration [151]. In vitro reconstitution of substrate delivery 

pathways therefore relies on combinations of substrates to maintain high ETC turnover [145]. Respiratory 

rates in the presence of pyruvate, malate, and succinate for example, are higher than respiratory rates 

with pyruvate/malate or succinate/rotenone alone [130,145]. As substrate preference is a system-specific 

property, preliminary experiments comparing respiratory activities supported by several substrate 

combinations provides the requisite information necessary for experimental design whereas detectable 

differences in these parameters could signify metabolic reprogramming in the system of interest. 

Inclusion of complex I- and complex II-linked substrates, such as pyruvate, malate, and succinate, as well 

as acylcarnitines to stimulate ß-oxidation, can ensure maximum substrate delivery [149]. 

Additional considerations for enhancing substrate supply lie in the modulation of post-translational 

modifications to enzymes in oxidative metabolic pathways. Treatment with dichloroacetate, for example, 

favors dephosphorylation and maximal activity of pyruvate dehydrogenase, further enhancing substrate 

supply to complex I [152].  
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Using chemical uncouplers to stimulate maximum respiratory activity depolarizes the inner membrane, 

removing control over respiration by the phosphorylation system. Respirometry is used to study changes 

in the phosphorylation system by replacing chemical uncouplers with saturating ADP to activate the whole 

of oxidative phosphorylation. 

 2.7.9 Phosphorylation System 

The phosphorylation system consists of the adenine nucleotide translocator, phosphate transporter, and 

ATP synthase which function to import substrates for ATP synthase (ADP and Pi) and to export ATP to the 

cytosol to meet cellular energy demands [153]. Saturating ADP in the presence of saturating substrates 

induces maximal turnover of oxidative phosphorylation, composed of the ETC and ATP synthase coupled 

through the pmf (Figure 2.2). Detectable changes in oxidative phosphorylation turnover can be attributed 

to ETC capacity or ATP synthase but, importantly, are easily resolved by subsequent titration with 

uncoupler [81]. Loss of detectable differences upon uncoupler titration is consistent with dysfunction in 

the phosphorylation system whereas retention of differences suggests ETC changes, assuming 

mitochondrial content is controlled for. Use of ADP in permeabilized samples requires titration to 

maximum effect to identify and minimize potential diffusion limitations [143]. 

 2.7.10 Upstream Substrate Delivery 

Detection of impaired oxidation of a specific combination of substrates aids greatly in localizing 

dysfunctional metabolic segments; however, it is incapable of differentiating whether substrate supply or 

complex-specific changes drive the observed differences [135]. Direct addition of NADH to respiring 

mitochondria is ineffective at supporting respiration due to poor permeability of NADH through the inner 

membrane. Interestingly, use of alamethicin, a bacterial pore-forming toxin, induces NADH permeability 

through the inner membrane to drive ETC turnover through complex I [135]. As all membranes are 

permeabilized in the presence of alamethicin, exogenous cytochrome c is included to maintain ETC 
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turnover. Bypassing substrate delivery pathways to drive flux through the ETC directly, resolves ETC 

changes from those to upstream pathways including membrane transport and dehydrogenase activity 

[135]. 

 2.7.11 Conclusion 

Measuring rates of oxygen consumption by biological material has been a cornerstone of metabolic 

research for decades. Respirometry is used to reveal fundamental mechanisms underlying bioenergetics 

and is currently applied to a broad range of biological systems to study cancer, neurodegeneration, and 

immune cell metabolism. Respirometer design has evolved to offer highly stable, accurate, and precise 

instruments capable of operating competently under demanding conditions whereas miniaturization of 

sample chambers enabled highly sensitive and high throughput respirometry to be adapted by non-

specialist laboratories for routine bioenergetics characterizations. Modern micromanufacturing methods 

such as 3D printing and the availability of a wide array of materials has enabled the formation of micron-

scale features in complex 3D geometries. Combining optode-based oxygen sensing and 3D printing-based 

micromanufacturing can produce novel, flexible, and highly sensitive microrespirometers for use in non-

specialist laboratories. 

Respirometry is a powerful tool for bioenergetics studies as it allows for interrogation of a range of 

biological samples at varying levels of detail. Model systems such as whole cells or tissues are well suited 

to rapid screening by respirometry owing to rapid sample preparation, high yields, and the high 

physiological relevance. Standardized titration protocols yield quantitative estimates of basal, leak, ATP-

linked, maximal, and background respiratory rates. Furthermore, normalization of respiratory rates to 

measures of total cell/tissue mass or to measures of mitochondrial content resolves inherent metabolic 

changes from changes to cell/tissue specific mitochondrial content. 
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Isolated mitochondria or permeabilized samples provide the requisite access to segment oxidative 

metabolism into finer detail and efficiently localize changes in metabolism. Retention of mitochondrial 

membrane integrity allows for in vitro reconstitution of oxidative metabolism to detect changes in 

pathway-specific substrate delivery including substrate transport and oxidation, complex-specific 

turnover capacity, maximal ETC capacity, oxidative phosphorylation system capacity, and integrity of inner 

and outer mitochondrial membranes. 

The next chapter describes design and development of a novel 3D printed microrespirometer utilizing 

the design elements discussed above. 
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Chapter 3: Micro-Respirometry of Whole Cells and Isolated Mitochondria. 

3.1 Introduction 

Oxidation is the most common means of transducing hydrocarbons into energy. Aerobic organisms 

oxidize molecules in a stepwise manner while synthesizing adenosine triphosphate (ATP), the energy 

currency of the cell. Mitochondria are the specialized organelles where oxidation is coupled to 

phosphorylation by capturing the energy of electron transport, via a chain of proteins to O2, to create a 

proton gradient across the inner mitochondrial membrane, which then fuels ADP phosphorylation. 

As the main ATP generation mechanism of the cell, mitochondria have been extensively studied for 

over a century. The rate of oxygen consumption, the final step of the mitochondrial electron transport 

chain, provides information about the activity of electron transport chain protein complexes, transporters 

and ATP synthase. Two major approaches, polarographic or fluorescence quenching, are used for the 

measurement of O2 concentration in solution, which provide the necessary data for calculation of oxygen 

consumption rates [83,87,88]. Sophisticated titration protocols using varying substrate and inhibitor 

combinations were developed to glean information about specific segments of the oxidative 

phosphorylation machinery. Though tremendous progress has been made in understanding mitochondrial 

function using these approaches, there are several limitations of currently available methodology. As 

polarographic measurements are based on the current produced by reduction of O2 on an electrode, 

oxygen consumption by the sample must be significantly higher than that on the electrode, dictating the 

high tissue demand of this approach. Fluorescence quenching methods do not impose this demand, 

however, existing approaches utilize open configurations that require compensation for ingress of 

atmospheric oxygen due to diffusion. Finally, both polarographic and fluorescence quenching 

measurements are performed with static samples that only allow for cumulative, non-reversible titration 

protocols [80,106].  
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An enclosed flow-through cell respirometer has the potential of improving the currently available 

methodology by decreasing sample demand, greatly enhancing flexibility, and revolutionizing 

experimental approaches.  The advantages of the flow-through approach were first demonstrated by 

Jekabsons and Nicholls [154]. Using oxygen electrodes to determine pre- and post-sample differentials in 

oxygen tension in a continuous medium steam, they monitored the respiration of primary cerebellar 

granule neuron cultures and determined the ATP supply and demand, proton leak, and mitochondrial 

respiratory capacity during chronic glutamate exposure. Although revolutionary, this approach required 

complex custom assembly and was not amenable to automation and scaling up for high-throughput 

measurements. 

Recent developments in microfluidics and 3D printing technology provide new opportunities in the 

development of custom instrumentation [155]. In this study, we used O2-impermeable 3D printing plastics 

to manufacture microchannels. Optical transparency of the plastic allowed us to sample an oxygen-

sensitive fluorescence-based thin film deposited on the inner surface of the channel without exposing the 

sample to atmospheric O2. We show that adherent cells can be cultured directly on-chip and sampled over 

prolonged periods of time using repetitive and reversible stimulation of a given sample for observation of 

metabolic response. In addition to adherent cells, the experimental protocol can be adapted to isolated 

mitochondria and cell suspensions. Ease of production, flexibility in protocol design, and direct 

quantitative reporting of O2 consumption rates make this system highly amenable to both precise 

individual measurements of traditional respirometry and parallelization as needed for drug discovery and 

testing. 

3.2 Methods 

 3.2.1 Materials 

Dulbecco's phosphate buffered saline (DPBS; D8662), bovine serum albumin (BSA), oligomycin, carbonyl 
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cyanide m-chlorophenyl hydrazone (CCCP), polystyrene pellets (PS), KCN and general laboratory chemicals 

were of reagent or better grade from Sigma-Aldrich (St. Louis, MO) and were used as acquired. Platinum 

octaethylporphyrin (PtOEP) was from Frontier Scientific (Logan, Utah). Prefabricated materials were from 

McMaster-Carr (Elmhurst, IL).   

 3.2.2 Micro-respirometric Oxygen Sampling 

The microfluidic respirometer (MfR) was designed in Autodesk Inventor (Autodesk Inc, San Francisco, CA) 

and printed on an Objet Connex 350 or J750 (Objet Geometries Inc, Billerica, MA) 3D printer in VeroClear, 

a polymethylmethacrylate-like clear resin (Objet Geometries Inc). MfR consisted of three parts (Figure 

3.1A): the manifold (top), the sensing chip (middle), and the compression base (bottom). The manifold 

provided fluidic interface to the chip and positioned sampling optical fiber immediately above the optode 

(below). Continuity of the ports was achieved by compression of o-rings (size -001, Buna-N, shore 

durometer 70A) between the chip and the manifold. The entire assembly was compressed vertically using 

four bolts, hand tight. Pressure was transferred to the chip and the o-rings via a stacked wave disk spring 

for better alignment of contact surfaces of the chip and the manifold without pressure points.  

Two interchangeable versions of the chip were produced: closed shell (Figure 3.1B) and open shell (Figure 

3.1C) configurations for suspension and adherent samples, respectively. A 2.0 mm wide by 0.15 mm deep 

microchannel of the same geometry was manufactured by 3D printing in VeroClear in both cases.  

In the closed-shell configuration, the channel was formed by permanent adhesion of the printed part to 

the flat glass substrate. Four parts of Loctite EA E-30CL epoxy mixture were thinned with 1-part chloroform 

and applied along the perimeter of the microchannel, ensuring no spillover into the channel. The chip was 

spun at 2100 rpm for 20 seconds and solvent evaporated for 5 minutes at room temperature. A glass 

cover, cleaned in acetone, was applied to the chip and cured overnight under mechanical pressure.  
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In the open-shell configuration, the 3D-printed part was split into two components (Figure 3.1B). The 

outer section of the chip formed a well and was adhered to the glass the same way as for the closed-shell 

version. It ensured proper alignment on the central, oval section (insert) against the manifold. The 

microfluidic channel was formed by pressing the insert against the glass without additional adhesives. An 

elongated, 1.4 mm by 2.6 mm cross section soft seal (shore durometer 26A – 28A) was co-printed in 

Tango+ 3D printing resin along the perimeter of the well to prevent leaks. The seal was positioned along 

the upper edge of the well (Figure 3.1B) to provide simultaneous 2-way contact with the outer edge of 

the insert and the bottom surface of the manifold. 

In both configurations, the microchannel-containing surface was oriented upwards on the printer bed to 

prevent support material deposition in the microchannel. Bulk supporting plastic was removed using a 

brush with medium-soft plastic bristles followed by overnight soaking in a stirred solution of 2 M 

potassium hydroxide in water saturated with sodium bicarbonate as a mild abrasive. Cleaned parts were 

washed with deionized water and air dried before further use. Glass-contacting surfaces of chips in both 

designs were polished on 5 μm grit silicon carbide sheet after optode deposition to improve flatness.  

  

Figure 3.1: Schematic of the MfR for adherent and non-adherent samples. (A) An exploded view of 
MfR. Solution flow is shown in blue. Optical fiber and O2 sensor are shown in red. O-rings are shown 
in black. Vertical lines show alignment points. (B) Closed shell configuration for suspension 
measurements, showing a 3D-printed chip adhered to glass (cyan). (C) Open shell configuration for 
adherent measurments. Integral seal is shown in black. 
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The O2 optodes were deposited by casting or spin coating methods. For drop casting, a ~220 mg/mL stock 

solution of PS in bromobenzene or chloroform was prepared at room temperature overnight. The working 

PS/PtOEP solution was prepared by 1:4 (v/v) dilution of PS stock with a 2 mg/mL solution of PtOEP in the 

same solvent. One microliter of the PS/PtOEP mixture was deposited into the center of the microchannel 

and dried under a stream of warm air (T < 50 °C). For spin coating, PtOEP (~ 1 mg/mL) and 12.5 – 25% 

(m/m) PS in bromobenzene or chloroform solution was applied to the chip followed by spinning at 1000 

rpm for 2 minutes. Remaining solvent was removed under reduced pressure (0.2 bar) overnight. 

The measurements are based on the reversible quenching of the luminescence intensity and decay time 

of PtOEP by oxygen modelled by the Stern–Volmer equation25. The measurements were performed using a 

NeoFox GT phase fluorimeter with NeoFox Viewer software (Ocean Optics, Dunedin, FL). Fluorescence 

lifetime of the PtOEP sensor was acquired through the MfR wall by an unterminated optical fiber 

(ThorLabs Inc., Newton, New Jersey) at a minimal sensor to fiber distance (Figure 3.1D, see Results). The 

optical fiber was coupled to a bifurcated optical fiber of the fluorimeter by a bare fiber terminator 

(ThorLabs). 

 3.2.3 Oxygen Permeability and Solubility 

Oxygen permeability was measured following ASTM D-3985 using a Mocon Oxtran 2/21 (Minneapolis, 

MN) as previously described [156,157]. VeroClear discs were printed at 0.5 mm (N = 2) and 0.2 mm (N =2) 

thicknesses in two separate batches. Measured thicknesses were within 8% of the nominal thicknesses 

(0.184 ± 0.008 mm; 0.185 ± 0.010 mm; 0.477 ± 0.003 mm; 0.479 ± 0.009 mm), thus nominal values were 

used for calculations. Polyetheretherketone (PEEK) film (76.2 µm thick) was cut to size and measured 

under identical conditions (N = 4). The thin film was conditioned for 1 hr. Measurements were performed 

at 23°C and 37°C using dry 100% O2 at a flow rate of 20 sccm against 10 sccm flow of 98% N2, 2% H2 as a 

carrier gas.  
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Assessment of oxygen solubility was performed using air-equilibrated and anaerobic water in ambient air 

and in a glovebox (Pas-Labs Inc., Lansing, Michigan) purged with nitrogen (<10 ppm O2). Anaerobic water 

was prepared using a Schlenk line over 7 cycles between 0.026 atm vacuum and 1 atm Ar gas with 

agitation. Solutions were delivered to the chip from a gas-tight syringe through a minimal length of PEEK 

tubing.  

 3.2.4 Cell Culture and Respiration Assays 

ARPE-19 cells (ATCC, CRL-2302, passage 31) were grown on 75 cm2 polystyrene flasks (T75 flask; Corning 

Life Sciences, Oneonta, NY) in 50% Dulbecco’s modified Eagle’s medium low glucose base media (DMEM; 

Corning Cellgro, Manassas, VA), 50% F-12 supplement (Life Technologies, Grand Island, NY), 1% 

antibiotic/antimycotic mix (Thermo Fisher Scientific, Waltham, MA) with 10% fetal bovine serum (Atlas 

Biologicals, Fort Collins, CO). Bovine Retinal Endothelial Cells (BREC) were isolated and cultured as 

previously described in 10% Fetal Bovine Serum (FBS) Complete Media with 1% Antibiotic/Antimycotic 

(AA) (Gibco; ThermoFisher; Waltham, MA) [43]. Passages 4-8 were used for all experiments. At 100% 

confluence, cells were trypsinized (0.25% trypsin-EDTA) (Thermo Fisher Scientific) and counted using the 

Trypan blue exclusion cell viability method (Sigma Aldrich). Cells were either plated on the MfR well or 

stored, in suspension, on ice for adherent or non-adherent measurements, respectively. 100% confluence, 

cells were trypsinized, counted and either plated in the MfR well or stored on ice prior to measurements. 

 3.2.5 Glucose Oxidase Assays 

Stock solutions of glucose oxidase (GOx) and glucose were prepared in 50 mM potassium phosphate 

buffer, pH 7.5, and diluted in the same buffer as necessary. Assays were prepared by mixing 1:1 (v/v) of 

glucose and GOx stock solutions to a final concentration of 75 mM glucose and varying concentrations of 

GOx as indicated. The microchannel was flushed with blank buffer between trials. 
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 3.2.6 Non-Adherent Samples 

ARPE-19 cell suspensions were stored in buffer containing 148 mM NaCl, 5 mM KCl, 0.81 mM MgSO4, 0.83 

mM Na2HPO4, 0.14 mM KH2PO4, 1 mM CaCl2, 25 mM NaHCO3, 15 mM glucose at pH 7.5 [132]. Aliquots of 

the cell suspension stock were mixed with various buffers (vide supra) immediately prior to loading 2.0 - 

33×103 cells/µL into the MfR using a 20 µL pipette. The microchannel was flushed with PBS between trials. 

A high-resolution respirometer, Oxygraph-2k (Oroboros Instruments Corp., Innsbruck, Austria), was used 

as a reference following standard protocols at 23° C [80,110]. 

 3.2.7 Adherent Samples 

A removable, 3 mm in diameter by 3 mm in height seeding mask was used in preparation of the adherent 

cell respirometry. The seeding mask was printed in VeroClear and overcoated with 

polymethylmethacrylate (PMMA) by dip coating into a 5% (m/m) solution of PMMA in methylethylketone 

and drying overnight at 50° C. The open-shell well (Figure 3.1C) and the seeding mask were sterilized by 

washing with 70% ethanol in water followed by 15 min of UV irradiation prior to seeding. 

ARPE-19 cells were loaded into the mask at densities of 3.5 – 7.0×103 cells/mm2 and cultured overnight. 

Photomicrographs were acquired using an inverted light microscope equipped with an AmScope 0.3 

megapixel color CMOS camera (United Scope, Irvine, CA) prior to measurements. Surface density was 

calculated using ImageJ software by converting the RGB photomicrograph into 16-bit greyscale and 

applying a median filter (2 pixel radius). Find maxima was used to segment cells (noise tolerance of 5 – 8) 

excluding edge particles. 

Respiratory activity was measured under stationary medium conditions. Medium flow of 10 - 20 µL/min 

for re-oxygenation and reagent replenishment was controlled by a syringe infusion pump (Model 22, 
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Harvard Apparatus, MA). Stationary conditions were assured by a manual diversion valve that isolated the 

chip from the pump.  

The base cellular respirometry buffer (BBC) consisted of DPBS with calcium and magnesium (Sigma-

Aldrich) supplemented with 0.2% BSA. Respiration buffer (RBC) consisted of BBC supplemented with 10 

mM glucose, 10 mM lactate, and 1 mM pyruvate. Leak buffer (LBC) contained RBC with 2.5 µM oligomycin. 

Uncoupling buffer (UBC) contained LBC with 5 µM CCCP. Inhibition buffer (IBC) contained UBC with 5 mM 

KCN [77]. 

 3.2.8 Mitochondrial Isolation and Assay 

ARPE-19 cells were trypsinized, resuspended in ice cold mitochondrial isolation buffer (MIB) (200 mM 

sucrose, 50 mM mannitol, 5 mM MOPS, 1 mM EGTA, 5 mM K2HPO4, pH 7.5) and homogenized using a 

Teflon pestle (20 strokes at 3000 RPM). Homogenate was centrifuged at 600 g for 10 min and supernatant 

was collected. Pellet was resuspended in 3 mL of fresh ice-cold MIB, homogenized and centrifuged two 

more times collecting supernatant every time. The pooled supernatants were centrifuged at 7,000 g for 

10 min, discarding supernatant. The pellets were resuspended in 200 µL of MIB, pooled and centrifuged 

again for 10 min at 7000 g, repeating three times. Final pellet was resuspended in a minimal volume of 

ice-cold MIB and stored on ice prior to use. All steps were performed at 4° C [158]. Isolated mitochondria 

were stored on ice prior to measurements. 

The base mitochondrial respiration buffer consisted of 130 mM KCl, 20 mM Tris, 10 mM EGTA, 1 mM 

sodium phosphate at pH 7.5. Mitochondrial leak buffer contained 5 mM pyruvate, 0.5 mM malate, 10 mM 

succinate in base buffer. Leak buffer was supplemented with 0.24 mM ADP for ADP-stimulated 

respiration. Inhibited rates were determined by addition of 5 mM KCN and ADP to leak buffer. Total 

mitochondrial protein was determined using Bradford assay (BioRad). 
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 3.2.9 Calibration and Data Analysis 

Calibration was performed daily using air equilibrated buffer as the aerobic standard (245 µM) and fresh 

~1 mM sodium dithionite solution in the same buffer as anaerobic standard [121,159]. The Stern-Volmer 

relation was used to convert fluorescence lifetime to O2 concentration [118,160,161]. Oxygen 

consumption rates (RO2) were determined by linear fitting of steady state phases. For enzyme assays, 

background activity was corrected by subtracting RO2 of the buffer blank. For mitochondrial or cellular 

measurements, the RO2 of inhibited samples was subtracted from all others. Polynomial background drift 

corrections were applied to O2 traces in some instances. Data analysis was performed using IgorPro 

(Wavemetrics Inc., Portland, OR) software. 

3.3 Results 

 3.3.1 3D Printed Chip and Oxygen Optode Geometry 

Figure 3.1 shows a schematic of the device consisting of 3D printed flat chip with O2 sensor film deposited 

in the microchannel. Optically transparent VeroClear allowed sampling of the sensor by the optical fiber 

(Figure 3.1D). Patency of the microchannels was ensured by low-pressure perfusion prior to use. Distance 

between the optode and the optical fiber was 1.75 mm in the non-adherent configuration and 0.55 mm 

in the adherent configuration. An acceptance angle of 23⁰ for the 1.0 mm fiber resulted in circular fields 

of view with diameters of 2.48 mm and 1.47 mm for the non-adherent and adherent configurations, 

respectively. Drop-coated optode, with a limiting area of 1.8 mm2, was probed by an oversized field of 

view in the non-adherent configuration. In the adherent configuration, a section of an oversized optode 

was sampled by a limiting 1.7 mm2 field of view. 

Nominal dimensions of non-adherent microchannels were 0.25 mm deep by 1.20 mm wide. Average 

printed microchannel width was 1.09 ± 0.117 mm (N = 3). Average channel depth was 0.235 ± 0.013 mm 
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(N = 3) and 0.145 ± 0.017 mm (N = 3) before and after polishing, respectively. Nominal and measured 

dimension of the adherent configuration were 0.150 mm vs 0.131 ± 0.018 mm (N = 3) in depth and 2.00 

mm vs 2.23 ± 0.006 mm (N = 3) in width. 

 3.3.2 Sample Demand for Cellular Respiration 

ARPE-19 cells were chosen for their robust respiratory capacity and high rate of proliferation, yielding 

abundant sample for instrument characterization.  

A representative oxygen concentration trace using suspensions of ARPE-19 cells is shown in Figure 3.2A 

and 3.2B. Buffer blanks were used for system equilibration (arrowheads) until stable baseline was 

observed. Aliquots of ARPE-19 cells were pre-mixed with respiration buffer (hollow arrows; 10 mM 

glucose, 10 mM lactate, 1 mM pyruvate) or inhibition buffer (solid arrows; respiration buffer + 5 mM KCN) 

and loaded into the microchannel. Separate aliquots were prepared from the same suspension stock and 

sequentially sampled. After acquiring cellular RO2 for 3-7 min, the microchannel was purged using blank 

buffer at 2.25 mL/min for 3-5 min, resulting in rapid re-oxygenation of the microchannel and no evidence 

 
Figure 3.2. RO2 by ARPE-19 cell suspension in the microrespirometer. (A) Detailed view of ARPE-19 

substrate supported and KCN inhibited respiration (12.5×103 cells/µL). (B) Reproducibility of 

alternating injections of respiring and inhibited cells. Arrows and arrowheads indicate cell suspension 

and blank measurements, respectively. Hollow and solid symbols indicate respiration buffer (RBC: 10 

mM glucose, 10 mM lactate, 1 mM pyruvate) and inhibition (IBC: RBC + 5 mM KCN) buffer, respectively. 

Gray arrowhead shows anaerobic calibration. Regions used for determining RO2 are shown by red 

highlights. (C) Basal RO2 of ARPE-19 cells with various densities, including linear fit of data (dashed line, 

y = 0.02 + 4.22 × 10-5 x, R2 = 0.98). Shaded area – mean of inhibited cells ± SEM (N=5). RO2 are expressed 

as mean ± SEM (N=3-5). 
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of residual activity in the subsequent blank measurement. Cellular RO2 with inhibition buffer was not 

distinguishable from blank baseline. Injection of anaerobic standard (gray arrowhead) was used for 

calibration. Transient artifacts were seen immediately after sample loading, including O2 consumption 

during handling, and were excluded from the steady-state RO2 assessment. 

The microfluidic respirometer sensitivity was characterized using varying cell suspension densities. Figure 

3.2C shows that RO2 scales linearly with cell density (R2 = 0.98, linear regression) across an order of 

magnitude change in RO2. Linear interpolation of observed RO2, and its errors, showed the lower limit of 

detection of approximately 500 cells. Variances increased with increasing cell density, effectively limiting 

the upper bound of meaningful RO2 determinations. Examination of cell suspension delivery into the MfR 

by light microscopy revealed non-homogeneous cell distribution at cell densities higher than 17×103 

cells/µL, likely contributing to the increased variability in dense suspension. 

Oxygen diffusion limits the sensitivity of respirometers and leads to ambiguity in data interpretation. As 

glass is impermeable to O2, diffusion of atmospheric O2 from the open ports along the major axis of the 

microchannel and diffusion through the VeroClear walls are the two remaining routes in the 

microchannel. The first mechanism is unlikely to contribute significantly to O2 ingress due to the diffusion 

distance (5.6 mm) and respiration by cells occupying the entire channel, effectively isolating the cells in 

the sampled volume. Thus, O2 diffusion through VeroClear is the most probably source of O2 ingress. The 

room temperature (23°C) barrier properties of VeroClear (0.125 ± 0.007 barrer) were comparable to that 

of PEEK (0.143 ± 0.001 barrer). Permeability of VeroClear increased 1.8-fold to 0.218 ± 0.006 barrer at 

37°C. Since O2 permeability at both temperatures was comparable and this study focuses on the fitness 

of the current approach for respirometry over details such as metabolic response to temperature, further 

analysis was performed at ambient temperature.  

Since the ingress of O2 into the sample during measurement may lead to a significant underestimation of 
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RO2, we assessed the bi-directional mass transfer of dissolved O2 between the microchannel and the 

enclosing materials, including plastic and capillaries [79,110,162]. Figure 3.3 illustrates changes in 

dissolved O2 at the minimal and maximal concentration gradients in aerobically (left) and anaerobically 

(right) conditioned open-shell chip. To eliminated potential contribution of proteins adsorbed to the chip 

surfaces, measurement was performed on a fresh chip that was not used in other studies. 

Sequential sampling of aerobic water in the air-equilibrated chip (Figure 3.3A) showed no distinguishable 

changes in the solution [O2], as expected for zero pO2 gradient between the plastic and the solution. Rapid 

replacement of aerobic water with anaerobic water to impose a maximal gradient on the same chip 

resulted in pronounced ingress of O2 from plastic into the solution (Figure 3.3B). The observed ingress is 

attributed entirely to the immediate vicinity of the optode and not the upstream components because 

measurements were performed in the stationary solution. The average ingress rate decreased from 0.04 

μM/sec to 0.01 μM/sec between the first and the third measurement, suggesting that while a substantial 

 
Figure 3.3. Interface mass transfer of O2 under zero and maximal gradients. Left: Sequential 
measurements in a fresh, closed-shell chip that remained in the air since printing. Measurements using 
air-equilibrated (A) and anaerobic (B) water were performed in stationary solution and were 
alternated with 10-min wash and replenishment phases, shown by the breaks over time axis. 
Changeover from (A) to (B) included a 20-min purge with anaerobic water. Right: The same chip was 
transferred into a glovebox and conditioned for 48 h with N2 stream over microchannel. 
Measurements were performed as in the left panel using anaerobic (C), air-equilibrated (D), and again 
anaerobic (E) water. In all cases, O2 concertation is expressed as a change from the start of each 
stationary measurement. Changes in the concentration indicate ingress (B, E) and egress (D) of O2 into 
and from the solution, respectively. 
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amount of O2 may be dissolved in the thin layer of air-equilibrated plastic, contribution of mass transfer 

from deeper layers is small, in agreement with direct permeability measurements. 

This conclusion was further supported by the opposite trend that was observed when the same chip was 

pre-conditioned in anaerobic (N2) atmosphere for 48 hours. Initial measurement of anaerobic water in the 

N2-conditioned chip (Figure 3.3C) showed no ingress of O2 into the sample. A noticeable loss of O2 was 

observed when air-equilibrated water was subsequently measured in the same N2-conditioned chip, 

attributable to the mass transfer of O2 from the solution into plastic. The O2 transferred into the plastic 

from the aerobic solution can be available for re-entry into the solution until it diffuses further from the 

interface. This was, indeed, observed when the perfusing solution was reverted to anaerobic water. Figure 

3.3E shows a noticeable, but rapidly diminishing, re-entry of O2 from transiently oxygenated plastic into 

the solution. 

 

 3.3.3 Isolated Mitochondria 

To demonstrate the suitability of MfR for metabolic studies, RO2 of mitochondria isolated from ARPE-19 

cells was investigated under conditions mimicking standard respirometric measurements (Figure 3.4). In 

 

Figure 3.4. Classical states of mitochondrial RO2 in the MfR. Red trace indicates inhibition by KCN. 
Green – leak buffer, black – leak buffer + 0.24 mM ADP, blue – leak buffer + 0.24 mM ADP after 
complete ADP phosphorylation. Traces were overlaid at t=0 and averaged over the steady state (solid 
lines). Dashed lines show ± SD. N=2 for inhibition and state II, N=4 for state III and IV. 
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the presence of saturating substrates (State II), mitochondrial respiration is limited by a protonmotive 

force and the observed RO2 is controlled by ATP hydrolysis and proton leak. Addition of ADP activates ATP 

synthase, decreasing the proton motive force and increasing the observed RO2 (State III). Upon complete 

phosphorylation of ADP, the increase in proton motive force again limits the observed RO2 (State IV) to 

levels similar to the leak state. Background RO2 is determined from KCN-inhibited samples. 

 3.3.4 RO2 of Cells in Suspension  

Similar substrate-inhibitor modulation of whole cell suspensions in the microchannel is shown in Figure 

3.5. Substrate-inhibitor modulation of RO2 by the same cell line in a high-resolution respirometer is shown 

for direct comparison. Inhibition of ATP synthase and a corresponding increase in the inner membrane 

potential by oligomycin caused the expected decrease in cell specific RO2 relative to basal RO2 in both 

approaches (Leak). Maximal cell-specific RO2, achieved by dissipating the membrane potential using 5 µM 

CCCP (mitochondrial uncoupler) in the presence of substrates, were 0.025 ± 0.002 and 0.028 ± 0.004 

nmolO2/106cells/sec in the oxygraph and in microfluidic respirometer, respectively (Uncoupled). The 

increased variability of RO2 in the MfR was attributed to manual handling of high-density cellular 

suspensions. 

 

Figure 3.5. Characteristic RO2 states of whole cell in the MfR compared to traditional oxygraph. 

Specific RO2 are inhibition corrected, normalized to cell density and expressed as mean ± SD. N=4 for 

oxygraph, N=4-7 for MfR. 
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 3.3.5 Variability in Homogeneous Samples 

To characterize the sensitivity and reproducibility of the MfR independent of the variability associated 

with suspensions, measurements were performed using a homogeneous glucose-glucose oxidase (Glu-

GOx) enzyme system to mimic cellular RO2. Figure 3.6A shows a representative trace of sequential Glu-

GOx measurements. Inter-trial RO2 reproducibility was high and little residual Glu-GOx activity was 

detected following washes, which would appear as a loss of O2 during blank measurements. Figure 3.6B 

shows averaged traces of multiplicate measurements of RO2 at [GOx] of 0, 0.09, 4.85 and 333.5 µg/mL 

with 75 mM Glu. At low [GOx] the RO2 (blue) is statistically indistinguishable from the blank (red). At 

intermediate [GOx], there is a linear decrease in [O2] (black), and at high [GOx] there is a loss of linearity 

in the [O2] decrease (green). The loss of linearity at the upper limit of MfR sensitivity corresponds to the 

sensor response time. Maximum apparent RO2 was 5.22 ± 0.43 µM/sec (N = 3), observed following 

injection of anaerobic standard. RO2 between of 0.03 and 2.5 µM/sec showed a linear dependence on 

[GOx] (Figure 3.6C). 

The Glu-GOx model was also used to assess inter-instrument variability of the MfR (Figure 3.6D). RO2 were 

measured in parallel, on two separate MfR and fluorimeters, using common Glu-GOx stocks. The RO2 

 

Figure 3.6. Characterization of MfR using homogeneous model reaction. (A) Raw trace of Glu-GOx 

RO2 assay. Gray and black arrows show buffer blank and 4.85 µg/mL GOx + 75mM Glu in 50mM KPi 

(pH 7.5), respectively. (B) O2 consumption traces by select GOx concentrations. Solid lines indicate 

overlaid and averaged blank and reaction trials. Dashed lines represent ± SD (N = 5-6). (C) Dynamic 

range of the MfR using Glu-GOx RO2 expressed as mean ± SD, N = 3-5. (D) Inter-MfR reproducibility 

using Glu-GOx expressed as mean ± SD, N = 6-7. 
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values obtained on each instrument, 0.243 ± 0.024 and 0.238 ± 0.018 μM/sec (N = 6-7), were not 

statistically distinguishable (p = 0.69, t-test). 

 3.3.6 RO2 of Adherent Cell Samples 

Adherent cell culture models were used to increase reproducibitliy, decrease sample demand, and permit 

transient sample stimulation using repetitive measurements of a given biological sample. As cell adhesion 

required extended incubation in proximity to a material with unknown biocompatibility, gross toxicity was 

assessed by culturing ARPE-19 cells on-chip, without a seeding mask, for several days (Figure 3.7A and 

3.7B). Photomicrographs, obtained daily, showed no visible differences between cells in the central and 

peripheral areas, indicating that proximity to polymer did not affect cell growth. After overnight 

incubation ARPE-19 cells exhibited an adherent cell morphology. Subsequent proliferation over the three-

day incubation period resulted in the cobblestone appearance typical of this cell type [163]. Cell surface 

density quantitation over time is presented in Figure 3.7B, demonstrating an initial increase followed by 

a plateau at day two in culture. The biocompatibility of the MfR instrument was further confirmed by a 

long-term continuous measurement of adherent cells, which showed no changes in respiration over 24 

hours (Figure 3.11 in Appendix A).  

Following cell culture under standard conditions, the removable insert was used to form a microchannel 

immediately prior to RO2 measurements.  

 

Figure 3.7: Adherent cell configuration of the MfR. Photomicrographs (A) and quantitation (B) of 

ARPE-19 cell growth and proliferation on cell culture well of the MfR. Scale bars = 100 µm. 
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Figure 3.8 shows an example of RO2 measurements in adherent ARPE-19 cells. Under a constant flow of 

buffer (Figure 3.8A, arrows), the microchannel remains fully oxygenated as O2 delivery is faster than 

consumption. Assessment of RO2 was achieved by arresting buffer flow (Figure 3.8A, arrowheads), 

resulting in a linear decrease of dissolved O2 over time. Resumption of flow (Figure 3.8A, arrows), leads to 

re-oxygenation of the microchannel. Analysis showed a mean basal RO2 of 0.030 ± 0.002 (± 8.4%) µM/sec 

and a mean inhibited RO2 of 0.011 ± 0.002 (± 14.6%) µM/sec (N = 4) as shown in Figure 3.8B.  

The continuous medium flow utilized in the microchannel allows for fast and complete exchange of buffer 

for reversible activation/inhibition cycles using a single cell sample. This capability is illustrated in Figure 

3.9A and 3.9B. Basal RO2 is inhibited in the presence of the reversible inhibitor KCN. Upon subsequent 

perfusion with KCN-free buffer (RBC), 99.6% of basal activity is recovered within 880 seconds at 10 µL/min 

flow. Finally, RO2 of adherent ARPE-19 cells was examined using the same sequence of modulation as 

described above for cell suspensions (Figure 3.5). Figure 3.9C shows basal, oligomycin-inhibited, CCCP-

uncoupled and KCN-inhibited RO2 obtained from 3.4×103 cells. The patterns of stimulation and inhibition 

were recapitulated with adherent cells and, importantly, showed significantly decreased variance of RO2 

 

Figure 3.8. Repetitive RO2 assessment of adhered ARPE-19 cells. (A) Representative O2 trace showing 

RO2 of 2800 ARPE-19 cells. Arrowheads – no buffer flow, arrows – buffer flow, black – respiration buffer, 

gray – inhibition buffer, white arrowheads – buffer exchange artifact. (B) Quantitation of basal (RBC) 

and inhibited (IBC) RO2 obtained from (A), expressed as mean ± SD (N=4). 
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using the adherent configuration compared to cell suspensions. Significant and reproducible decreases 

were noted in RO2 after cell adhesion, as discussed below. 

3.4 Discussion 

Measurement of dissolved O2 content provides valuable information on metabolic activity of plant, 

bacterial, animal and human samples.  Sophisticated systems are commercially available for respirometric 

measurements; however, the advantages of each are balanced by unique limitations such as high sample 

demand, operating cost, and limited adaptability to sample type [81,106,164]. In this study we combined 

the advantages of high-resolution 3D printing with fluorometric O2 detection to produce a simple, 

versatile, and highly sensitive method for micro-scale repetitive respirometry. 

Measurements on cell suspensions demonstrated the high sensitivity of the MfR, detecting RO2 in 

as few as several hundred cells (Figure 3.2). This represents three orders of magnitude higher sensitivity 

than large volume respirometers, and approximately 10 times the sensitivity of plate-based respirometry 

[81,106]. Such sensitivities are afforded by the small volumes, tight control over O2 ingress, and short 

distances between the optode and respiring cells. Suspension measurements showed minimal gain from 

Figure 3.9. Reversible inhibition of respiration in the MfR. (A) Trace of reversible respiratory inhibition 

by KCN in adherent ARPE-19 cells cultured on MfR. Arrows – buffer flow, arrowheads – static buffer, 

black – RBC, gray – IBc, white arrowhead – buffer exchange artifact. (B) RO2 quantitation of the results 

shown in (A). Black circles – respiration buffer, gray circles – inhibition buffer. (C) Classical states of 

whole cell RO2 in the adherent compared to suspension MfR configuration. Respiration was in glucose, 

lactate, pyruvate (10, 10, 1 mM), leak was by addition of oligomycin (2.5 µM), and uncoupled RO2 was 

by addition of CCCP (5 µM). Squares – adherent cells, gray faded circles – suspension (from Figure 5). 

RO2 were normalized to uncoupled respiration and expressed as mean ± SD (N = 3). 



62 
 

increasing cell density as higher absolute RO2 were offset by decreased reproducibility. Sensitivity of 

adherent cell measurements is proportional to surface cell density and inversely proportional to the 

channel depth, but is independent of channel width or length, assuming a uniform cell monolayer and 

sensor width greater than channel depth. Therefore, reduction in channel depth is beneficial until shear 

stress and O2 ingress become liming factors (below). The phase-based fluorescence lifetime detection of 

O2 by PtOEP in a polystyrene matrix is independent of film thickness and fluorophore concentration, 

enhancing reproducibility (Figure 3.6D and Figure 3.8) [94].  

In Figure 3.5 we showed RO2 modulation by respiratory effectors, measured using a traditional 

oxygraph and the MfR. The expected trends were recapitulated in the MfR with some notable exceptions. 

The magnitude of inhibition caused by oligomycin was smaller in the MfR whereas the magnitude of 

stimulation by CCCP was larger. Additionally, MfR cell suspensions showed high RO2 variances compared 

to polarographic RO2, where cell densities were 2-6-fold lower than in MfR. Both higher variances and 

changes in modulation efficiencies are likely to arise from the higher cell densities in the MfR. Though the 

chemical composition of assay buffers were the same, the lipophilic modulators, oligomycin and CCCP, 

require optimization of modulator to membrane ratios in order to achieve optimal membrane 

concentrations without side effects [165–168]. Despite these differences, we observed excellent 

agreement of cell-specific uncoupled RO2 between the oxygraph-2k and microfluidic respirometer, 

demonstrating the utility of microfluidic respirometry in classical respirometric assays. Uncoupled RO2 was 

chosen as a normalization between instruments because it represents near-maximal respiratory capacity 

without the limiting effects of metabolic load. 

High variances in cell suspension measurements are attributed to micropipetting of concentrated 

cell stocks and cell sedimentation during sample loading, which can be minimized by incorporating 

hydrodynamic focusing [169,170]. We reasoned, however, that the high variability between independent 

cell suspension trials can be remediated by immobilization of the sample, which also improves 
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physiological relevance due cell-cell and cell-substrate contacts in natively adherent cell types. Repeated 

probing of a given sample in the adherent configuration not only improved variability of RO2 determination 

(Figure 3.8) but further reduced sample demand relative to cell suspensions, requiring delivery of 

homogeneous medium between samplings. Importantly, ARPE-19 cells had lower metabolic rate in the 

native adherent state compared to the same cells in suspension. Such changes in metabolic rate upon 

resuspension of natively adherent cells is expected and highlight the versatility of the microfluidic 

respirometer, allowing for precise tuning of experimental design to the research question.  

The interrupted-flow approach in the adherent microfluidic respirometer configuration enables 

development of novel measurement strategies [154]. First, cell samples are kept at the desired [O2] (near 

saturation in this study) because cellular RO2 is measured for a short period before medium replenishment. 

This allows the microfluidic respirometer to sustain prolonged experiments without inducing metabolic 

changes associated with hypoxic responses (Figures 3.8, 3.9A and 3.10). Continuous buffer exchange can 

mimic classical titration-based protocols and is further amenable to addition and removal of metabolic 

stimuli to study reversibility of metabolic switches (Figure 3.9). As an example, we demonstrated 

reversible respiratory inhibition by KCN (Figure 3.9A and 3.9B) and observed the kinetics of RO2 recovery 

prior to reaching the near-complete pre-inhibition activity. These transient metabolic states are attributed 

either to partial washout of the inhibitor or, alternatively, to cellular recovery from the metabolic insult. 

Regardless of the cause, these observations open intriguing possibilities for the investigation of time-

dependent metabolic changes affecting RO2 in real-time and the opportunity to resolve transient 

metabolic states during stimulation. 

Isolation of the sample from the atmospheric environment is particularly important for 

microrespirometry due to the high surface area to volume ratios inherent in microfluidics. In such regimes, 

surface exchange of O2 can lead to relatively rapid changes in bulk O2 concentrations in the medium. This 

property is used widely for the development of microfluidic hypoxia incubators which focus on controlling 
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and rapidly changing dissolved oxygen concentrations within microchannels [161,171]. These devices, 

however, are fundamentally different from respirometers. Whereas control over dissolved oxygen 

concentration in a microchannel requires highly permeable polymers, microrespirometers require low 

permeability barriers because real-time detection of bulk analyte and the kinetic analysis of its dynamics 

are greatly hindered in the presence of extraneous analyte sources or sinks [161,172]. Ingress of 

atmospheric O2 into the microchannel can adversely affect results, decreasing instrument sensitivities and 

causing non-linear responses due to the accumulation of concentration gradients and diffusion according 

to Fick’s Law [87,88,105]. The non-linearity of steady-state RO2 is particularly problematic for multi-phasic 

processes, such as in the transition from ADP-dependent to ADP-limited respiratory states of isolated 

mitochondria (Figure 3.4). For example, ADP-limited respiration could be under-estimated when samples 

reach lower [O2], affecting calculated parameters such as respiratory control and ADP:O ratios 

[93,110,173]. 

Excellent barrier properties of VeroClear play a critical role in preventing interference from 

atmospheric O2. However, VeroClear has some O2 buffering capacity due to a limited solubility of O2 in 

the plastic. Oxygen transfer between the solution and the plastic results in small changes in the solution 

O2 following rapid imposition of concentration gradient of over 200 μM. Even at the maximal gradient, 

the observed mass transfer was significantly slower than the RO2 reported elsewhere in this study. Since 

mass transfer is directly proportional to the difference of concentration at the boundary of the sample 

and all biological measurements were performed with 5 to 10 times smaller gradients, effective 

contribution of mass transfer is negligible. It is important to note that the maximal gradient conditions 

were designed to test the limits of O2 mass transfer at the boundary and do not represent a biologically 

relevant model. A well-designed applied experiment should be performed at relatively constant [O2] at 

physiological pO2, including hypoxic conditions. In such cases, pre-conditioning of the MfR by gas stream 

or a flow of a solution is the best strategy. 
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The results shown in Figure 3.3A clearly demonstrated that there is no chemical O2 scavenging by 

the resin itself. This shows that a small, but consistent, non-zero initial RO2 drift with static blank solutions 

(Figures 3.2A, 3.2B and 3.6A) may originate from partial retention of proteins or organelles from previous 

measurements. Such background drifts are much smaller than mitochondrial RO2 and are corrected with 

standard respiratory inhibition controls in differential measurements. 

While reduction in the depth of the channel enhances sensitivity in adherent cell measurements, 

it also increases shear stress on cells during perfusion. This  physiologically relevant stimulus is lacking in 

traditional cell culture models [172,174,175]. Physiological shear stress can range from 10-2 to 101 

dyne/cm2 [175,176]. In the adherent MfR configuration, ARPE-19 cells experienced an estimated shear 

stress of 0.27 dyne/cm2, assuming a rectangular channel of nominal dimensions, flow rate of 10 µL/min 

and dynamic viscosity of 0.94 cP [172,175,177]. As epithelial cells experience fluid flow velocities closer 

to that of the interstitium in vivo, the low, intermittent shear imposed by the MfR is likely comparable to 

physiologically relevant conditions and can be further adjusted as needed [174]. 

Optical transparency and O2 barrier properties of VeroClear are ideally suited for MfR, but its 

biocompatibility requires further studies. Cell suspension samples are exposed to VeroClear for ≤10 min 

in MfR, in contrast to adherent cells which are cultured in the proximity of the polymer for many hours. 

We used several strategies to prevent or reduce potential cytotoxic effects. First, the cells were seeded 

as a tight cluster in the center of the well with glass base and polymer walls, separated from the bulk 

media by a seeding mask. The seeding mask was coated with polymethylmethacrylate to act as a barrier 

film between VeroClear and cells. This impeded mass transfer from the perimeter of the well and 

sequestered the cell cluster from interaction with potentially toxic leachates [116]. We have successfully 

cultured human epithelial (ARPE-19, Figure 3.7A) and bovine retinal endothelial cells (Figure 3.11) in the 

well without the use of a mask, although further investigation of cytotoxicity is needed for printed 

materials. During adherent cell measurements, the polystyrene matrix of the PtOEP optode is unlikely to 
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interfere with cellular metabolism, or suffer from bio-fouling, and provides an additional barrier against 

potential leaching of toxic compounds from the underlying printed polymer [116].  

3D printing technology now enables the production of micron scale features in an array of polymers. High 

resolution and flexibility permitted the manufacture of most components with adequate precision and 

reproducibility without specialized tooling or casting. An alternative to 3D printing, micro-milling, creates 

a rougher surface that is prone to trapping air bubbles, which can affect oxygen measurements. In 

contrast, 3D printed parts have smooth surfaces when properly oriented with respect to the supporting 

plastics, improving the reproducibility of the measurements. A more powerful and flexible open shell 

design (Figure 3.1C) would be very difficult to implement using a traditional manufacturing techniques.   

While 3D printing has been a major enabling technology for this study, yielding hundreds of chambers of 

varying design, methodologies can vary widely from a single prototype chip to industrial production. 

Common to all methodologies is the concept of an isolated microchannel with an aspect ratio amenable 

to bulk analyte measurement without interference from mass transfer. The Z-dimension in 3D printing 

typically has higher resolution than the X- and Y-dimensions and limits microchannel depths to 10’s of 

microns [178,179]. This is sufficient for optimal MfR channel depths of 70-150 m because shear stress 

scales linearly with flow rate and as the inverse square of the channel height. Further reduction of height 

would necessitate large reductions in flow rates to control shear of adherent cells. The increased cell 

aggregation would negatively affect reproducibility in suspension measurements.  

3.5 Conclusion 

This work describes the development of microfluidics-based respirometry for studies on biological energy 

transduction. Taking advantage of remote sensing in an isolated microchannel, this simple, yet versatile, 

method can detect O2 consumption by minute amounts of sample, ranging from soluble enzyme systems 

to cell or organelle suspensions and adherent samples. We demonstrated performance of this analytical 
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tool in the context of eukaryotic respiration, although it can be employed for measurements of bacterial 

and plant metabolism. A combination of low oxygen permeability with flexible configuration allow for 

direct, uncompensated data acquisition, amenable for automation and development of fundamentally 

new experimental protocols for use in a wide array of basic and applied biomedical fields. 
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3.6 Appendix 

 

Polymer 
Permeability 

(Barrer) 

Reported 

Poly(dimethylsiloxane) 
(PDMS) 

610 

Polyethylene (PE) 23 

Poly(tetrafluoroethylene) 
(PTFE) 

4.2 

Poly(methyl 
methacrylate) (PMMA) 

0.09 

Polyetheretherketone 

(PEEK) 
0.13 

Measured 

PEEK 0.143 ± 0.001 

VeroClear 
0.125 ± 0.007† 

0.218 ± 0.006‡ 

Figure 3.10: Oxygen permeability of selected polymers. Barrer = 10-10 cm3 cm cm-2 s-1 cmHg-1, mean ± 

SD (N=4). † - measured at 23° C. ‡ - measured at 37° C. 

 

Figure 3.11. Biocompatibility of the MfR. Photomicrographs of BRECs grown on the MfR before (top) 

and after (bottom) ~25 hours of continuous measurement (right). The experiment was reproduced 

multiple times, with the continuous measurements longer than 24 hours without apparent loss of 

activity. 

 

 

After Measurement 

Before Measurement 
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Figure 3.12. Schematic of the MfR for adherent samples. Cells are cultured on the glass base of the 

well, open to the incubator atmosphere (Adhesion). Assembly and Measurement refer to sequential 

application of MF chip and manifold immediately prior to RO2 determination. 
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Chapter 4: Mitochondrial Ceramide Effects on the Retinal Pigment Epithelium in Diabetes 

4.1 Introduction 

Diabetic retinopathy is the leading cause of blindness among working-age adults, representing a large 

socioeconomic burden on society. To date, medical and surgical treatment options have been 

revolutionary; however, indications for treatment rely on advanced markers of disease. Development of 

effective treatments for early stages of the disease require elucidation of the underlying biochemical 

pathophysiology. 

The retina is composed of a highly ordered and bioenergetically active neural tissue, perfused by two 

independent vasculatures. The retinal and choroidal vessels, supplying the inner and outer retina, 

respectively, regulate molecular exchange across the inner and outer blood–retinal barriers. Breakdown 

of these barriers results in clinically observable lesions, such as microaneurysms and hemorrhages, 

ultimately leading to retinal hypoxia or ischemia and disease progression [59]. The inner blood–retinal 

barrier, consisting of non-fenestrated retinal endothelial cells and pericytes, has been the focus of many 

studies, but the outer barrier has received comparatively less attention [55,59,61]. The choriocapillaris, a 

vascular layer supplying circulation to the outer third of the retina, consists of a fenestrated endothelium 

separated by Bruch’s membrane from the retinal pigment epithelium (RPE). The RPE provides a barrier 

function, with expression of tight junction proteins and regulation of transcellular water, ion, and 

metabolite transport by polarized expression of transporters [180,181]. Apart from regulating the osmotic 

and ionic balance of the outer retina, the RPE plays a key role in vision by phagocytosing shed 

photoreceptor outer segments and recycling retinoids for the visual cycle [180,181]. Therefore, RPE 

dysfunction can contribute to the hypoxic conditions common in DR, and to the fluid and ion fluxes 

thought to cause diabetic macular edema [22,182,183].  

Diabetic retinopathy is a neurovascular complication of diabetes resulting from chronic exposure to 
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hyperglycemia, dyslipidemia, and inflammation. Diabetic dyslipidemia leads to changes in systemic and 

local lipid metabolism that drive the pro-inflammatory and pro-apoptotic cellular changes typical of 

diabetic retinopathy (DR) [16]. Ratios of key sphingolipid species, such as ceramide and sphingosine-1-

phosphate, are a major factor in sphingolipid metabolism and play key roles in cell fate [48]. These ratios 

are termed a “sphingolipid rheostat” due to their importance in determining cell growth, proliferation, 

and apoptosis. In particular, ceramides are bioactive sphingolipid species which regulate cell stress 

responses [53,184]. Ceramides can be synthesized de novo from serine and palmitate or salvaged from 

other sphingolipid species, depending on the physiological state of the tissue [47]. Structurally, ceramide 

is composed of a sphingoid base and an exchangeable fatty acid. The chain length of the latter determines 

the biological effect of the ceramide. While short-chain ceramides (<20 carbons) are associated with pro-

apoptotic effects, long-chain ceramides (>20 carbons) exert a protective effect on cells [43]. Ceramide is 

produced from sphingomyelin by hydrolysis of the phosphocholine head group, and the enzymes which 

catalyze this reaction, the sphingomyelinases, are distinguished by the pH at which they show optimum 

catalytic activity [47]. 

Acid sphingomyelinase (ASM) catalyzes sphingomyelin hydrolysis in lysosomes and at the plasma 

membrane, showing relative specificity for producing short-chain ceramides [54,185]. The ASM-knockout 

mouse has been well characterized as an animal model of Neimann Pick disease, showing remarkable 

resistance to cellular toxicity stemming from a variety of stressors such as hypoxia, radiation, and 

ischemia-reperfusion injury [52–54]. Specifically, the ASM-knockout mouse is resistant to retinal ischemia-

reperfusion injury, confirming the central role of ceramide generation in the response to cell stress [54]. 

Studies in animal and cell culture models of DR have shown that it is the ASM, rather than the neutral SM, 

that is increased in the retina and retinal cells [54]. Moreover, inhibition of ceramide synthase, the central 

enzyme of the de novo ceramide production pathway, had no effect on cytokine-induced pro-

inflammatory changes in the retina and retinal cells [55], further supporting the central role of ASM in 



73 
 

ceramide-mediated retinal pathology. 

Reports of direct effects of ceramide on mitochondrial structure and function [46,66,71,73,186,187] 

prompted us to consider whether diabetes-induced ASM upregulation might lead to mitochondrial 

ceramide accumulation and, in turn, to structural and functional changes. Overall changes in sphingolipid 

levels have been documented in the diabetic retina, but elevated ceramide levels were not evident. 

Instead, decreases in ceramide species were compensated with increases in hexosylceramides, consistent 

with an increase in ceramide glycosylation in diabetes [188]. In the current study, we examine diabetes-

induced changes in retinal mitochondria-specific ceramide and demonstrated that changes in 

mitochondrial network structure and function occur in an ASM-dependent manner, in contrast to the 

sphingolipid changes in the whole retina. 

4.2 Methods 

 4.2.1 Rodents 

All animal procedures complied with the National Institutes of Health (NIH) Guide for the Care and 

Use of Laboratory Animals. Procedures received prior approval by IACUC at Michigan State University, 

approval #Busik08/17-151-00, 28/08/2017. 

Diabetes was induced in male Sprague–Dawley rats (237–283 g) with a single intraperitoneal injection 

of streptozotocin (STZ) (65 mg/kg) (Sigma Aldrich, St. Louis, MO, USA) dissolved in 100 mM citric acid (pH 

= 4.5) (29). Body weights and blood glucose were monitored biweekly. Blood glucose concentration was 

maintained in the 20 mM range. Rats were used 7 weeks after diabetes induction. C57BL/6J ASM-deficient 

(ASM−/−) male mice and littermate wild-type controls at 6–8 weeks of age were used in the study. 

 4.2.2 Cell Culture 

Primary human RPE were isolated according to standard procedures and cellular phenotype was 
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confirmed by staining for ZO-1 and RPE65 markers [189]. ARPE-19 (ATCC CRL-2302) cells were grown in 

Dulbecco’s modified Eagle’s medium/F12 (1:1, v/v) supplemented with 10% fetal bovine serum and 1% 

penicillin/streptomycin at 37 °C in 95% relative humidity and 5% CO2. Primary human RPE cells were used 

at Passages 4–8. 

 4.2.3 Mitochondrial Isolation  

Mitochondria were isolated according to previously described protocols with minor modifications 

[190,191]. Briefly, cells were resuspended in ice-cold mitochondrial isolation buffer (mIB) and lysed for 20 

s with a Scilogex D160 homogenizer (Scilogex, Rocky Hill, USA) equipped with a 5 mm diameter probe 

operated at 18,000 rpm. The homogenate was brought to 30 mL with fresh mIB and centrifuged at 1000× 

g for 10 min at 4 °C. The supernatant was reserved, and the pellet was homogenized and centrifuged as 

above. The pooled supernatants were centrifuged at 8000× g for 15 min, and the mitochondrial pellet was 

washed with fresh mIB and subjected to further processing as indicated. Where required, half of the 

isolated mitochondrial sample was further purified via sucrose step-density gradient ultracentrifugation 

without modifications using a Sorvall M120 SE Micro-Ultracentrifuge (S55S-1155, ThermoFisher Scientific, 

Waltham, USA) [190]. 

 4.2.4 Mass Spectrometry 

Mitochondria on dry ice were subjected to lipid extraction with chloroform, methanol, and water as 

previously described [192]. Dried lipid extracts were washed with 10 mM ammonium bicarbonate solution 

to remove salts and buffer contaminants, and then dried under a vacuum and resuspended in methanol 

by normalizing volumes to total mitochondrial protein. Immediately before analysis, mitochondrial lipids 

were diluted 5-fold by drying aliquots in a speed-vac centrifuge and resuspending in five volumes of 

isopropanol/methanol/chloroform (4:2:1, v:v:v) containing 20 mM ammonium formate. Lipids were 

analyzed by high-resolution/accurate mass spectrometry and tandem mass spectrometry in positive- and 
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negative-ionization modes on an LTQ-Orbitrap Velos mass spectrometer (Thermo Scientific, Waltham, 

MA, USA) [192]. A TriVersa Nanomate (Advion, Ithaca, NY, USA) functioned as a nano-electrospray 

ionization source and autosampler. The nESI spray voltage was held at 2.4 kV and nESI gas pressure was 

0.3 psi. The 96 well sample plate (Eppendorf, Hamburg, Germany) was held at 12 °C. Sphingolipid species 

were quantified as their formate adducts in negative-ionization mode against spiked synthetic 

sphingolipid internal standards of Cer(30:1) and SM(30:1) (Avanti Polar Lipids, Alabaster, AL, USA) at 250 

femtomole/microliter [193]. Sphingolipid structures were confirmed by higher-energy collisional 

dissociation MS/MS in positive ionization mode. Each mass spectrum was subjected to offline mass 

recalibration using Thermo Xcalibur software to correct for any instrumental drift in mass calibration. Lipid 

peaks were subjected to isotope correction, identified, and quantified against sphingolipid internal 

standards using LIMSA software [194] as previously described [192]. 

 4.2.5 Immunocytochemistry and Mitochondrial Morphology 

Cells were washed three times with PBS and fixed for 15 min at room temperature with Histochoice 

fixative (Sigma, cat no. H2904). Cells were permeabilized with 0.1% Triton X-100 in PBS for 20 min and 

blocked with 1.5% BSA, 1% Tween-10 in PBS (PBST) overnight at 4 °C. Blocked samples were incubated 

with anti-ceramide antibody (Sigma, cat no. 8104) at a 1:100 dilution at 4 °C overnight. After three washes 

with PBST, cells were incubated with anti-mouse secondary antibody conjugated to Alexafluor 488 at a 

1:100 dilution. Cells were counterstained with DAPI and imaged on a Nikon Eclipse TE2000 (Nikon 

Instruments Inc., Melville, NY, USA) equipped with a Photometrics CoolSNAP HQ2 camera (Photometrics, 

Tucson, AZ, USA). Fluorescence intensity was quantified with ImageJ software (version 1.53a, National 

Institutes of Health, Bethesda, MD, USA). For mitochondrial morphology determination, primary human 

RPE were grown on coverslips and stained with 50 nM MitoTracker Green at 37 °C for 30 min. After 

washing with PBS, cells were imaged on a Ziess LSM880 microscope (Zeiss, Oberkochen, Germany). 
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Mitochondrial length, as a marker of fragmentation, was determined by measuring the major axis of 

individual mitochondria in a 5 × 5 μm square from a randomly selected cell in the field of view. Five cells 

from three fields of view were selected from each sample to represent the cellular population. 3D 

animations of the z-stacked images were created use the 3D projection command in ImageJ, setting layer 

height to 0.17 μm and a full 360° rotation. 

 4.2.6 Quantitative Real-Time Polymerase Chain Reaction  

Total cellular RNA extraction and RT-PCR were performed as previously described [54]. Human gene-

specific primers for acid sphingomyelinase, interleukin 1β (IL-1β), interleukin 6 (IL-6), intercellular 

adhesion molecule (ICAM1), and vascular endothelial growth factor (VEGF) were used to measure gene 

expression. Results were normalized to cyclophilin A. 

 4.2.7 Western Blot Analysis 

Protein extraction and Western blots were carried out using the NuPAGE system as previously 

described [55]. Fractions of mitochondrial isolates were normalized by suspension volume and 

quantitated relative to voltage-dependent anion channel (VDAC) intensity. Primary antibodies against 

LAMP-1 (SC-20011, Santa Cruz, Dallas, TX, USA), VDAC (PAI-954A, Invitrogen, Waltham, MA, USA), and 

ASM were used at 1:1000 dilution. Anti-ASM antibody was a generous gift from Richard Kolesnick. 

Secondary antibodies against rabbit IgG (926-68073, Odyssey, Lincoln, NE, USA) and mouse IgG (610-731-

124, Rockland Immunochemicals, Limerick, PA, USA) were used at 1:10,000 dilution. Bands were imaged 

on a LiCor Odyssey imaging system. Densitometric analysis was performed in ImageJ software after 

splitting the RGB image into individual channels and a background subtraction using a rolling ball radius 

of 16.3 pixels. 
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 4.2.8 Citrate Synthase Activity 

Enzymatic activity was measured using a citrate synthase activity assay kit (Sigma, cat no. CS0720) 

per the manufacturer’s instructions using a 96 well plate. Citrate synthase activity was normalized to total 

protein content, measured using the Bradford assay (BioRad, Hercules, CA, USA). 

 4.2.9 Microrespirometry 

Cellular respirometry was measured as previously described [195]. Briefly, cells were seeded on-chip 

at a density of 860 cells/mm2 and cultured overnight under standard cell culture conditions at 37 °C, 95% 

relative humidity, 5% CO2. Microrespirometer chips were assembled immediately before the 

measurement and the cells were perfused with the basal respiration buffer, which consisted of DPBS with 

calcium and magnesium supplemented with 10 mM glucose, 10 mM lactate, 1 mM pyruvate, and 0.2% 

bovine serum albumin. Respiratory control ratio [77] was determined from sequential respiration 

measurements in the leak buffer, consisted of respiration buffer supplemented with 2.5 μM oligomycin, 

and the uncoupling buffer, consisted of leak buffer supplemented with 5 μM carbonyl cyanide m-

chlorophenylhydrazone (CCCP). Measurements in inhibition buffer, consisting of uncoupling buffer 

supplemented with 5 mM potassium cyanide, were used for correction of non-respiratory oxygen 

consumption. Perfusion was controlled using a syringe infusion pump (KD Scientific, Holliston, MA, USA) 

operating at a flow rate of 10 μL/min at room temperature. Activity determinations were performed 

under stationary buffer conditions for 5–10 min, maintaining oxygen concentrations above 150 μM.  

4.3 Results 

 4.3.1 Diabetes Results in Retinal Mitochondrial Ceramide Accumulation 

We used an streptozotocin (STZ)-induced diabetic rat model to determine whether upregulation of 

ASM expression and activity in cells comprising the inner and outer blood–retinal barriers (BRBs) [54] 
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contributed to the mitochondrial ceramide accumulation that further leads to cell damage [196]. 

Mitochondria were isolated from control and diabetic rat retinas using differential centrifugation 

protocols, followed by lipid extraction using chloroform, methanol, and water [192] and Orbitrap high-

resolution/accurate mass mass spectrometry (MS) and MS/MS analysis. Samples were normalized based 

 

Figure 4.1. Negative-ion high-resolution/accurate mass spectrometric quantification of 
sphingolipids in retinal mitochondria. Mass spectra of control (A) and diabetic (B) rat retinal 
mitochondrial sphingolipids after 7 weeks of diabetes. Full-scan MS spectra are shown from 
mitochondrial lipids analyzed by negative-ionization mode direct-infusion nano-ESI mass 
spectrometry. Sphingolipids are shown under magnifications indicated at the top of each panel. 
Abundant non-labeled peaks correspond to phospholipids. “I.S.” indicates internal standards. (C) 
Quantification of total sphingomyelin (SM), ceramide (Cer), and the Cer/SM ratio based on mass 
spectrometry analysis of mitochondria from control and diabetic rat retinas (left panel), and wild type 
(WT) and acid sphingomyelinase knock out (ASMKO) mouse retinas (right panel). * p < 0.05, n = 3. 
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on total mitochondrial protein, and sphin-golipid peaks were compared to synthetic sphingolipid internal 

standards incorporated in each run. As presented in Figure 4.1A,B, diabetes resulted in a decrease in 

endogenous levels of mito-chondrial ceramide and sphin-gomyelin, consistent with previous reports 

[188]. 

To quantify changes in sphingolipid composition, total detected sphin-golipid abundances were summed, 

and sphingolipid species were expressed as a percentage of total sphingolipids. This approach revealed 

significant increases in relative ceramide levels and decreases in the relative sphingomyelin levels in 

retinal mitochondria isolated from STZ-induced diabetic rat retinas (7-week duration) compared to 

controls (Figure 4.1C, left). To test the role of ASM in the control of mitochondrial ceramide more directly, 

sphingolipid profiles of mitochondria prepared from ASM-knockout mice were similarly analyzed. In 

contrast to the diabetes-induced increase in the ceramide-to-sphingomyelin ratio, depletion of ASM 

resulted in lower relative levels of ceramide versus sphingomyelin compared to wild-type controls (Figure 

4.1C, right), confirming that ASM plays an important role in mitochondrial sphingolipid dynamics. 

 4.3.2 Diabetes Results in Pro-Inflammatory Changes in Human Retinal Pigment Epithelial (RPE) 

Cells 

Whole-retina preparations, as shown in Figure 4.1, lack the RPE layer, a site of diabetes-induced ASM 

upregulation [54]. We therefore sought to determine sep-arately whether RPE cells demonstrated similar 

diabetes-induced changes. 

Results of fluorescent ceramide staining in control- and diabetic-derived cultured human RPE cells are 

presented in Figure 4.2A and demonstrated an average 2.7-fold increase in cellular ceramide staining of 

diabetic-derived RPE cells compared to controls (Figure 4.2B). Analysis of inflammatory gene expression 

in the same cells showed significant increases in IL1β and IL6, and a trend toward increased ASM 

expression in diabetic-derived RPE cells compared to controls (Figure 4.2C), which was consistent with the 
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increases in ceramide observed by immunohistochemistry. Furthermore, in vitro treatment of control-

derived RPE cells with 25 mM glucose for 72 h led to significant increases in ASM, VEGF, and ICAM1 mRNA 

compared to untreated control-derived RPE cells (Figure 4.2D), supporting their roles in hyperglycemic 

response. 

 4.3.3 Diabetes Results in Mitochondrial Fragmentation in Human RPE Cells 

As mitochondria are known to accumulate ceramide [63], and we demonstrated that diabetes changes 

the ceramide-to-sphingomyelin ratio in retinal mitochondria (Figure 4.1), we next sought to determine 

whether structural and functional changes could be detected in mitochondria isolated from control- or 

diabetic-derived RPE cells. Figure 4.3A demonstrates staining with MitoTracker Green, used to reveal the 

expected reticular mitochondrial network in the control RPE cells. This network appeared to be disrupted 

in the diabetic-derived RPE cells, which had predominantly round and fragmented mitochondria. 

Quantitation of morphological features revealed that the average mitochondrial length in diabetic-

 

Figure 4.2. Diabetes-induced pro-inflammatory changes in human RPE (A) Representative images of 
control- and diabetic-derived retinal pigment epithelial (RPE) cells showing ceramide (green) and 
nuclear staining (blue). Scale bars = 50 μm; (B) Quantitation of ceramide-staining fluorescence 
intensity from panel (A). n = 9, error bars = S.D., * p < 0.05; (C) Inflammatory gene expression in 
diabetic-derived RPE (black bars) compared to control (white bars); (D) Upregulation of inflammatory 
gene expression in control RPE treated with 25 mM glucose for 72 h (black bars) compared to 
untreated cells (white bars). * p < 0.01, n = 6. 
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derived RPE cells was 1.2 ± 0.57 μm (n = 3), whereas control-derived RPE cells’ mitochondria were 3.4 ± 

0.78 μm (n = 3) in length, (Figure 4.3B). 

 4.3.4 Diabetes Induces Acid Sphingomyelinase (ASM)-Mediated Changes in Mitochondrial 

Function of Human RPE Cells 

To determine whether the structural changes of mitochondria were correlated with detectable functional 

differences, we used micro-respirometry to examine oxidative phosphorylation in control- and diabetic-

derived RPE cells [195]. In this approach, the flow of oxygenated medium over adherent cells is 

intermittently stopped and respiration leads to a steady consumption of oxygen, seen as periodic 

downward slopes in the O2 concentration traces (Figure 4.4A). Ensuing resumption of flow reoxygenates 

the sample and the measurement is repeated. Following growth to confluency, RPE cells were transferred 

into the micro-respirometer and perfused with a medium containing glucose, lactate, and pyruvate as 

substrates, supplemented with the ATP-synthase inhibitor oligomycin (Figure 4.4A, leak). Respiratory 

activity in this state is limited by a high proton motive force and predominantly represents proton leakage 

through the inner mitochondrial membrane [81]. No substantial differences between sample groups were 

observed in this state, suggesting a lack of diabetes-induced changes to inner mitochondrial membrane 

 

Figure 4.3. Structural analysis of human RPE mitochondria. (A) Mitochondrial morphology determined 
by MitoTracker Green staining of control- and diabetic-derived RPE. Inset = skeletonized (green lines) 
binary mask (purple) of deconvoluted photomicrographs highlighting mitochondrial morphology. Scale 
bars = 5 μm; (B) Quantitation of average mitochondrial length. n = 3, * p < 0.05. 
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proton permeability. Next, the maximal respiratory rate was assessed by dissipation of the proton motive 

force with the chemical uncoupler, carbonyl cyanide m-chlorophenylhydrazone (CCCP, uncoupled). In this 

state, control over respiration is shifted to substrate delivery pathways and innate turnover capacity of 

the electron transport chain. Dissipation of the proton motive force with CCCP resulted in an increase in 

oxygen consumption rates of RPE cells over that observed with oligomycin alone. While the expected 

increase in respiration due to uncoupling was observed in control RPE cells and in diabetic cells with 

desipramine pretreatment, little response to the uncoupler was observed in the diabetic cells without 

desipramine pretreatment. The latter observation indicated that mitochondria in resting diabetic RPE cells 

operate close to the maximal respiratory activity, which is limited by electron transport chain turnover or 

substrate delivery. Subsequent perfusion with potassium cyanide resulted in complete inhibition of 

mitochondria-dependent oxygen consumption, evident in all experimental groups and used to correct for 

non-mitochondrial oxygen-consuming processes. The relative changes in the oxygen consumption 

between three conditions were used to calculate a respiratory control ratio (RCR, Equation (1)), a 

quantitative measure of mitochondrial fitness [77]. 

 

Figure 4.4. Microrespirometric analysis of human RPE cells. (A) Representative oxygen concentration 

traces of control (black), diabetic (blue), and desipramine-pretreated diabetic (red) RPE cells. 

Respirometry was performed in the presence of oligomycin (leak), carbonyl cyanide m-

chlorophenylhydrazone (CCCP, uncoupled), and potassium cyanide (KCN, inhibited). (B) Respiratory 

control ratios of control (white circles), diabetic (black circles), and desipramine-pretreated diabetic 

groups (gray circles). * p < 0.05, n = 3–4. 
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𝑅𝑒𝑠𝑝𝑖𝑟𝑎𝑡𝑜𝑟𝑦 𝐶𝑜𝑛𝑡𝑟𝑜𝑙 𝑅𝑎𝑡𝑖𝑜 (𝑅𝐶𝑅) =
(𝑂𝑙𝑖𝑔𝑜𝑚𝑦𝑐𝑖𝑛 +  𝐶𝐶𝐶𝑃)𝑂𝐶𝑅 − (𝐾𝐶𝑁)𝑂𝐶𝑅

(𝑂𝑙𝑖𝑔𝑜𝑚𝑦𝑐𝑖𝑛)𝑂𝐶𝑅 − (𝐾𝐶𝑁)𝑂𝐶𝑅
 (1) 

As shown in Figure 4.4B, diabetic-derived RPE cells displayed a significantly decreased RCR compared to 

control-derived RPE cells (1.41 ± 0.27 vs. 3.78 ± 0.59). This difference was abolished by perfusion of 

diabetic-derived RPE cells with 15 µM desipramine, an ASM inhibitor, [197,198] for 1 h, which increased 

the RCR to 5.00 ± 1.78. 

 4.3.5 Mitochondrial ASM Contributes to Impaired Mitochondrial Function In Vitro 

Accumulation of ceramide at the expense of sphingomyelin with concomitant change in 

ceramide/sphingomyelin ratio (see above) suggests that it is the result of sphingomyelin hydrolysis, a 

reaction catalyzed by ASM. This raises the question of whether ceramide accumulation in mitochondria is 

due to the activity of mitochondrial ASM or to the transport of ceramide from remote sites. The presence 

of intrinsic ASM in mitochondrial membranes is demonstrated in Figure 4.5. In addition to mitochondria, 

ASM is known to be present in the lysosomes and the plasma membrane. Although a high degree of 

separation between the mitochondrial and plasma membrane fractions is easily achievable by standard 

methodology, the lysosomes and mitochondria and are much harder to separate due to very similar size, 

shape, and density characteristics [191,199–201]. To conclusively localize ASM to mitochondrial 

membranes, we obtained mitochondrial preparations with increasing levels of purity from human RPE 

cells and subjected them to immunoblotting for (i) ASM; (ii) the mitochondrial outer membrane marker 

voltage-dependent anion channel (VDAC); and (iii) the lysosomal membrane marker lysosomal-associated 

membrane protein 1 (LAMP-1). As shown in Figure 4.5A, mitochondria prepared by standard differential 

centrifugation protocols showed the presence of VDAC and LAMP-1 (crude), indicating co-purification of 

lysosomes in mitochondrial preparations. However, further purification by successive centrifugations at 

8000× g (pure) resulted in significant depletion of the lysosomal marker LAMP-1 relative to the 
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mitochondrial marker VDAC. Each fraction was sampled at varying concentrations, ensuring fidelity of 

optical density quantitation, which revealed that extra purification yielded a two-fold depletion of LAMP-

1 (Figure 4.5B, left panel). The same samples were then probed for the level of ASM, which is known to 

localize to the lysosome. If most of the ASM shown in Figure 4.5 originated from the lysosomal 

compartment, the ratio of ASM to VDAC would follow that of LAMP-1. The experimental results 

demonstrated only a small ASM depletion in the purified mitochondrial sample, and optical density 

quantitation revealed an apparent enrich-ment of ASM when normalized to VDAC density (Figure 4.5B, 

right panel).  

These results were replicated in mitochondria isolated from ARPE-19 using a similar protocol (Figures 

4.5C). In this case, the mitochondrial fractions were examined by immunoblotting after initial differential 

centrifugation (D.C.) and again after a second sucrose-step density  

 

Figure 4.5. Colocalization between ASM and mitochondrial markers. (A) Western blot analysis of 
human RPE cell mitochondria at varying levels of purity and (B) associated optical density quantitation; 
(C) Western blot analysis of ARPE-19 cell mitochondria at varying purity levels and associated optical 
density quantitation (D). LAMP-1 = lysosome associated membrane protein 1, VDAC = voltage 
dependent anion channel, crude = one 8000×g centrifugation, pure = three 8000×g centrifugations, 
D.C. = differential centrifugation, U.C. = sucrose step-density ultracentrifugation. 
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ultracentrifugation (U.C.). Consistent with the results from the human RPE cells (Figure 4.5B), the 

ultracentrifugation resulted in a two-fold depletion of LAMP-1 normalized to VDAC (Figure 4.5D, left 

panel) compared to the differential centrifugation preparation of mitochondria. ASM enrichment was also 

observed after ultracentrifugation when normalized to VDAC in ARPE-19 samples (Figure 4.5D, right 

panel). 

To examine the consequences of increased mitochondrial ASM expression and the resulting mitochondrial 

ceramide accumulation, we assessed changes in citrate synthase activity in response to high glucose 

treatment of ARPE-19 (Figure 4.6). Citrate synthase resides exclusively in the mitochondrial matrix and 

catalyzes the condensation of acetyl-CoA and oxaloacetate to citrate, in the first step of the tricarboxylic 

acid cycle. As such, it is widely used as a mitochondrial content marker [202].   

The effect of glucose concentration on citrate synthase activity in ARPE-19 cells is presented in Figure 4.6. 

No statistically significant effect of high glucose was observed after 24 h (n = 5, p > 0.05). At 48 h, the 25 

mM glucose treatment increased citrate synthase activity to 164.3% ± 5.8% vs. 5.5 mM glucose control, 

followed by the reduction in activity to 75% ± 1.6% of the control at 72 h (p < 0.05, n = 5). To evaluate 

whether these glucose-induced changes in citrate synthase activity was mediated by ASM, parallel 

measurements were conducted on ARPE-19 cells incubated in high-glucose conditions with daily, 

intermittent treatments with 15 µM desipramine. These treatments abolished the biphasic 

 

Figure 4.6. Citrate synthase activity in ARPE-19 cells. White bars = control cells, black bars = 25 mM 
glucose-treated cells, gray bars = 25 mM glucose-treated cells with daily 1 h treatment with 15 µM 
desipramine. * p < 0.05, n = 5. 
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hyperglycemia-induced response in citrate synthase activity, and the desipramine-treated group 

displayed a time profile closely corresponding to that of the control group (p > 0.05, n = 5). 

4.4 Discussion 

Diabetes is a multifactorial pathological process resulting in micro- and macrovascular complications. 

Diabetic retinopathy is a common microvascular complication of diabetes, which results from 

hyperglycemia, dyslipidemia, and chronic inflammatory changes in the retina leading to blood–retinal 

barrier breakdown and disease progression [203]. Diabetic dyslipidemia results in both systemic and local 

changes to lipid metabolism and, in the retina, contributes to the pro-apoptotic changes seen in the inner 

and outer blood–retinal barrier cellular components [16].  

We previously demonstrated that diabetes leads to enhanced ASM expression predominantly in retinal 

endothelial- and retinal pigment epithelial cells [54] suggesting that sphingomyelin hydrolysis is the 

primary cause of cellular ceramide accumulation. Despite these findings, measurements of sphingolipid 

composition in diabetic rodent retinas revealed that ceramide levels are, in fact, decreased whereas 

glucosylceramides are increased [188]. Such results suggest hyperglycemia-induced diversion of ceramide 

toward the glycosylated forms in total retinal sphingolipid pools. The increased glycosylation in the 

diabetic retina was attributed to increases in uridine diphosphate glucose (UDP-glucose) production 

through the pentose phosphate pathway, rather than changes in enzymatic activity. As the pentose 

phosphate pathway occurs in the cytoplasm, we argue that an increase in glucosylceramide production 

due to higher UDP-glucose availability would be limited to the cytoplasm, rather than the mitochondria. 

In contrast to whole-retina sphingolipid measurements, we show in Figure 4.1A that diabetes-induced 

increases in relative ceramide levels can be detected in mitochondria after subcellular fractionation of 

whole retina. Similarly, mitochondria isolated from the retinas of ASM-knockout animals displayed an 

inversion of the ceramide-to-sphingomyelin ratio (Figure 4.1B), demonstrating the direct connection 
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between ASM activity and mitochondrial ceramide accumulation. It is worth mentioning that the degree 

of these changes in the barrier cells was likely underestimated because the major component of the 

mitochondrial preparations from whole retina originate from photoreceptors. Diabetes-induced increase 

in ASM expression and activity is the highest in the cells that make up the BRB, namely REC and RPE cells 

[54,55,185]. Smaller changes are observed in the Muller cells and microglia, and no changes are seen in 

the photoreceptors [54]. The changes in the whole-retina mitochondria preparations were thus diluted 

by the large population of the non-changing photoreceptor mitochondria and by the mitochondrial 

ceramide from endothelial, Muller, and microglia cells, which shows smaller changes. 

Here, we focused on the role of ASM-dependent sphingomyelin hydrolysis in barrier cells. ASM-dependent 

mitochondrial ceramide accumulation is strongly supported by our present finding that a population of 

cellular ASM can be localized to mitochondrial membranes in RPE cells (Figure 4.5). These results are 

consistent with our previous reports that diabetes-induced ASM upregulation is a key player in blood–

retinal barrier breakdown and provide evidence for a proposed mechanism of metabolic dysfunction in 

retinal cells mediated by the accumulation of cellular ceramide. Although our results support the role of 

mitochondrial ASM in the observed changes, we cannot presently rule out the contributions of alternative 

pathways, such as neutral-sphingomyelinase- and/or reverse-ceramidase-mediated mitochondrial 

ceramide generation, as described in other systems [63,196]. Our previous data show that neutral 

sphingomyelinase expression does not change in the diabetic retina [54], and that inhibition of ceramide 

synthase has no effect on cytokine-induced pro-inflammatory changes in the retina and retinal cells [55]. 

In combination with the sensitivity of both the diabetes-induced changes in RCR and citrate synthase to 

desipramine reported here, we strongly argue that ASM plays a key role in RPE cell mitochondrial 

dysfunction. Alternatively, stress-induced production and transport of ceramide to mitochondria from 

distal sites has also been reported [204]. 
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In this work we focused on the RPE cells, a cellular component of the outer blood–retinal barrier. As RPE 

cells were not a part of the whole-retina preparations, we examined mitochondria from the control and 

diabetic donors RPE cells separately from the whole-retina mitochondria. Human RPE cell culture could 

be used due to a well-known metabolic memory legacy effect. Metabolic memory was first described in 

diabetic patients as a prolonged effect of early glycemic control on the development of diabetic 

complications, even after glycemic control is established later in the course of disease progression [205]. 

The metabolic memory phenomenon is well accepted in the field of diabetic complications [205–208]. The 

molecular mechanisms underpinning sustained metabolic memory are not fully understood. Recent work, 

however, has demonstrated that epigenetic modifications to mtDNA mismatch-repair machinery result in 

decreased transcript levels, decreased mitochondrial localization, and accumulation of mtDNA mutations 

[38]. As mtDNA is particularly vulnerable to ROS-induced DNA mutations, decreased functioning of repair 

machinery results in accumulation of damaged oxidative phosphorylation complexes and, ultimately, 

impairment of oxidative phosphorylation as a whole [39]. As these changes accumulate over time, they 

perpetuate a vicious cycle of oxidative stress and sustained inflammatory changes, leading to the 

progression of diabetic complications despite correction of diabetic hyperglycemia. 

These effects have been shown to occur in animal models as well as in cell culture models. Cells isolated 

from diabetic donor retinas or animal models retain their diabetic metabolic phenotype for several 

passages [205–210]. Human control and diabetic donor cells were previously shown to display metabolic 

memory characteristics right after the isolation and for up to eight passages [205]. Dysfunction of these 

cells is implicated in the development of diabetic macular edema and they represent a site of significant 

diabetes-induced ASM upregulation [22,54]. Despite culturing control- and diabetic-derived RPE cells 

under identical, euglycemic, conditions, we detected increased ceramide and inflammatory gene 

expression in diabetic-derived RPE cells compared to controls (Figure 4.2). Furthermore, we showed that 

control-derived RPE cells retained their sensitivity to the diabetic milieu, as high-glucose treatment 
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resulted in enhanced inflammatory gene expression (Figure 4.2D). Accompanying these changes, diabetic-

derived RPE cells displayed fragmented mitochondria and impaired mitochondrial-dependent metabolism 

(Figures 4.3 and 4.4). These results support the metabolic memory hypothesis, implying that diabetes 

induces permanent changes to cellular metabolism in the long term, despite achievement of a euglycemic 

state. 

Our results are consistent with previous reports detailing diabetes-induced mitochondrial fragmentation 

and impaired oxidative phosphorylation in retinal endothelial cells [211], although mitochondrial 

fragmentation alone is insufficient to universally predict dysfunctional metabolism. The observation of 

diabetes-induced mitochondrial fragmentation was rationalized by the critical finding of functional 

changes to oxidative phosphorylation (Figures 4.3, 4.4, and 4.6). Citrate synthase is a marker of 

mitochondrial content and its activity parallels electron transport chain capacity of the cell [202]. Steady-

state mitochondrial content, however, is controlled by the relative flux of mitochondrial biogenesis and 

mitophagy which are, in turn, related to mitochondrial fission and fusion dynamics. This quality-control 

mechanism is useful to clear bioenergetically dysfunctional mitochondria by fission and subsequent 

mitophagy. It ensures a steady-state population of robust mitochondria capable of sustaining ATP 

synthesis rates over a wide range of metabolic demands. Indeed, diabetes-induced increases in mitophagy 

have been described in RPE cells with increased mitophagic flux attributed to ROS-dependent 

mitochondrial damage [58,212]. Our observations of diabetes-induced oxidative phosphorylation 

dysfunction (Figure 4.4), likely followed mitochondrial fragmentation (Figure 4.3), rationalize earlier 

reports of the increased mitophagic flux. Our data showed that diabetes-induced ASM upregulation led 

to an accumulation of ceramide in mitochondrial membranes that limits the maximal metabolic capacity 

of the respiratory chain. Combined with excessive electron supply from glucose and adequate 

oxygenation in the hyperglycemic stage of the diabetes, such a restriction stimulates ROS production. This 

metabolic insult then leads to the production of dysfunctional mitochondria, which stimulates the 
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mitophagy pathway and, under continuously elevated ASM levels, results in a steady population of 

fragmented and bioenergetically impaired mitochondria in RPE cells. 

Our current finding that desipramine treatment can rescue functional (RCR, Figure 4.4) and mitochondrial 

mass (Figure 4.6) changes in diabetic-derived RPE cells demonstrates that ASM-dependent ceramide 

metabolism plays a central role in diabetes-induced mitochondrial damage. Desipramine belongs to a 

class of antidepressants known as tricyclic amines which are functional inhibitors of ASM activity 

[197,198]. Although there are reports that at a high dose, desipramine can also interact with 

mitochondrial proteins directly, leading to impaired NADH oxidation, electron transport, and ATP synthase 

activity [213], these effects were not observed at the low dosage (15 μM) and short treatment time (1 h 

daily) use in this study. Indeed, our results showed no changes of the basal rate (Figure 4.7) and substantial 

enhancement of the maximal oxidative phosphorylation function, which were not consistent with direct 

effects of desipramine on mitochondrial oxidative phosphorylation machinery. The observed changes 

rather support the effect of desipramine via inhibition of ASM activity, leading to the depletion of 

mitochondrial ceramide, reversing its inhibitory effect on the oxidative phosphorylation and increasing 

RCR, as described here.  

As a gross measure of mitochondrial fitness, the whole-cell RCR is sensitive to a range of metabolic 

processes including substrate delivery, maximal electron transport chain capacity, proton leakage, and 

outer mitochondrial membrane integrity [77,123]. A greater than two-fold decrease in the whole-cell RCR 

of diabetic-derived RPE cells suggests substantial impairment of oxidative phosphorylation with a 

concomitant decrease in mitochondrial ATP-synthesis capacity and increase in mitochondrial ROS 

generation. It is remarkable that the mitochondrial functional impairment was retained despite culturing 

the cells for several generations under standard, euglycemic conditions. Whether the diabetes-induced 

RCR changes arise from direct inhibition of substrate delivery, electron transport, or the phosphorylation 

system, such as direct ceramide inhibition of Complex III or ceramide-mediated formation of outer 
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mitochondrial membrane pores [71,73,186,187], is the subject of ongoing research. The sensitivity of 

diabetic-derived RPE cells to desipramine strongly suggests ASM-mediated ceramide inhibition of 

oxidative phosphorylation. Depletion of mitochondrial ceramide upon ASM inhibition, therefore, would 

reverse these effects, reduce oxidative stress, and favor retention of a robust mitochondrial population, 

as we saw in this work (Figures 4.4 and 4.6). 
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Chapter 5: Conclusions and Future Directions 

5.1 Conclusions and Future Directions 

Respirometry is a powerful tool that is well suited as a screen for potential metabolic derangements and 

to perform highly detailed studies on specific segments of oxidative metabolism. Development of a flow-

through microrespirometer, as described in Chapter 3, enables bioenergetic characterizations of a variety 

of biological samples by significantly increasing sensitivity, permitting varied sample preparations, 

integrating into standard cell culture practices, and by executing novel experimental protocols. Despite 

these advantages, data presented in Chapter 3 indicate that cell suspension measurements suffer from 

large variances. As these variances were attributed to handling of dense cell suspensions and 

sedimentation of cells along the inlet and microchannel during loading, implementation of flow focusing 

can be explored to remediate these effects. Additionally, multiplexing the oxygen sensing with reactive 

oxygen species quantitations and/or in-line glucose sensors can yield complementary information about 

diabetes-induced metabolic changes in whole cells or tissues. 

The data presented in Chapter 4 show that diabetic-derived retinal pigment epithelial cells display a 

significantly decreased respiratory control ratios compared to control-derived cells, suggesting that 

diabetes results in derangements in oxidative metabolism. These changes are additionally sensitive to the 

acid sphingomyelinase inhibitor desipramine, suggesting that acid sphingomyelinase-dependent 

mitochondrial ceramide accumulation impairs oxidative metabolism. Ceramides are well known pro-

apoptotic sphingolipids and have been reported to inhibit complex III activity and induce mitochondrial 

outer membrane permeabilization (see Chapter 1). 

Application of the concepts described in Chapter 2 to these results will aid in localizing the functional 

consequences of acid-sphingomyelinase-dependent mitochondrial ceramide generation. Proceeding with 

this model system would therefore involve plasma membrane permeabilization of cell culture monolayers 
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with subsequent assessment for exogenous cytochrome c sensitivity and maximal ETC turnover. Results 

of these studies can resolve ceramide-mediated inhibition of ETC from induction of cytochrome c release. 

Decreases in maximal ETC turnover suggest flux limitations upstream of the pmf, including complex III as 

a candidate, whereas exogenous cytochrome c sensitivity suggests an increasing population of apoptotic 

cells in treatment conditions. Flux limitations in ETC turnover can then be further probed to determine 

complex- or substrate-specific respiratory rates to localize the metabolic dysfunction, as described in 

Chapter 2. 

Complementary to the functional studies, assessment of diabetes-induced mitochondrial fragmentation 

(Chapter 4) in the presence of ASMase inhibition can be used to show downstream effects of ASMase-

induced mitochondrial dysfunction. Ceramide accumulation can play a role in ROS generation, through 

ETC inhibition, or in mitochondrial fission due to its role in regulation of membrane biophysical properties. 

Reports of mitochondrial fragmentation and increased flux through mitophagy suggest that diabetes-

induced mitochondrial dysfunction stimulates organelle removal pathways and ceramides may play a 

significant role in the process. 

Finally, localization of ASMase to mitochondrial membranes by immunoblotting is also reported in 

Chapter 4. Similar localization patterns were seen using primary cells and ARPE-19, a cell line, strongly 

suggesting that a portion of ASMase is localized to mitochondria. To extend these results, quantitative 

assays for ASMase activity can confirm presence of active ASMase in mitochondria and further to probe 

for treatment-induced changes to mitochondrial ASMase activity. Electron microscopy can help confirm 

localization to mitochondrial membranes and reveal whether the detected ASMase localizes to intra-

organelle contact points. 
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