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ABSTRACT 
 

CHLOROPLAST LIPID IMPORT AND METABOLISM, AND THEIR EFFECT ON 
CHLOROPLAST STABILITY 

 
By 

 
Anna Hurlock 

 
Much is already known about plant lipid metabolism and the basic enzymes required for 

lipid assembly. However, lipid exchange between subcellular compartments remains a 

challenging area, which this thesis helps to address. Currently, it is known that the chloroplast 

synthesizes fatty acids that are subsequently used by lipid biosynthetic pathways in both the 

chloroplast and the endoplasmic reticulum. Fatty acid export to the endoplasmic reticulum (ER) 

and lipid transport from the ER to the chloroplast are both known to occur, but the participating 

membrane proteins and transporters have proven to be difficult to work with due to their 

hydrophobic nature. Many in vivo, genetic, and in vitro techniques have been employed to carry 

out these studies, but the field has reached a point at which new creative techniques need to be 

developed in order to answer the remaining questions regarding the nature of transported lipid 

substrates and the mechanisms of intermembrane lipid transfer.  In this thesis, both in vivo and 

in vitro methods were developed in order to study lipid transport, acyl editing, and other aspects 

of lipid metabolism for which our knowledge is incomplete. An in vivo method using a "tag and 

track" approach introducing an ER-located fatty acid desaturase into Arabidopsis, which is 

distinct from any of the native fatty acid desaturases, led to a subtle modification of the acyl 

group composition of phosphatidylcholine. This "tag and track" approach proved useful in 

studying lipid trafficking with high sensitivity in different lipid mutant backgrounds affected in lipid 

trafficking and assembly. It clearly demonstrated the import of lipid precursors from the ER for 

phosphatidylglycerol biosynthesis and extensive acyl editing of chloroplast lipids as described in 

Chapter 2.  



 
 

In vitro methods to study lipid exchange between different membranes using isolated 

chloroplasts and envelope membranes from different lipid trafficking mutants with either radio- 

or fluorescently labeled lipids as described in Chapter 3, yielded promising results, further 

suggesting candidates for lipid molecular species that might be transported from the ER to the 

chloroplast.  However, there were many caveats with the interpretations of the results using 

these methods  that will require further consideration. One example is the differing stability of 

isolated chloroplasts from different lipid mutants which affected the interpretation of the results. 

On the other hand, the discovery of differences in the stability of isolated chloroplasts for 

different lipid mutants, as described in Chapter 4, provides a new avenue to study the specific 

physiological effects of altered chloroplast lipid composition.  

As a whole, the work presented here not only yielded new information about plant lipid 

metabolism, but it also provides a new tool set for further studies of lipid trafficking and lipid 

metabolism in general. 
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CHAPTER 1 

Introduction: Lipid Trafficking in Plant Cells - a Literature Review1 

 

 

 

 

 

 
 
 
 
 
 
1This review was published: Hurlock AK, Roston RL, Wang K, & Benning C (2014) Lipid 
trafficking in plant cells. Traffic 15(9):915-932. The sections which were relevant to this review 
were decided by me with guidance from Christoph Benning and Rebecca Roston. Rebecca 
Roston contributed the sections "Inner Envelope to Thylakoid Transport" and "Transport to the 
Vacuole." Kun Wang contributed the sections "Chloroplast Export" and "Lipid Trafficking 
Related to Lipid Droplets." I contributed the rest of the sections and all of the figures as well as 
performed extensive editing of the other sections. I also added some extra information into the 
review since publication in order to cover advances in knowledge after publication. 
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Abstract 

Plant cells contain unique organelles such as chloroplasts with an extensive photosynthetic 

membrane. In addition, specialized epidermal cells produce an extracellular cuticle composed 

primarily of lipids, and storage cells accumulate large amounts of storage lipids. As lipid 

assembly is associated only with discrete membranes or organelles, there is a need for 

extensive lipid trafficking within plant cells, more so in specialized cells and sometimes also in 

response to changing environmental conditions such as phosphate deprivation. Due to the 

complexity of plant lipid metabolism and the inherent recalcitrance of membrane lipid 

transporters to molecular characterization, the mechanisms of lipid transport within plant cells 

are far from fully understood. Recently, several new proteins have been implicated in different 

aspects of plant lipid trafficking. While these proteins provide only first insights into limited 

aspects of lipid transport phenomena in plant cells, they represent exciting opportunities for 

further studies. 

 

Introduction 

Plant cells have many membranes that are generally comparable to those in animal cells 

including the plasma, mitochondrial, nuclear, and peroxisomal membranes. In addition, plant 

cells contain unique membrane-bound compartments such as the chloroplast, vacuole, and 

symbiosome (1) and have other unique cellular structures composed of lipids, e.g. the cuticle of 

epidermal cells. As the key photosynthetic organelle in plants, one focus of plant lipid research 

has been on the chloroplast. It is surrounded by the outer and the inner envelope membranes 

and encompasses one of the most extensive membrane systems found in nature, the 

photosynthetic membrane organized into thylakoids. This membrane is unique in its lipid 

composition with the two galactolipids, monogalactosyldiacylglycerol (MGDG) and 

digalactosyldiacylglycerol (DGDG), being predominant (2, 3). Unlike animal cells which 

synthesize fatty acids in the cytoplasm and assemble glycerolipids primarily in the endoplasmic 
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reticulum (ER), golgi apparatus and mitochondria (4), plant cells synthesize fatty acids in the 

stroma of the chloroplast and assemble glycerolipids mainly by two pathways, the 

prokaryotic/plastid pathway in the chloroplast envelope membranes and the eukaryotic pathway 

predominantly in the ER (5). It should be noted that while lipid metabolism occurs in plastids 

other than chloroplasts, for example chromoplasts in fruits and flowers or leucoplasts in storage 

tissues, most research on lipid trafficking has focused on chloroplasts.  

The origin of specific glycerolipids from either the ER or the chloroplast pathways in 

plants can be determined due to the specificity of the respective acyltransferases (6, 7). The ER 

localized acyltransferase preferentially transfers 18 carbon fatty acids to the sn-2 (carbon 2) 

position of the glycerol backbone while the chloroplast localized acyltransferase preferentially 

transfers 16 carbon fatty acids to the sn-2 position of the glycerol backbone (6, 7). Because of 

this difference in enzyme specificity, it has been well established that plants use both 

chloroplast and ER derived lipids as precursors in the assembly of chloroplast-specific 

galactolipids (7-9). Different plants utilize each pathway for the synthesis of chloroplast lipids to 

different extents (10); Arabidopsis uses each pathway nearly equally while many other plants, 

e.g. grasses, nearly exclusively use the ER pathway (8, 9). Based on lipid acyl composition 

alone, the unicellular green alga, Chlamydomonas, has been reported to use only the plastid 

pathway for the synthesis of chloroplast lipids (11); however, the specificity of the different 

acyltransferases involved has not yet been determined and may not be the same as for seed 

plants.  

Certainly in all seed plants, the presence of ER derived chloroplast lipids requires the 

transport of ER lipid precursors to the chloroplast. Lipids, being hydrophobic molecules, must be 

trafficked from their place of synthesis to their destination whether that is another membrane or 

the extracellular space in the case of the cuticle. Because this is a review focused on plant cells, 

lipid trafficking between organelles largely similar to those found in animal cells will not be 

covered. This includes trafficking to the plasma membrane, mitochondria, and peroxisome, 
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which are covered in recent reviews on these topics (12-15). There are several possible modes 

of lipid movement within cells which will be mentioned throughout such as vesicular movement, 

transport by soluble proteins, flipping across bilayer membranes, and movement at membrane 

contact sites. Covering the basic mechanistic principles of different modes of lipid movement 

goes beyond this review, and the reader is referred for further details to the following 

publications (14, 16-19).  

 

Chloroplast Export 

Fatty acids (FAs) synthesized in chloroplasts need to be exported to the ER for the biosynthesis 

of phospholipids and the major storage lipid, triacylglycerol (TAG), and to provide lipid 

precursors for export to the extracellular cuticle. FA synthase is a multi-enzyme complex that 

catalyzes a series of condensation and elongation steps to produce C16 and C18 acyl chains 

attached to an acyl carrier protein (ACP) (5). A soluble Δ9-desaturase converts 18:0-ACP 

(carbons: double bonds) to 18:1-ACP (5). The 16:0, 18:0, and 18:1 acyl-ACPs are hydrolyzed 

by two thioesterases designated FATA and FATB, and it is generally assumed that the free FAs 

have to be activated to acyl-CoA at some step during export to the ER (5, 20-23). This reaction 

is thought to be catalyzed by long-chain acyl-CoA synthases (LACSs) (24, 25). The Arabidopsis 

genome contains nine LACS genes, and only LACS9 is known to be localized in the chloroplast 

envelope (26, 27). Labeling experiments using 14C-18:1 or 14C-16:0 with chloroplasts isolated 

from the lacs9 null mutant showed a reduction in measurable LACS activity suggesting LACS9 

contributes much of this activity in chloroplasts (26). However, the mutant plant was 

indistinguishable from wild type in growth and morphology as well as lipid and FA composition, 

which suggests that functionally redundant orthologs of LACS9 exist (26). It is also possible that 

the conversion of FA to acyl-CoA is not a rate-limiting step in FA export. LACS8 shows high 

sequence similarity with LACS9, but it is associated with the ER (28). No changes in seed FA 

content or growth phenotype were detected in the double knock-out of lacs8lacs9, but lipids in 
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other tissues have not been analyzed (28). Like LACS8, LACS1 is also ER localized, but it is 

primarily involved in providing FAs for cuticle lipid synthesis (28, 29). However, while none of 

the single mutants have seed FA phenotypes, both the double lacs1lacs9 and triple 

lacs1lacs8lacs9 knock-out mutants have similarly decreased seed FAs suggesting LACS1 and 

LACS9 may have overlapping functions (28). These LACS proteins warrant further study in non-

seed tissues, although it seems that one or more chloroplast-associated LACS involved in FA 

export remain to be identified. 

Other than the LACS proteins, another protein has been implicated in FA export from 

chloroplasts, Fatty Acid Export 1 (FAX1) (30). FAX1 is an inner envelope protein, and mutants 

have decreased ER derived lipid species and increased plastid derived lipids (30). This mutant 

phenotype combined with the fact that FAX1 can complement fatty acid transport in yeast 

mutants makes FAX1 the protein with the most concrete evidence for being directly involved in 

FA export from chloroplasts (30); however, due to its inner envelope location, it is likely other 

proteins are still involved in chloroplast FA export. 

ATP-binding cassette (ABC) transporter proteins can transfer lipophilic compounds 

through membranes, and it is possible that this class of transporters is involved in acyl export 

from the chloroplast or in the import of acyl derivatives into the ER (31). For example when 

AtABCA9, an ER-localized ABC transporter in Arabidopsis, was knocked-out (32), the seed 

TAG amount was decreased while overexpression of AtABCA9 increased the TAG amount (32). 

Labeling experiments with 14C-acetate, 14C-18:1, or 14C-18:1-CoA suggested that AtABCA9 

plays a role in supplying free FAs or acyl-CoA substrates for TAG biosynthesis in the ER (32). 

Although the specific substrate for AtABCA9 is unknown, analysis of the mutant indirectly 

suggested that acyl trafficking to the ER might be limiting TAG biosynthesis in this mutant (32). 

Another ABC transporter, AtABCD2/AtPMP1, which is plastid localized, was hypothesized to be 

involved in chloroplast FA export based on its similarity to AtABCD1, which is a peroxisomal 

localized ABC transporter that is required for FA import into peroxisomes (31, 33, 34). However, 
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the function of AtABCD2 has not been experimentally verified, and the transport of hormone 

precursors, carotenoids, or tocopherols by this protein have also been proposed (31, 33). 

During a global phenotyping screen to determine functions of chloroplast proteins, no strong 

phenotypes were detected in two characterized T-DNA insertion lines fully disrupted in 

AtABCD2 (35) making it unlikely that this protein is responsible for major fluxes of acyl groups 

from the plastid to the ER. 

Acyl-CoA-binding proteins (ACBPs) have also been suggested to play a role in FA 

export from plastids (36, 37). Studies of yeast and mammalian ACBPs provide evidence for 

ACBPs acting as acyl-CoA transporters (38, 39). Many of the ACBPs in plants have been 

implicated in stress response, but others such as BnACBP, AtACBP4, and AtACBP5 may be 

involved in transfer of acyl-CoAs from the chloroplast to the ER (37, 40, 41). An ACBP from 

Brassica napus, BnACBP, enhances acyl exchange between phosphatidylcholine (PC) and the 

acyl-CoA pool, particularly with 18:1-CoA (41). Two of the 6 Arabidopsis ACBPs, ACBP4 and 

ACBP5, are localized to the cytosol and are of particular interest as they have high binding 

affinity for 18:1 acyl-CoA in vitro, can also bind PC, and have increased expression in response 

to light (36, 40, 42, 43). Analyses of T-DNA lines of ACBP5 have yet to be published, but lipid 

analysis of the T-DNA acbp4 mutant showed reduced levels of membrane lipids, including 

MGDG, DGDG, PC, phosphatidylethanolamine (PE), and phosphatidylinositol (PI) in leaves 

(42). The decreased ER phospholipid levels and perhaps the galactolipids derived from ER 

precursors suggest a possible role of ACBP4 in the transport of acyl-CoA from plastids to the 

ER, but further FA analysis of the MGDG and DGDG would need to be done in this mutant to 

support this hypothesis (36, 42, 44). Also, there is some evidence supporting the role of ACBP4 

in stress response instead as it has been shown to co-express under stress conditions, co-

localize with, and bind to AtEBP, an ethylene-responsive element binding protein (45). 

Direct membrane contact sites between the ER and the chloroplast outer envelope could 

provide possible conduits for lipid transfer (46). Rapid labeling studies using 14C-acetate or 14C-
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glycerol indicated that FAs de novo synthesized in the chloroplast are first incorporated into PC, 

which is present in the ER as well as in the outer envelope membrane of chloroplasts (47), 

before entering the cytosolic acyl–CoA pool. Lyso-PC acyltransferase activity likely involved in 

this acyl exchange process is associated with isolated chloroplasts (48, 49). Thus, PC might 

serve as the first intermediate for FAs exported from the chloroplast, and extensive acyl-

exchange through chloroplast envelope PC into cytosolic acyl-CoAs might provide the acyl 

groups needed for the assembly of phospholipids at the ER (Figure 1.1). Phosphatidylglycerol 

(PG) may also be a source of acyl groups for synthesis of other lipids. A chloroplast specific 

lipase, Plastid Lipase 1 (PLIP1), has been shown to hydrolyze acyl groups from PG, which are 

then shuttled through PC before being used for seed oil biosynthesis (50). While this process is 

Figure 1.1 Generation of the Acyl-CoA Pool for ER Lipid Synthesis in Chlamydomonas reinhardtii and 
Arabidopsis thaliana. Hypotheses for how FAs enter the acyl-CoA pool are presented. A long standing 

hypothesis has been that FAs are released from acyl-ACP and converted to acyl-CoAs at the oEM as shown for 
both organisms. In Arabidopsis, a high rate of acyl exchange between PC and the acyl-CoA pool has been 
observed. As PC is also located in the oEM as well as in the ER, it is likely acyl-exchange may occur at both the 
ER and the oEM. In Chlamydomonas, which lacks PC, there is evidence of newly synthesized FAs being 
incorporated into MGDG first, and then hydrolyzed from MGDG by the enzyme PGD1 and used for TAG synthesis 
in the ER. The models presented are simplified and may not be exclusionary with regard to plants, as a possible 
role of MGDG in acyl exchange and FA export still needs to be investigated. It should be noted that TAG 
biosynthesis can also occur at the chloroplast envelope in both organisms but is not shown here. ER, endoplasmic 
reticulum; oEM, outer envelope membrane; iEM, inner envelope membrane; FAS, fatty acid synthase; FA, fatty 
acid; G3P, glycerol 3-phosphate; acyl-CoA, acyl-coenzyme A; PL, phospholipid; TAG, triacylglycerol; L-PA, lyso-
phosphatidic acid; PA, phosphatidic acid; DAG, diacylglycerol; L-MGDG, lyso-monogalactosyldiacylglycerol; 
MGDG, monogalactosyldiacylglycerol; L-PC, lyso-phosphatidylcholine; PC, phosphatidylcholine. 
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most active in the seeds, it does not mean a similar process could not be occurring in leaf tissue 

by way of one of the many other uncharacterized lipases. 

A similar mechanism of using a membrane lipid intermediate for FA export from the 

chloroplast to the ER has been proposed for Chlamydomonas which lacks PC (51) (Figure 1.1). 

The MGDG lipase, Plastid Galactolipid Degradation 1 (PGD1), is involved in the 

production of TAG from de novo synthesized FAs exported from the chloroplast when N is 

limited (51). PGD1 specifically releases the newly incorporated FA from the sn-2 position of the 

glycerol backbone of MGDG before it gets further desaturated, thereby making it available for 

TAG biosynthesis either at the ER or the outer chloroplast envelopes (51). A lyso-MGDG 

acyltransferase has not yet been identified, but together with PGD1, it could provide a metabolic 

cycle shuttling de novo synthesized FAs from the inside of the plastid to the outer leaflet of the 

outer chloroplast envelope. PGD1 is thought to have access to its substrate at the outer 

envelope (Figure 1.2) as it does not have a predicted plastid transit peptide, but its exact 

location has not yet been verified. This hypothesis implies that acyl groups attached to lipids - in 

this case MGDG - are passed between and through the envelope membranes. In thylakoid lipid 

biosynthesis, it is also necessary to transfer galactolipids from their site of synthesis on the 

intermembrane face of the inner and the outer membrane face of the outer envelope back to the 

thylakoids inside plastids. Whether this process is related to FA export and how galactolipids 

move between the plastid membranes remains to be defined.  

In plants, lipid metabolism and trafficking can be greatly altered under nutrient stress. 

For example, under normal growth conditions, DGDG is exclusively localized in chloroplasts 

(52). However, when the availability of phosphate is limited, DGDG biosynthesis is elevated 

partially due to the transcriptional induction of MGDG synthases, MGD2 and 3, and DGDG 

synthase, DGD2 (53, 54). To maintain the proper function of membranes, DGDG is transported 

from the chloroplast envelopes to the extraplastidic membranes where DGDG replaces 

phospholipids (52, 55-57). While the transporters which are responsible for DGDG export from 
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the plastid have not yet been reported, several putative lipid binding or transport proteins with 

unknown function are predicted to be present in Arabidopsis chloroplasts (33). Interestingly, 

when the bacterial lipid, glucosylgalactosyldiacylglycerol, was introduced into Arabidopsis 

DGDG-deficient mutants, dgd1 and dgd1dgd2, the accumulation of this lipid in extraplastidic 

membranes was observed, which indicated the transport mechanism does not discriminate the 

glucose and galactose in the lipid head group in vivo (58). 

Characterization of the Arabidopsis fad3 mutant, provides another example for the 

possible export of desaturated lipids from chloroplast (59). The fad3 mutant is deficient in the 

ER 18:2 desaturase activity, but in 14C-acetate labeling experiments, the fad3 mutant showed 

delayed and reduced accumulation of 18:3 in PC and PE, suggesting that plastid desaturated 

18:3 FAs can find their way into ER lipids (59). However, in this study the possibility that another 

18:2 desaturase exists in the ER or that the fad3 point mutant allele is leaky could not be ruled 

out. FAD7 and FAD8 are the two chloroplast localized isoforms of fad3 (60, 61). When 

Figure 1.2 Subcellular Locations of Lipid Synthesis and Transport Proteins for the Major Chloroplast 
Lipids. The subcellular locations of the chloroplast envelope associated enzymes for final assembly of the major 

chloroplast lipids are depicted along with known lipid transport proteins. Presumed movement of lipid precursors 
for the synthesis of major thylakoid lipids between and through the envelope membranes is indicated as 
necessitated by the location of the respective enzymes.  All proteins represented have been studied in 
Arabidopsis except for PGD1 which was discovered in Chlamydomonas but has orthologs in Arabidopsis. ER, 
endoplasmic reticulum; oEM, outer envelope membrane; iEM, inner envelope membrane; G3P, glycerol 3-
phosphate; ACP, acyl carrier protein; L-PA, lyso-phosphatidic acid; PA, phosphatidic acid; DAG, diacylglycerol; 
SQDG, sulfoquinovosyldiacylglycerol; L-MGDG, lyso-monogalactosyldiacylglycerol; MGDG, monogalactosyl-
diacylglycerol; DGDG, digalactosyldiacylglycerol 
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comparing the lipid phenotype of two triple mutants fad3-2 fad7-2 fad8 and fad3-2 fad7-1 fad8, 

the latter of which carries a leaky fad7 allele, higher 18:3 amounts in PC and PE were found in 

the fad7 leaky triple mutant (62). This indicates that ER phospholipids containing18:3 acyl 

chains are dependent on the precursors from the chloroplast, supporting the hypothesis that 

18:3 FAs can transfer from the chloroplast to the ER. However, the mechanism of this export 

and the lipid molecules transported remain to be determined. 

 

ER to Chloroplast Envelope and Inter-Envelope Transport 

The chloroplast has the ability to synthesize the major lipid components of its membranes, the 

galactolipids, MGDG and DGDG, and the two anionic lipids, sulfoquinovosyldiacylglycerol 

(SQDG) and PG (5, 53, 63). Positional analysis of acyl chains of the major plastid lipids (see 

Introduction of this chapter) suggests that in all plants a fraction of these lipids is derived from 

ER-synthesized precursors, although this proportion varies between different plant species (9). 

In addition, PC, which the chloroplast cannot assemble, is a significant component of the 

chloroplast outer envelope membrane (64, 65). Thus, the presence of ER-derived thylakoid 

lipids and PC in the chloroplast requires the transport of ER lipids to this organelle. Because of 

the localization of the enzymes required for the synthesis of the major chloroplast lipids in the 

two envelope membranes, both the ER-derived and chloroplast-derived lipids used for the 

synthesis of the major chloroplast lipids must be transported between the envelopes (Figure 

1.2). ER-derived lipids must first be transported to the outer envelope and then to the outer 

leaflet of the inner envelope where the predominant MGDG synthase, MGD1, is localized or to 

the inner leaflet of the inner envelope where the SQDG synthase, SQD2, is localized (66-68). 

Lipids originating in the chloroplast are first synthesized by the transfer of acyl-chains to 

glycerol-3-phosphate to make phosphatidic acid (PA) at the inner leaflet of the inner envelope 

where PA can then be further metabolized to PG or SQDG (5). Like the ER lipids, the 

chloroplast derived lipid precursors must be transported to the outer leaflet of the inner envelope 
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for MGDG synthesis, and then MGDG made from both ER and plastid precursors must be 

transported to the outer leaflet of the outer envelope where the DGDG synthase, DGD1, is 

localized (5, 54, 69). It should also be noted that MGD2 and 3 are not considered here because, 

as mentioned previously, they are induced under nutrient deprivation (63). The exact 

mechanisms of transport of lipid precursors and lipids from the ER to the chloroplast and 

between envelopes are still not fully understood, but recent progress has led to a refined 

hypothesis. 

A first step towards gaining a comprehensive understanding of ER to chloroplast lipid 

transport has been the discovery and characterization of the TriGalactosylDiacylglycerol (TGD) 

proteins of Arabidopsis. The TGDs were identified in a mutant screen for suppressors of dgd1, a 

mutant deficient in DGDG synthesis, and the tgd mutants were named for their production of 

oligogalactolipids such as trigalactosyldiacylglycerol (70). The tgd mutants present a range of 

other phenotypes including an increase in the 16-to-18 carbon ratio in total FA composition 

consistent with a decrease in ER-derived membrane lipids (70-73). Further analysis of 

chloroplast-specific lipids showed that the total fatty acid change in the 16-to-18 carbon ratio is 

due to decreases in galactolipids derived from ER precursors (70-75). Other tgd mutant 

phenotypes include reductions in growth, fertility, germination, and formation of photosynthetic 

membranes, as well as lethality of null-alleles of specific TGD genes (70-75). Taken together, 

these phenotypes implicate the TGDs in ER to chloroplast transport and demonstrate the 

importance of ER-derived chloroplast lipids to the formation of photosynthetic membranes and 

the overall health and viability of plants.  

Five TGDs have been identified and extensively studied. TGD1, TGD2, and TGD3 form 

an ABC transporter complex in the inner envelope membrane, while TGD4 forms a homodimer 

in the outer envelope membrane, and TGD5 is a small protein which can associate with the 

other TGD proteins (76-80). TGD1 is predicted to be the permease of the ABC transporter and 

is present in 2 copies per complex (70, 78). TGD3 is a confirmed ATPase and is also present in 
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2 copies per complex (72, 78). TGD2 is the substrate binding domain of the complex and is 

known to bind PA (73, 78, 79, 81). TGD2 makes the TGD1,2,3 complex unique among ABC 

transporters as it is present in 8-12 copies per complex, while most substrate binding domains 

of bacterial ABC transporters are present in 1-2 copies if present at all (31, 78). TGD4 is a 

predicted β-barrel protein which, like TGD2, binds PA (76, 77). TGD5 was shown to interact with 

the other TGD proteins through co-immunoprecipitation when heterologously expressed in 

tobacco, but it is still unclear how TGD5 mechanistically works with the other TGD proteins (80). 

TGD4 and the TGD1,2,3 complex do not form any stable interactions (78), so if TGD5 helps to 

connect TGD4 and TGD1,2,3, it may be a transient interaction. 

Although two TGD proteins bind PA, there is no direct evidence demonstrating PA as the 

transported lipid species of either the TGD4 or the TGD1,2,3 complexes. PA seems to be a 

reasonable substrate for transport as it can support multiple membrane conformations and is a 

non-bilayer forming lipid, so it may require less energy to be removed from membranes (82). 

Several other candidates for the transported lipid species have been suggested including 

diacylglycerol (DAG), PC, and lyso-PC (3). DAG is considered because, like PA, it is a non-

bilayer forming lipid, but it also has the unique ability to flip between leaflets of a bilayer at 

biologically relevant rates (83). PC and lyso-PC have both been proposed due to the inability of 

chloroplasts to produce PC, but this hypothesis would only be relevant for TGD4 as PC is only 

present in the outer envelope membrane (3, 64, 65).  

Despite extensive forward genetic screening approaches that mostly yielded a sizable 

number of additional alleles of the TGD proteins, the TGD proteins are the only proteins thus far 

directly implicated in ER to chloroplast lipid transport (79). It is hypothesized that they work by 

forming a lipid conduit through the outer and inner envelope membranes facilitating transport 

(84). TGD2 has the ability to disrupt membranes in vitro which provides the basis for the 

hypothesis that the TGD1,2,3 complex works by removing lipids from the outer envelope 

membrane and inserting them into the inner envelope membrane, although there is no direct 
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evidence that the TGD1,2,3 complex contacts the outer envelope membrane in vivo (79). While 

TGD4 is associated with the outer envelope membrane, a portion cofractionates with ER 

markers and hence TGD4 may contact the ER membrane (76). The possibility that the TGD 

complexes act as flippases moving lipids across leaflets within the same bilayer must also be 

considered. Although DAG can flip between bilayers at a reasonable rate, flippases may be 

required to facilitate this process to keep up with flux demands. In fact, DAG pools at different 

chloroplast membrane leaflets can be distinguished in vivo (66) suggesting that DAG does not 

rapidly equilibrate between the different leaflets. 

Related hypotheses discussed in the field for both ER to chloroplast envelope and inter-

envelope transport involve PLastid Associated Membranes (PLAMs) and hemifusion. PLAMs 

involve stable membrane contact between the ER and the chloroplast and have been observed 

by microscopy and optical manipulation (85-89). While information on PLAMs is still scarce, they 

are likely similar to Mitochondria Associated Membranes (MAMs), which have been extensively 

studied and reviewed (90, 91). MAMs are known to be involved in lipid transport between the 

ER and mitochondria (92, 93), so it is hypothesized that PLAMs may be involved in lipid 

transport between the ER and chloroplasts. Transorganellar complementation studies suggest 

there can be considerable transport of diverse hydrophobic compounds, e.g. tocopherol 

precursors, between the ER and chloroplast envelopes (94). To accommodate the perceived 

lack of specific transporters for the number of molecules that are likely exchanged between the 

chloroplast and the ER, it has been suggested that intermembrane hemifusions of the outer 

leaflets of the ER and outer envelope membranes and of the inner leaflet of the outer envelope 

with the outer leaflet of the inner envelope membrane provide a mechanism for lipohilic 

compound exchange between membranes without transporters (94, 95). However, hemifusion 

of membranes has yet to be directly observed in plant cells, although hemifused membranes 

have been shown to form in vivo during specific cellular events in other organisms (i.e. vesicle 

fusion, egg fertilization) (96-98). A confirmation of the hemifusion hypothesis will require 
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identifying proteins that one might predict are involved in initiating and stabilizing membrane 

hemifusions and in preserving the unique protein and lipid compositions of the membranes 

involved in hemifusion. A protein complex which tethers ER to mitochondria has been identified 

in yeast (99), and similar complexes must be involved if contact sites between the ER and the 

plastid facilitate the exchange of membrane lipids and other membrane soluble small molecules. 

 

Inner Envelope to Thylakoid Transport 

As proplastids from meristematic cells differentiate into chloroplasts, thylakoid membranes 

proliferate greatly. When mature, thylakoids are the major membrane system of the leaf cell and 

form the boundary of a continuous aqueous compartment called the thylakoid lumen. The lipids 

required to make the thylakoids are themselves made in the chloroplast envelopes (see above, 

84). Accordingly, the thylakoids are assumed to derive directly from the chloroplast inner 

envelope membrane, an idea which is further supported by the similarity of their respective lipid 

compositions (100). 

Three non-exclusive hypotheses for the mechanism of thylakoid expansion and 

maintenance have been proposed. The first is that thylakoid lamellae derive from an 

invagination of the inner envelope membrane which expands until it fuses with other such 

invaginations and is then separated from the inner envelope. Observations of young 

chloroplasts by transmission electron microscopy clearly show long inner envelope 

invaginations protruding into the stroma (101). This hypothesis is favored for early development 

of thylakoids but has not been observed in mature chloroplasts and may be unlikely as a 

mechanism for mature thylakoid maintenance because ATP generation from photosynthesis 

requires a stable, low pH in the lumen. The second hypothesis states that a vesicle transport 

system exists between the inner envelope and thylakoid membranes. Vesicle transport is 

supported by the observation of stromal vesicles in multiple plant species under cool conditions 

which slow vesicle fusion (102), by assay (103-105), and by recent molecular biology studies 
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described in detail below. Finally, thylakoid membranes may be maintained by non-vesicular 

lipid transport. MGDG was observed to have high rates of transport compared to other thylakoid 

lipids, in spite of the fact that the steady-state composition of both the inner envelope and 

thylakoid membranes is similar (106). This may indicate that it is moved to the thylakoids 

preferentially through a separate soluble lipid transport system.  

To date, few gene products have been described as direct effectors of thylakoid 

biogenesis. For the most part, these have been identified because the respective mutants lack 

normal thylakoid membranes, though confirmation that their direct effect is on the membrane 

itself has been tenuous. Examples include THylakoid Formation 1 (THF1), which was later 

found to have a direct effect on photosystem II (107), and Plastid Fusion and/or Translocation 

Factor (PFTF), which was shown to be a FtsH protease (108). It seems likely in these cases 

that the proteins in question are not also directly involved in thylakoid formation. Candidates 

more likely to have direct roles have also been identified. First, a protein named Vesicle-

Inducing Protein in Plastids 1 (VIPP1) was shown to be required to form cold-induced vesicles 

at the inner envelope membrane (109) and was localized to both the inner envelope and 

thylakoid membranes (110). Direct evidence that VIPP1 induces vesicles is still lacking, 

(reviewed in 111), and there is conflicting evidence from its homolog in Synechocystis which 

suggests that aberrant thylakoid structure in knockouts may be due to a direct effect on 

photosynthetic ability (112). Likewise, Snow-White Leaf1 (SWL1) has been described as 

involved in thylakoid biogenesis in rice (113). It was shown to be important for development of 

chloroplasts from proplastids, but not for amyloplasts or etioplasts, indicating a specific role in 

thylakoid biogenesis; however, its direct function has not yet been shown. Alternative 

approaches to forward genetic screens include bioinformatics, which have identified multiple 

chloroplast proteins similar to the proteins required for COPII vesicle trafficking (114, 115). Each 

of these studies has fallen short of identifying a chloroplast homolog of every protein required 

for cytosolic COPII trafficking, though the chloroplast vesicle system may well be a simpler one. 
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There has been some confirmation of the COPII hypothesis using reverse genetic tools; these 

studies showed that cpSAR1A is in the chloroplast and essential for viability (116) and identified 

cpRABA5e as a chloroplast located Rab GTPase which may be involved in trafficking of stromal 

vesicles (117). Both studies located the respective proteins as distributed between the stroma 

and thylakoid membranes and suggest they are found on stromal vesicles. At this point, 

suggesting the mechanism of vesicle transport would be premature, though it is worth pointing 

out that no proteins have been suggested for the alternative thylakoid biogenesis hypotheses. 

Thus, the vesicle hypothesis is the most substantiated, though all require further verification. 

Once lipids have arrived at the thylakoid membrane, they are maintained asymmetrically 

between the inner and outer leaflets. It has been shown both through multiple methods and in 

several species that MGDG and PG are more populous in the stromal leaflet, while DGDG and 

SQDG are more prominent in the lumenal leaflet of the membrane (118, 119). The asymmetry is 

present at the earliest testable stage of thylakoid development (119), raising the hypothesis that 

asymmetry precedes thylakoid integration of lipids and thus may be a result of passive 

maintenance. However, rates of MGDG and DGDG incorporation into thylakoid membranes 

were observed to differ considerably from their steady-state levels (106), discrediting the 

passive maintenance hypothesis. Currently, the mechanism by which lipid asymmetry is 

maintained, like the mechanisms by which thylakoid membranes are built, remains at the 

hypothesis stage. 

 

Transport to the Vacuole 

In plants, vacuoles have developed some functions dissimilar from vacuoles of most motile 

species. In seeds, a specific type of vacuole stores protein for the embryo, while in most other 

tissues, a “lytic” vacuole is the largest cellular structure. Lytic vacuole functions include 

maintaining turgor pressure, providing pH homeostasis, detoxifying the cytosol, degrading 

waste, sequestering ions and participating in multiple signaling pathways (120). The unique 
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membrane composition of the vacuole (121) is known to affect its function. In plants capable of 

withstanding high salt stress, vacuolar membrane fatty acids and overall protein levels change 

to make a less permeable membrane (122). Similarly, during phosphate stress, the vacuolar 

membrane is extensively remodeled, partially through the action of a specific phospholipase D 

(PLD2) (123). Finally, the lipid composition of the vacuolar membrane is likely to directly affect 

its morphology. It was shown that disruption or overexpression of genes encoding enzymes that 

modify the number of phosphates on PI affect both vacuolar shape and vesicle traffic destined 

for the vacuole (124). 

Lipid transport to support lytic vacuolar membrane composition is likely to occur by 

vesicle transport through the endomembrane system (120). Vacuole membrane lipids are 

synthesized in the ER, though the diversity of their vacuole delivery methods has only recently 

been appreciated. Vacuole development occurs during cell differentiation, when a tubular 

“provacuolar” network found in undifferentiated meristematic cells fuses and expands to form 

the large central vacuole (125). Recent developments show that vacuole biogenesis begins in a 

specific area of the ER (125), shedding doubt on an earlier hypothesis that provacuole 

membranes originate from fusions of vesicles from the trans-Golgi network (126). Similarly for 

mature vacuoles, we now know that transport of sterols and some proteins occurs 

independently of a functioning Golgi (125, 127-129), though the Golgi network and 

multivesicular body are essential for delivery of others (reviewed in 130). Maintenance of the 

vacuole membrane has not been well studied. It was shown to have only slight membrane 

asymmetry in sycamore (131), which could have originated from asymmetry inherent in its 

progenitor membranes. Vesicular transport to the vacuole has been studied primarily as a 

means to identify targeting methods of proteins, thus whether additional mechanisms of lipid 

transport may occur is unknown.  

 

 



18 
 

Lipid Trafficking Related to Lipid Droplets 

Lipid droplets (LDs) are dynamic organelles containing lipid storage compounds, typically TAGs. 

LDs are surrounded by a phospholipid monolayer into which diverse proteins are inserted. 

Although LDs were initially regarded as inert storage depots, they have drawn extensive 

attention since the discovery that disturbances in LD metabolism are at the basis of many 

human diseases and that LD formation holds potential for biofuel production in plants. LDs are 

observed in nearly all cell types in plants, and they have been shown to play important roles in 

stress responses, pathogen resistance, and hormone metabolism, as well as in anther 

development (132). Here the focus will be on lipid metabolism/trafficking during LD biogenesis 

and other trafficking roles in which LDs may be involved. LD turnover and FA transport to the 

peroxisome will not be covered as it is discussed in the peroxisomal review mentioned 

previously (13). 

Several models have been proposed for LD biogenesis in eukaryotic cells (133). In plant 

seeds, the sequestration of TAG during biogenesis of LDs is believed to occur at specialized 

domains of the ER similar to proposals for animal LD biogenesis (133-135). Evidence derives 

from ultrastructural studies showing an intimate association of the ER and LDs (136, 137). In 

addition, the biosynthesis of TAGs in the LD core and of the major LD membrane lipids, PC and 

PE, is accomplished by ER associated enzymes (138). Accordingly, it is proposed that during 

seed LD biogenesis, specific LD membrane proteins such as DAG AcylTransferase (DGAT) and 

LD associated proteins, generally called perilipins, i.e. oleosins in plants, first aggregate in ER 

specific domains (132, 135). DGAT is one of the enzymes responsible for the final step of TAG 

biosynthesis (138), and oleosin is the most abundant membrane protein found in plant seed LDs 

(132). In plants, TAG biosynthesis can occur by the conventional Kennedy Pathway or by acyl-

CoA-independent mechanisms involving Phospholipid : DAG AcylTransferase (PDAT) as 

reviewed in (138). Oleosin stabilizes the LDs and also controls the size of the LD by preventing 

fusion between LDs (139). Therefore, after oleosins are recruited to the ER domains, they 
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stabilize the ER domains and support the budding process (132, 140). Localized DAG formation 

is particularly important to LD biogenesis as shown in yeast and mammalian cells. Yeast 

mutants impaired in punctate DAG synthesis, but with no changes in total DAG amounts, 

showed a decrease in LD number, while mammalian cells with ER enriched in DAG showed 

increased recruitment of perilipins (134, 141, 142). Despite what is known in other eukaryotes, 

the mechanism of LD biogenesis in plant non-seed tissues is poorly understood. Non-seed 

tissues are known to accumulate LDs in response to certain stresses such as freezing (132, 

143). One protein known to provide DAG for LD biogenesis under freezing conditions is 

Sensitive to Freezing 2 (SFR2) which removes MGDG from the chloroplast outer envelope by 

forming oligogalactolipids and DAG (143). Since oleosins are absent, those ER domains that 

are specific for TAG sequestration during LD biogenesis in seeds may not exist. Therefore, an 

oleosin-independent model has been proposed (132). In this model, LD biogenesis is thought to 

be solely dependent on the coalescence of small LDs forming, e.g., in the chloroplast envelopes 

(132), but how these small LDs precisely fuse with other LDs instead of other organelles and 

how LD size is controlled remain elusive.  

Another class of perilipins are lipid-droplet associated proteins (LDAPs) identifed in the 

mesocarp of avocado (Persea americana) (144). The protein level of LDAPs correlates well with 

the fatty acid level of the TAG core, indicating this LDAP protein may be directly involved in the 

accumulation of TAG for LD biogenesis or the regulation of TAG metabolism (144). Similarly, a 

protein called major lipid droplet protein (MLDP) may have perilipin function in Chlamydomonas 

cells that accumulate TAG following nutrient deprivation (145). When MLDP was knocked down 

by RNA interference, increased LD size was observed (145). This supports the hypothesis that 

perilipins may have roles in the control of LD size and likely in LD movement and fusion with 

other LDs. Recruitment of enzymes for TAG synthesis or degradation to the LD may be another 

function of plant lipid droplet specific proteins. For example, introducing a lipid droplet specific 

protein from the unicellular algae Nannochloropsis into an Arabidopsis oleosin mutant reverted 
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LD size to be normal but did not rescue biochemical phenotypes (146), perhaps because the 

algal LD protein lacked the specificity to recruit Arabidopsis proteins to the LD. 

Recent studies have revealed that LDs may be more complex organelles than originally 

thought (147, 148). One of the proposed functions for LDs is to transport neutral lipids and 

phospholipids between different organelles (148). Proteomic and genomic studies of 

mammalian and yeast LDs show that the LD membranes are rich in vesicular traffic related 

proteins, such as the Rabs, SNAREs and Arf (147, 149). In plants, COP (coatomer protein) 

vesicular traffic proteins have also been found in LD membranes, and it has been suggested 

that these proteins may be involved in LD biogenesis (150). In Drosophila and mammalian cells, 

cytoskeleton-dependent LD trafficking has been found, and the fusion between LDs is highly 

related to microtubule activities (148). Moreover, intimate contacts between LDs and other 

organelles have been observed with different microscopy techniques in various cell types, and 

the biological relevance of these contacts has been discussed as reviewed in (148). Even 

though the mechanism and regulation of this general transport remains unknown, this evidence 

suggests the size and location of LDs is able to be controlled and likely to be well regulated. In 

addition, it has been shown that LDs can deliver a group of 1,3-β-glucanases to the 

plasmodesma channel connecting two plant cells, and it is proposed that this LD-dependent 

transport mechanism could be an alternative pathway to transport cargoes to adjacent cells and 

even cell-cell signal transduction (151, 152).  

 

Transport to the Cuticle 

Plant epidermal cells have a high demand for lipid transport as they synthesize the outer cuticle 

at the surface of the plant which serves as a protective layer against the environment. The 

cuticle is known to play an important role in resistance to pathogens, and thus, plants impaired 

in cuticle formation have been identified not only by visually reduced waxes but also by 

increased susceptibility to certain pathogens (153, 154). In epidermal cells, FA export from the 
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chloroplast to the ER is extensive to support the synthesis of waxes (usually very long chain FA 

derivatives) and cutin precursors (e.g. hydroxy fatty acids and dicarboxylic acids) at the ER. 

These cuticle components need to be transported from the ER to the plasma membrane and 

then across the plasma membrane through the cell wall in order to form the cuticle where the 

waxes crystallize and the cutin monomers polymerize to cutin (155). While monoacylglycerol 

cutin precursors may be sufficiently soluble so that they may not require the use of a 

transporter, waxes and other precursors likely require a transport system (155). Thus far, there 

is little to no biochemical or molecular evidence for a mechanism of cuticular lipid precursor 

trafficking from the ER to the cuticle, but several plasma membrane localized ABC transporters 

have been genetically characterized and implicated in cutin precursor and wax transport across 

the plasma membrane. Plants with mutated forms of ABCG12/WBC12/CER5 have a cuticle with 

reduced wax components, in particular C29 alkanes (154, 156). ABCG12 is hypothesized to 

function as a wax transporter because wax lacking in the cuticle accumulates within the cell 

(154, 156). When ABCG11/WBC11 is mutated or knocked-out, plants have reduced levels of 

both cuticular waxes and cutin (156, 157). Like with abcg12 mutants, waxes were found to 

accumulate in the cells of abcg11 mutants (156, 157). The double mutants of ABCG11 and 

ABCG12 do not completely deplete the cuticular wax load, and the two mutations do not have 

additive effects (157). This suggests the involvement of other transporters as well as a possible 

interaction between ABCG11 and ABCG12, which are both half transporters with similar mutant 

phenotypes (156). ABCG12 has been confirmed to require the formation of a heterodimer with 

ABCG11 in order to be trafficked to the plasma membrane while ABCG11 can form a 

homodimer and does not require ABCG12 for proper localization to the plasma membrane 

(158). This dimerization pattern and the mutant phenotypes suggest the ABCG11/ABCG12 

heterodimer is responsible for transport of cuticular waxes while the ABCG11 homodimer is 

responsible for transport of cutin precursors, but this has yet to be confirmed at the biochemical 

level. Other ABC transporters with genetic evidence of involvement in cuticular lipid transport 
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include ABCG13 and ABCG32 (159, 160). Mutants carrying abcg13 alleles have reduced levels 

of cutin monomers, but this phenotype is restricted to flower petals (159). The knockout of 

ABCG32 (permeable cuticle1, pec1) has reduced levels of cutin monomers, but the cuticle is 

only structurally impaired in the layer closest to the cell wall suggesting ABCG32 is only 

involved in transport to this layer (160). Homologs of ABCG32 have been identified in both rice 

and barley with mutants of each showing similar phenotypes as that of Arabidopsis suggesting a 

conserved function across plant species (161). There are several other ABC transporters 

encoded by genes with high expression in the epidermal cells that may be involved in cuticular 

lipid transport, but they have yet to be investigated (156). 

Another group of proteins implicated in cuticular lipid transport include the Lipid Transfer 

Proteins (LTPs). By definition, LTPs are small (~9 kDa) proteins which have the ability to bind 

and transfer lipids in vitro (162). Historically, LTPs were proposed to be involved in intracellular 

lipid transfer, but more recently LTPs are thought to more likely mediate cuticular lipid transport 

as a large number of LTPs have been localized to the plasma membrane, cell wall, and surface 

wax (163-167). Mutants carrying mutations in two GPI-anchored LTPs, LTPG1 and LTPG2, 

have been shown to have reduced stem cuticular wax with further wax reduction in the double 

mutant over either single mutant (168-170). Both LTPs were chosen for study based on the high 

expression of the respective genes in epidermal tissue (169-171). LTPG1 has been confirmed 

to have the ability to bind lipids, and it has been localized to the extracellular space of epidermal 

cells (169, 171). While this evidence supports a role for LTPG1 and LTPG2 in cuticular lipid 

transport, direct biochemical evidence is still lacking. 

 

Transport to the Symbiosome 

One membrane unique to a subset of plants is the symbiosome formed around symbiotic 

bacteria in root nodules of legumes. The symbiosome is derived from the plasma membrane of 

the plant, but its lipid composition is modified by incorporation of considerable amounts of 
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DGDG which is produced in the chloroplast (172-174). As bacteria replicate, more symbiosome 

membrane must be formed which requires the transport of plant lipids (172, 173). Lipid transport 

to the symbiosome may occur by both vesicular and non-vesicular mechanisms. It is not known 

how vesicles are specifically targeted to the symbiosome rather than the plasma membrane or 

vacuoles, which both share similar membrane properties to the symbiosome (172, 173). 

SNAREs are proteins well known for their involvement in directing vesicles to target membranes 

(175).There is some evidence that symbiosome specific SNARE proteins, such as MtSYP132, 

may be involved in vesicular trafficking to the symbiosome, but this hypothesis is based only on 

bioinformatics and immunolocalization to the symbiosome (176).  

For non-vesicular lipid transport to the symbiosome, LTPs are thought to be major 

contributors. One LTP implicated in lipid transport to the symbiosome, AsE246, was discovered 

in Chinese milk vetch (177). AsE246 gene expression is specific to root nodules, the protein has 

been localized to the symbiosome membrane and binds several membrane lipids in vitro and 

DGDG in vivo (177). Both overexpression and knockdown lines for AsE246 were analyzed. The 

overexpression lines showed increased nodule formation while the knockdown lines had 

impaired symbiosome development with lower lipid levels in the nodules (177). Another LTP 

specifically expressed in nodules of Medicago, MtN5, was identified as increasing nodulation 

and decreasing nodulation in overexpression and knockdown lines, respectively, and it was also 

shown to bind lyso-lipids in vitro (178). These findings suggest that AsE246 and MtN5 are 

involved in lipid transport to the symbiosome. 

 

Sphingolipid Trafficking 

Most of this review has focused on the trafficking of glycerolipids, but as sphingolipids have 

many important roles in plant cells (e.g. protein trafficking, pathogen defense, signaling, 

structure, etc.), current knowledge about their trafficking is relevant to plant cell biology. 

Sphingolipid synthesis takes place in both the ER and the golgi with ceramide and 
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glucosylceramide (GlcCer) synthesis in the ER and glycosyl inositolphosphoceramide (GIPC) 

synthesis in the golgi (179). Because of this compartmentalization of synthesis, ceramide must 

be transported from the ER to the golgi. This transport may occur by vesicular or non-vesicular 

means. In mammals, this ER to golgi ceramide transport occurs non-vesicularly by way of 

ceramide transfer protein (CERT), however, no CERT-like proteins have been identified in 

plants (179-181). Plant sphingolipids are most abundant in the plasma and vacuolar 

membranes, and this means sphingolipids must be transported from both the ER and golgi in 

order to accumulate in these other membranes (179, 182). This transport could also occur by 

vesicular or non-vesicular means. A major hypothesis in the field is that much of the transport 

occurs through the vesicular pathway. The vesicular pathway has been well-studied in yeast 

and mammals, but much information is lacking in plants. The reader is referred to the following 

papers for information on vesicular trafficking in plants and how it may differ from that in yeast 

and mammals (183, 184). There is evidence sphingolipids are involved in targeting vesicular 

trafficking by forming distinct microdomains, but the exact mechanisms of microdomain sorting 

and specific membrane and protein targeting remain elusive (185-190). Thus far, only two 

proteins have been implicated in sphingolipid transport in plants. The first protein, Accelerated 

Cell Death 11 (ACD11), is known to cause programmed cell death when absent and was 

originally characterized as having sphingosine transfer activity in vitro, but the rates were low 

and sphingosine can move through an aqueous phase on its own (191). ACD11 is unable to 

bind either ceramide or glycosphingolipids (191). ACD11 is localized to the cytosol, but it is able 

to interact with membrane associated proteins BPA1, PRA7, and PRA8 in vitro and BPA1 in 

vivo (192). BPA1 is of unknown function, but PRA7 and PRA8 may have roles in ER to golgi 

trafficking based on their relation to mammalian proteins localized to the golgi (192). Recently 

ACD11 was shown to be a ceramide-1-phosphate (C1P) transfer protein by in vitro binding 

assays, crystallization, and accumulation of C1P in the acd11 mutant (193). As C1P is usually 

kept at low levels under normal conditions and is involved in the regulation of programmed cell 
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death, it is unlikely ACD11 has a role in normal trafficking of sphingolipids to destination 

membranes (193). The second protein implicated in sphingolipid transfer in plants is Glycolipid 

Transfer Protein 1 (GLTP1). GLTP1 has the ability to transfer glycosphingolipids in vitro, but 

there is no genetic or in vivo data available (194). Another GLTP, At1g21360, is predicted to 

have possible sphingolipid transfer abilities, but no work has been published on this protein 

(194). It is possible these GLTPs could have roles in the trafficking of sphingolipids in plants. 

 

Concluding Remarks 

Plant cells have many unique requirements for lipid trafficking, and the underlying mechanisms 

are just beginning to be uncovered. Few transporters have been confirmed, and non-vesicular 

trafficking may account for much of the transport. Some of the major questions remaining 

include the following: What is the mechanism for transporting FAs to the ER? How are lipids 

exported from the chloroplast to other organelles? Which lipid(s) is/are transported from the ER 

to the chloroplast for galactolipid synthesis? How are thylakoid membranes assembled from 

envelope derived lipids and maintained? How are lipids trafficked specifically to other structures 

such as the vacuole, cuticle, and symbiosome? What role do lipid droplets play in lipid 

trafficking? How are the bulk of sphingolipids transported to their destination membranes? In 

pursuing these questions, lipid transfer phenomena in plants cells provide rich opportunities for 

discovery of novel mechanisms and proteins catalyzing lipid transport.  
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CHAPTER 2 

In Vivo Lipid “Tag and Track” Approach Shows Acyl Editing of Plastid Lipids and 

Chloroplast Import of Phosphatidylglycerol Precursors in Arabidopsis thaliana1 
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Abstract 

In plant lipid metabolism, the synthesis of many intermediates or end products often appears 

overdetermined with multiple synthesis pathways acting in parallel. Lipid metabolism is also 

dynamic with interorganelle transport, turnover, and remodeling of lipids. To explore this 

complexity in vivo, we developed an in vivo lipid “tag and track” method. Essentially, we probed 

lipid metabolism in Arabidopsis thaliana by heterologously expressing a coding sequence for a 

fatty acid desaturase from Physcomittrella patens (Δ6D). Δ6D places a double bond after the 6th 

carbon from the carboxyl end of an acyl group attached to phosphatidylcholine at its sn-2 

glyceryl position providing a subtle, but easily trackable modification of the glycerolipid. 

Phosphatidylcholine is a central intermediate in plant lipid metabolism as it is modified and 

converted to precursors for other lipids throughout the plant cell. Taking advantage of the 

exclusive location of Δ6D in the endoplasmic reticulum (ER) and its known substrate specificity 

for one of the two acyl groups on phosphatidylcholine, we were able to “tag and track” the 

distribution of lipids within multiple compartments and their remodeling in transgenic lines of 

different genetic backgrounds. Key findings were the presence of ER-derived precursors in 

plastid phosphatidylglycerol and prevalent acyl editing of thylakoid lipids derived from multiple 

pathways. We expect that this "tag and track" method will serve as a tool to address several 

unresolved aspects of plant lipid metabolism, such as the nature and interaction of different 

subcellular glycerolipid pools during plant development or in response to adverse conditions. 

 

Introduction 

Plant membrane lipids not only provide the structural basis for cell boundaries and sub-cellular 

compartmentalization, but they are also involved in signaling and hormone production (1-5), are 

integral to the photosynthetic machinery (6-11), and provide energy storage (12). Plant cells 

have a unique lipid composition coinciding with specialized organelles, chloroplasts, to carry out 

photosynthesis. While most cellular membranes are composed primarily of phospholipids and 
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sphingolipids, chloroplast membranes are lacking sphingolipids and many classes of 

phospholipids, and they are primarily composed of glycoglycerolipids, with 

monogalactosyldiacylglycerol (MGDG) and digalactosyldiacylglycerol (DGDG) being the most 

abundant followed by the sulfolipid, sulfoquinovosyldiacylglycerol (SQDG). The outer envelope 

membrane of the chloroplast does contain phosphatidylcholine (PC) (13), but the only 

phospholipid abundantly found in the photosynthetic membranes, the thylakoids, is 

phosphatidylglycerol (PG). 

Complementing the unique chloroplast lipid composition, plants stand out amongst 

eukaryotes in their synthesis of chloroplast lipids through the cooperation of two assembly 

pathways. Fatty acid synthesis takes place in the stroma of chloroplasts, but chloroplast 

glycerolipid biosynthesis occurs both in chloroplasts (plastid pathway) and in the endoplasmic 

reticulum (ER pathway). Products from each of these pathways have historically been 

distinguished due to the specificity of the respective acyltransferases catalyzing the second step 

of glycerolipid assembly, the transfer of an acyl group to sn-1-acylglyceryl sn-3-phosphate (lyso-

phosphatidic acid) (14, 15). The plastid acyltransferase prefers to add 16 carbon (16C) acyl 

groups to the sn-2 position of the glyceryl backbone, while the ER acyltransferase prefers to add 

18 carbon (18C) acyl groups to the same position (14, 15). Based on this distinction, it has been 

posited that nearly 50% of chloroplast lipids of Arabidopsis thaliana are derived from ER 

precursors with 18C fatty acids in the sn-2 position (16). This fraction varies among species with 

plants, such as Arabidopsis, using both chloroplast and ER pathways, therefore, being 

designated as 16:3 plants (17, 18). In contrast, plants designated as 18:3 plants almost entirely 

use the ER pathway. However, plastid PG has almost exclusively a 16C fatty acid in the sn-2 

position and is, therefore, presumed to be made nearly exclusively by the plastid pathway in 

both 16:3 and 18:3 plants (16-18). The use of ER precursors to produce chloroplast lipids also 

implies the presence of ER-to-chloroplast lipid transport. While key proteins involved in this 
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transport have been identified, TriGalactosylDiacylglycerol (TGD) 1-5, the transport mechanism 

and the transported lipid species remain to be determined (19-26).  

Because membrane lipids are important to so many different cellular processes, 

extensive efforts have been made to gain a comprehensive understanding of plant lipid 

metabolism. However, lipid metabolism has proven to be complex with not only multiple 

pathways and transport between organelles but also with acyl editing by way of transacylases, 

lipases, and acyltransferases. Acyl editing, in which de novo synthesized fatty acids are 

transferred from the acyl-CoA pool to PC, has been characterized by in vivo kinetic radiolabeling 

for PC of pea leaves (27) and may occur at the ER or plastid envelope membrane (28). The acyl 

groups undergo desaturation on PC, and the now polyunsaturated fatty acids are returned to the 

acyl-CoA pool in leaves (27). This acyl editing process actually receives the majority of the flux 

from the de novo synthesized acyl-CoA pool derived from chloroplast fatty acid export (27). 

Because there are many predicted plastid lipases of unknown function that could be involved in 

acyl editing, it is reasonable to consider acyl editing of plastid lipids as part of the plastid 

pathway, as has already been hinted at by others (27-29). However, the existence of extensive 

acyl editing within the chloroplast could affect the currently accepted quantitative indicator for 

identifying lipid precursor origin, the 16C versus 18C occupation in the plastid lipid sn-2 position. 

It also raises new questions regarding the origin of plastid PG, which based on the above-

mentioned criterion, appears to be derived from the plastid pathway to a larger extent than any 

other lipid. 

Thus far, methods involving radiolabeling and positional analysis of lipids have been the 

most informative to determine flux through the different pathways and the transport between 

organelles, but conclusions based on these data rely on the sn-2 position 16C versus 18C 

standard for distinguishing pathway origin. Here, in vivo lipid tagging was employed using 

heterologous production of an ER-located Δ6 desaturase from Physcomitrella patens (Δ6D) in 

Arabidopsis. Arabidopsis lacks a Δ6 desaturase, and this approach led to the formation of 
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uniquely traceable Δ6 fatty acyl groups as they appear in different lipids. This Δ6D is well 

characterized with a substrate preference for the sn-2 position of PC (30, 31). Expression of the 

Δ6D-encoding cDNA in Arabidopsis resulted in lipids with γ-linolenic acid (GLA, 18:3Δ6,9,12; 

carbon number: double bond number, Δ double bond position from the carboxyl terminus) and 

stearidonic acid (SDA, 18:4Δ6,9,12,15). Tracking of GLA and SDA in the wild type (WT) and 

different, well-characterized lipid mutant backgrounds validated this “tag and track” approach as 

an in vivo method for detailed study of plant lipid metabolism. Furthermore, it enabled us to 

directly test the current standard of using the sn-2 position occupation by 16C versus 18C in 

lipid molecular species for the extrapolation of the origin of chloroplast lipids.   

 

Results 

Δ6D Is External to the Chloroplast when Heterologously Produced.  

In Physcomitrella patens, the Δ6 desaturase is predicted to be located in the ER based on the 

presence of a cytochrome B5 domain which is considered indicative of ER fatty acid 

desaturases (30). For this reason, the Δ6D was also predicted to be in the ER when 

heterologously produced. For the “tag and track” approach to give conclusive results, it was 

critical to demonstrate that Δ6D is not targeted to the chloroplast. Therefore, the subcellular 

location of Δ6D was determined by cellular fractionation and subsequent immunoblot analysis of 

Arabidopsis plants expressing a Δ6D-encoding sequence in the pEarleyGate203 vector 

producing the recombinant enzyme with an N-terminal Myc tag (Myc-Δ6D) (32). Protein extract 

from Saccharomyces cerevisiae containing Myc-Δ6D was used as a control, and when mixed 

with ER protein from non-transgenic plants, the signal for the yeast Myc-Δ6D faded substantially 

but remained detectable (Figure 2.1A). The Myc-Δ6D full-length protein and a presumed 

degradation product were similarly detectable in two independent ER extracts from transgenic 

plants, but both were absent from the transgenic chloroplast sample and the non-transgenic ER 

sample (Figure 2.1A). Markers for the chloroplast fraction (oxygen evolving complex 33, OE33) 
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and the ER (binding immunoglobulin protein, BIP) were included to indicate purity of the 

fractions. Taken together, these results were consistent with an exclusive extra-plastidic location 

of the recombinant protein. 

For independent corroboration of subcellular location, the Δ6D cDNA was inserted into 

the pEarleyGate101 vector (32) leading to a C-terminal YFP fusion protein (Δ6D-YFP). This 

vector as well as the pEarlyGate101 empty vector (EV) were transiently expressed in tobacco 

(Nicotiana benthamiana), and the tissue was examined by confocal laser microscopy. The YFP 

signal in the tissue producing Δ6D-YFP showed a webbing-like pattern (similar to the pattern 

usually associated with the ER) with some solid structures resembling ER cisternae (Figure 

2.1B). In no instance did the YFP signal overlap with the chlorophyll auto-fluorescence of 

chloroplasts, and the tissue with pEarleyGate101 EV showed no YFP signal (Figure 2.1B). 

Figure 2.1 Determination of Δ6D Subcellular Location. (A) The portion of Coomassie Brilliant Blue (CBB) 

stained gel where Myc-Δ6D runs is shown.  The immunoblots for OE33 (33kDa) and BIP (74kDa) show the 
extent of cross-contamination in each organelle preparation. The immunoblot for Myc-Δ6D (62 kDa) shows 
presence of the recombinant protein in the ER but not the chloroplast. The arrows point to the Myc-Δ6D and a 
presumed degradation product, which is only present in the transgenic ER samples. (B) Confocal images of 
Δ6D-YFP (top) and empty vector (EV, bottom) are shown with YFP detection (green), chlorophyll detection (red), 
and merged images (from left to right). Scale bars = 5μm. WT, wild-type. 
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Based on these two lines of independent evidence, we concluded that the Δ6D-YFP was 

exclusively located outside the chloroplast, primarily associated with the reticular structure of the 

ER as previously predicted (30). 

 

Plants Producing Δ6D Accumulate GLA and SDA.  

Potential Arabidopsis Myc-Δ6D-producing T1 plants were screened for Basta resistance, and 

survivors were subsequently rescreened by PCR. Positive transformants were then subjected to 

total fatty acid methylester analysis. Four transgenic lines were isolated that produced high 

levels of GLA and SDA in the WT background (Figure 2.2A). The best line in the WT 

background produced 10-18 mol% GLA of total acyl groups and 5-10 mol% SDA (Figure 2.2A). 

Progeny of the plants with the highest levels of GLA and SDA were investigated in further detail. 

Myc-Δ6D was also produced in three different, well-characterized lipid metabolism 

mutants, fad3-2, ats1-1, and tgd1-1, to explore the potential of and to provide proof-of-concept 

for the lipid “tag and track" approach based on the Δ6 acyl group redistribution from PC into 

different cellular lipids. The fad3-2 mutant is lacking the ER Δ15 desaturase (33) leaving only 

Figure 2.2 GLA and SDA Content of Each Independent Line. (A) The spread of GLA and SDA levels as a 

mole percentage of total acyl groups between individual plants of each line in each genetic background is 
shown. 12 ≤ n ≤58. The Δ6D wild-type (WT) and Δ6D fad3-2 plants are of the T2 generation, and the Δ6D ats1 
and Δ6D tgd1-1 plants are of the F3 generation. (B) The ratio of GLA to SDA is shown for each background 
using only data from individuals producing > 0.5 mol% SDA. Student's t-test was performed for each background 
against the WT, n > 33, * p-value < 0.005. GLA, γ-linolenic acid; SDA, stearidonic acid. Error bars denote SD. 
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the plastid Δ15 desaturases. Therefore, any SDA detected in fad3-2 must have received the Δ6 

double bond in the ER and the Δ15 double bond in the chloroplast. The dual location of Δ15 

desaturases accounts for SDA biosynthesis in the ER and the plastid in WT. However, with the 

exclusive origin of GLA in the ER of transgenic lines, we hypothesized that the SDA distribution 

between ER and chloroplast lipids as well as the GLA-to-SDA ratio are diagnostic of changes in 

the relative contribution of the ER and plastid pathways in the different mutants. Accordingly, 

eliminating the ER Δ15 desaturase in the fad3-2 mutant allowed us to verify this hypothesis. 

The ats1-1 mutant is deficient in the plastid pathway for lipid assembly as it is strongly 

reduced or even lacking the enzyme activity which transfers the first acyl group from an acyl 

carrier protein to glycerol-3-phosphate (34, 35). We expected that when Myc-Δ6D is present in 

this mutant background, GLA and SDA content in chloroplast lipids should be enhanced due to 

the increased ER contribution to plastid lipid assembly compared to the WT background. On the 

contrary, the tgd1-1 mutant is impaired in ER-to-chloroplast lipid transport (26), which decreases 

the ER contribution to chloroplast lipid assembly and, therefore, should decrease GLA and SDA 

content in chloroplast lipids in the presence of Myc-Δ6D. 

To develop these lines, the Myc-Δ6D construct was introduced directly into both the WT 

and fad3-2, and good producers in the WT background were crossed with the other two 

mutants, ats1-1 and tgd1-1. Four independent lines, which were each capable of segregating 

plants with high levels of GLA and SDA, were chosen for each genetic background and 

subjected to detailed lipid analysis (Figure 2.2A). The levels of GLA and SDA produced were 

somewhat variable between individuals within each line, and while only data for the T2 and F3 

generations are shown (Figure 2.2A), this trend carried into future generations. Because of this 

variability, total GLA and SDA levels were routinely determined for each plant before carrying 

out analyses that were more detailed. 
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Total lipid analysis in each of the different mutant backgrounds revealed different relative 

levels of GLA and SDA. The Myc-Δ6D fad3-2 plants accumulated less SDA than the Myc-Δ6D 

WT plants resulting in a 2 to 3 fold higher GLA-to-SDA ratio (Figure 2.2B) as would be expected 

for a mutant without a functioning ER Δ15 desaturase, the same location as for the Δ6 

desaturase. The GLA-to-SDA ratio was also slightly increased in the Myc-Δ6D ats1-1 and Myc-

Δ6D tgd1-1 lines (Figure 2.2B). While these mutants introduce a disruption in lipid fluxes 

between the ER and the plastid in different ways, it seems likely that the reduced availability of 

GLA substrate to the Δ15 desaturases in either the ER or the plastid is reducing overall GLA 

conversion to SDA in both mutants leading to the observed increase in GLA-to-SDA ratios. 

 

Figure 2.3 Phenotypes of Transgenic Plants. (A) The fresh weight of whole rosettes (20-day-old plants) is 

plotted against the mole percentage of Δ6 acyl groups in total lipid is shown. Samples are binned with the upper 
limit of each category shown on the x-axis, n.d. = no data (B) Morphology of non-transgenic plants and 2 lines of 
transgenic plants. For each line of transgenic plants, a high producer (HP) of Δ6 acyl groups (>15 mol%) and a 
low producer (LP) of Δ6 acyl groups (<1 mol%) are shown. 
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Plants Producing Myc-Δ6D Have a Subtle Secondary Phenotype.  

The fresh weight and combined relative fraction (mol%) of Δ6-containing acyl groups, GLA and 

SDA, were measured in 3-week-old plants for four independent Myc-Δ6D-producing lines in 

each background, WT, fad3-2, ats1-1, and tgd1-1. The plants were binned based on the mol% 

fraction of Δ6 acyl groups (Figure 2.3A). The fresh weight of the plants remained within the 

same range for the <5 mol% category plants as the Δ6 acyl group mol% fraction increased, but 

Myc-Δ6D-producing plants in the WT and fad3-2 backgrounds reached a weight threshold when 

Δ6 acyl levels reached close to 25 mol%. Therefore, relatively high levels of GLA and SDA 

and/or the corresponding reduction in other acyl groups had a small but discernible effect on 

plant growth.  

Some sets of plants showed a more perceptible growth phenotype after reaching the 

reproductive stage with less or sometimes delayed growth as well as early yellowing of leaves 

(Figure 2.3B). This phenotype was not always seen and may have been related to the 

respective plants’ hypersensitivity to minor environmental fluctuations experienced in the growth 

chambers. In the following, all lipid analyses were conducted on young plants that were 

indistinguishable in their growth and appearance from WT. 

The presence of GLA and SDA acyl groups was also accompanied by a subtle 

secondary lipid phenotype. Myc-Δ6D-producing plants in WT, fad3-2, and ats1-1 backgrounds 

had an increased 16C to 18C ratio in some polar lipids (Figure 2.4). This observation could 

indicate that the TGD1 complex discriminates slightly against the import of Δ6 acyl group 

containing molecular species leading to the observed increase in16C/18C ratio. While this 

increase was statistically significant, it was too small to affect any conclusions drawn from GLA 

and SDA distribution results discussed below. 
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Δ6 Acyl Groups Are Present in Plastid PG.  

The distribution of Δ6 acyl groups among polar lipid classes was determined in leaf tissues from 

transgenic plants of each genetic background (Figure 2.5A). In general, Myc-Δ6D-producing 

plants in each of the tested genetic backgrounds showed the predicted distribution patterns of 

Δ6 acyl groups providing proof-of-concept for the described lipid “tag and track” method. The 

pattern in Myc-Δ6D fad3-2 was very similar to that of Myc-Δ6D in WT (Figure 2.5A), with the 

primary predicted phenotype being the increased GLA to SDA ratio as discussed above (Figure 

2.2B). Myc-Δ6D tgd1-1 plants had lower levels of Δ6 acyl groups in the major chloroplast lipids, 

MGDG and DGDG, and elevated Δ6 acyl group levels in ER-associated lipids, PC and 

phosphatidylethanolamine (PE) and phosphatidylinositol (PI), due to decreased ER-to-

chloroplast lipid transport (Figure 2.5A). This result also indicates that the TGD complex 

transports Δ6 acyl group-containing lipid species from the ER to the inside of the chloroplast 

even though at perhaps reduced efficiency as already mentioned above. The Myc-Δ6D ats1-1 

Figure 2.4 16C to 18C Ratio. The ratio of 16C to 18C acyl groups is represented for total lipid and each polar 

lipid for each genetic background, both transgenic and non-transgenic. The key is included in the figure. Student's 
t-test was performed comparing Δ6D transgenic to nontransgenic,  n = 9-10, * p-value < 0.05, ** p-value < 0.005. 
Error bars denote SD. MGDG, monogalactosyldiacylglycerol; PG, phosphatidylglycerol; DGDG, 
digalactosyldiacylglycerol; SQDG, sulfoquinovosyldiacylglycerol; PE+PI, phosphatidylethanolamine+ 
phosphatidylinositol; PC, phosphatidylcholine; WT, wild-type. 
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plants had elevated levels of Δ6 acyl groups in MGDG compared to the Myc-Δ6D WT plants 

and decreased levels in PC and PI+PE because the ER pathway was compensating for the loss 

of the plastid pathway in these plants. The Δ6 acyl group level of DGDG was not affected in the 

Myc-Δ6D ats1-1 plants (Figure 2.5A) consistent with the previous observation that DGDG is 

almost exclusively produced from ER precursors (16). 

Each of the four genetic backgrounds tested showed the presence of Δ6 acyl groups in 

PG, and the mol% fraction of the Δ6 acyl groups in PG increased in the Myc-Δ6D ats1-1 

background, which is deficient in the plastid pathway (Figure 2.5A inset) and in which the import 

of ER-derived lipid species is increased. Lipids were also analyzed from isolated chloroplasts in 

Figure 2.5 Distribution of Δ6 Acyl Groups Among Polar Glycerolipids. (A) The distribution of Δ6 acyl groups 

among the different polar glycerolipids is shown as a % of the total Δ6 acyl groups in all of the polar lipids. (B) The 
% of Δ6 acyl groups in each position of the glycerol backbone is shown for each lipid in the Δ6D transgenic wild-
type (WT) background. Student's t-test was performed comparing each lipid to whole leaf PC, n = 3-7 for isolated 
chloroplast samples, and n = 3-4 for whole leaf samples, * p-value < 0.05. (C) The 18:4 containing MGDG species 
are shown as relative % of total MGDG ion counts. 34:7 (18:4/16:3), 36:7 (18:4/18:3), 36:8 (18:4/18:4), n = 8. 
Abbreviations as in the Figure 3 legend. All error bars denote SD. 
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order to observe the presence of Δ6 acyl groups specifically in plastid PG, and Δ6 acyl group 

presence was corroborated (Figure 2.5B).  

 

Δ6 Acyl Groups in Thylakoid Lipids Are Evenly Distributed Between the Glyceryl sn-1 

and sn-2 Positions.  

Based on the substrate preference of the Δ6D for the acyl group at the sn-2 position of PC (30, 

31), Δ6 acyl groups were expected to be predominantly present in the sn-2 position of 

chloroplast lipids, assuming that the chloroplast-imported lipid species containing Δ6 acyl 

groups is derived without remodeling from PC assembled at the ER. Positional analysis of PC 

from both whole leaf tissue and isolated chloroplasts showed a positional distribution of Δ6 acyl 

groups with approximately 90% being in the sn-2 position (Figure 2.5B). However, the four 

thylakoid lipids differed from PC with Δ6 acyl groups being nearly equally abundant in the sn-1 

and sn-2 positions (Figure 2.5B).  

Phosphatidic acid (PA) is a crucial intermediate of lipid assembly and a proposed lipid 

species imported into plastids (36). Therefore, PA was isolated from whole leaf tissues and 

isolated chloroplasts and subjected to positional analysis. PA from whole leaf tissues showed a 

similar profile to PC with the majority of Δ6 acyl groups in the sn-2 position, while PA from 

isolated chloroplasts had an altered distribution of Δ6 acyl groups in the sn-1 and sn-2 positions 

more similar to that of the chloroplast lipids (Figure 2.5B). This result suggests that the observed 

plastid PA is not directly or exclusively derived from extraplastidic PC, and that at least a 

fraction of PA either imported or assembled in the plastid is likely remodeled by acyl editing. 

 

SDA and 16:3 Are Found in the Same MGDG Molecule.  

The acyl group compositional analysis of bulk lipids shown above does not provide information 

on the presence of different acyl groups within a single molecule. We hypothesized that direct 

evidence for acyl editing will be immediately apparent if exclusively ER- and plastid-derived acyl 
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Figure 2.6 Ion Chromatograms for MGDG. The fragmented and the parent ion chromatograms used to identify 

34:7 MGDG are shown. 
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groups are found in the same chloroplast lipid molecule. Therefore, liquid chromatography mass 

spectrometry (LC/MS) performed on lipids extracted from transgenic plants with high levels of 

Δ6 acyl groups was employed to determine if 18:4 (SDA), derived from the ER, can be found in 

the same MGDG molecule as 16:3, an acyl group made exclusively in the chloroplast by the 

action of FAD5 (37). Focusing on the most abundant chloroplast lipid, 2% of MGDG was 

determined to be a 34:7 molecular species containing one 16:3 and one 18:4 acyl group each 

(Figure 2.5C & 2.6). As argued above, identification of this molecular species of MGDG provides 

strong supporting evidence for acyl editing of an exclusive chloroplast lipid with ER-derived acyl 

groups. 

 

The Effect of Myc-Δ6D on the Metabolism of Specific Lipids.  

A pulse-chase labeling experiment using whole leaves and 14C-acetate was conducted in order 

to determine if the rates of synthesis and turnover of specific polar lipids are affected by the 

presence of 15-18 mol% Δ6 acyl groups in Δ6D transgenic plants. Both the non-transgenic and 

transgenic plants showed similar patterns of 14C accumulation in each of the lipids during the 

pulse and the chase phases of the experiment (Figure 2.7A). However, the transgenic plants did 

incorporate approximately two-fold higher total levels of 14C-acetate per FW in polar lipids than 

non-transgenic plants (Figure 2.7B) suggesting an increase in the rate of fatty acid biosynthesis 

in the transgenic plants affecting all lipids. The amount of lipid per FW only slightly increased in 

transgenic plants (Figure 2.7C) suggesting lipid turnover was likely increased in transgenic 

plants to account for the two-fold higher radiolabeling.  

 

Discussion 

Differentiation of the two synthesis pathways for chloroplast lipids based on the specificities of 

the respective acyltransferases resulting in the glyceryl sn-2 position 16C/18C diagnostic rule 

has long been the accepted paradigm. For example, this distinction between lipid species 
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derived from the two pathways led to the conclusion that the majority of plastid PG is of plastid 

origin (16), despite the apparent contradiction that the ats1-1 mutant disrupted in the plastid 

pathway retains 75% of WT plastid PG levels (34, 35). The question was whether the ats1-1 

mutant had residual ATS1 acyl transferase activity in the plastid. Based on glycerol labeling of 

isolated ats1-1 chloroplasts, Xu and coworkers concluded that PA and PG are still being 

synthesized in chloroplasts of the ats1-1 mutant, even though the recombinant mutant protein 

had very little residual activity (35). Furthermore, when labeled palmitate was fed to leaves, its 

incorporation was similar in the ats1-1 mutant and the WT leading to the conclusion that the ER 

pathway is likely not responsible for maintaining the observed high plastid PG levels in the ats1-

1 mutant (35). However, the 16C acyl group palmitate may not be the right fatty acid substrate 

for detecting lipid precursor assembly at the ER and subsequent lipid import into plastids, 

because most chloroplast-imported lipid species contain only 18C acyl groups. Our current 

observation of an increase in Δ6 acyl groups in PG in the ats1-1 mutant background points 

Figure 2.7 
14

C-Acetate Labeling. (A) The results of a pulse-chase experiment with 
14

C-acetate are shown for 

polar lipids in both transgenic and non-transgenic plants in the WT background. (B) Levels of radiolabel 
incorporated per mg of tissue fresh weight (F.W.) after a 40 min pulse are shown for transgenic and non-
transgenic plants in the WT background. (C) Acyl amount (pg) per mg of tissue F.W. is shown for the same 
samples used in (B). For (B) and (C), Student's t-test was performed between Δ6D transgenic and non-
transgenic, n = 14, * p < 0.05. All error bars denote SD. PA, phosphatidic acid; other lipid abbreviations are as in 
the Figure 3 legend. 
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towards the incorporation of a fraction of acyl groups from the ER pathway into chloroplast PG 

(Figure 2.5A inset). Based on comparison of the ratio of Δ6 acyl groups-to-total acyl groups 

between MGDG and PG, we estimate this fraction for PG to be approximately 18% in the WT, 

although we cannot rule out an additional ATS1-independent assembly pathway for PA and PG 

as suggested by Xu and coworkers (35). Thus based on our analysis, which is independent of 

the 16C/18C rule, a substantial fraction of PG is derived from the ER. It should be noted that the 

majority of plastid PG contains an unusual C16 fatty acid at its sn-2, 16:1Δ3t, making it the target 

of a specific lipase, PLIP1 (29). The partial ER-origin of plastid PG in Arabidopsis is likely 

obscured using traditional approaches by specific acyl group remodeling of chloroplast PG but 

is clearly apparent in the Myc-Δ6D transgenic lines using the “tag and track” approach. 

The lipid “tag and track” approach also provided strong evidence for acyl editing of 

thylakoid lipids. The observed distribution of Δ6 acyl groups in PG, DGDG, MGDG, and SQDG 

with nearly equal distribution of Δ6 acyl groups between the sn-1 and sn-2 positions, while 90% 

of the Δ6 acyl groups in PC occupy the sn-2 position (Figure 2.5B), provided one piece of 

evidence. A second piece of evidence is the observation of SDA and 16:3 acyl groups in the 

same MGDG molecule as the first acyl group originates in the ER and the second in the plastid 

(Figure 2.5C). Acyl editing has been described for PC at the ER (27) or the plastid envelope 

(28), for plastid MGDG in Chlamydomonas (38), and recently for plastid PG during seed 

development (29). Each of these reactions are proposed to contribute to the export of acyl 

groups from the plastid. It should be noted that acyl editing within the chloroplast might be 

increased in Δ6D-producing plants triggered by the presence of unusual fatty acids in the 

thylakoid lipids. In fact, the increased incorporation of labeled acetate in transgenic plants 

(Figure 2.7B) in parallel with only slight increases in total acyl content (Figure 2.7C) may be an 

indication of higher lipid turnover in the transgenic lines compared to WT. Nevertheless, the lipid 

“tag and track” approach described here provides strong evidence for extensive acyl editing of 
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thylakoid lipids in the transgenic lines, which likely also occurs in WT leaves, but perhaps to a 

lower extent. 

The observed change in acyl group composition between PC in the ER or the outer 

plastid envelope and the thylakoid lipids might suggest that PC is not the source of the ER 

substrate for plastid lipid synthesis. PA has been proposed as the lipid species imported from 

the ER based on its specific binding to proteins of the TGD complex involved in chloroplast lipid 

import (39, 40). However, the positional analysis of PA was not conclusive because of its 

differing positional profiles between whole leaf PA and PA of isolated chloroplasts (Figure 2.5B). 

In both cases, we have to assume that the imported lipid species is modified by acyl editing, and 

this could be true for PC or PA derived from PC at the outer envelope leaving the question of 

the nature of the imported lipid species still unanswered. 

Based on the evidence provided by the lipid “tag and track” approach shown here, we 

propose a mechanism that includes a combination of direct backbone import and acyl editing 

within the chloroplast. Assuming that this mechanism based on Δ6D transgenic plants also 

applies to WT plants, one might call into question whether the glyceryl sn-2 position 16C/18C 

diagnostic rule for identifying relative fluxes through the ER and plastid pathways still holds true 

in view of the observed extensive chloroplast acyl editing in the transgenic lines. Evidence as 

outlined above suggests that plastid PG does not entirely follow this rule. However, the ”tag and 

track” approach shown here does not allow us to assess fully the extent of chloroplast acyl 

editing in WT plants, which could be much lower than in the transgenic plants that have lipids 

with unusual fatty acids that could trigger an acyl editing or repair response.  

 

Materials and Methods 

Plant Growth and Selection.  

Arabidopsis (Arabidopsis thaliana) were grown under a 16h light/8h dark cycle at 22°C/20°C 

(light/dark) with a light intensity of 100-120 μmol m-2s-1. The T1 generation of Δ6D plants was 
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screened by spraying 2-3 week-old soil grown plants with 0.01% Basta solution (BioWorld 1% 

stock, Cat#30632006). Subsequent screening was done by PCR with internal primers for Δ6D: 

forward - GAA GTT GTC GGG TAT GTG, reverse - CAT CCC ATT GTG GCT AAG. T2, T3, F3, 

and F4 populations were screened for stable transgenic lines by selection on MS medium (41) + 

1% sucrose containing 7mg/L glufosinate ammonium (Sigma Cat# 45520) and subsequent PCR 

screening with the aforementioned primers. Arabidopsis for organelle isolation were grown to 3-

4 weeks old on 150x15mm petri plates containing MS medium + 1% sucrose with approximately 

30 mg of seed per plate. 

Nicotiniana benthamiana were grown under a 16h light/8h dark cycle at a constant 25°C 

with a light intensity of 100-120 μmol m-2s-1. 

 

Δ6D Plasmid Construction.  

Δ6D coding sequence (30) was amplified from the p35-d6Physco plasmid provided by Dr. 

Simone Zäuner using primers compatible for use in the pENTR D-TOPO (Thermo Fisher) entry 

vector and subsequent cloning into both pEarleyGate101 and pEarleyGate203 (32) destination 

vectors. The same forward primer was used for amplification intended for both pEarleyGate 

destination vectors: CAC CAT GGT ATT CGC GGG CGG T. A reverse primer containing a stop 

codon was used for pEarleyGate203: TTA ACT GGT GGT AGC ATG CTG CT, and a reverse 

primer with no stop codon was used for pEarleyGate101: ACT GGT GGT AGC ATG CTG CTC 

T. For yeast expression, a N-terminal Myc tag and a BamHI site were added by PCR using the 

forward primer: GAC GGA TCC AAA ATG GAA CAG AAG TTG ATT TCC GAA GAA GAC CTC 

ATG GTA TTC GCG GGC, and an ApaI site was added with the reverse primer: TTA GGG 

CCC TTA ACT GGT GGT AGC ATG. BamHI and ApaI restriction enzymes were used to clone 

the PCR product into the yeast expression vector, pESC-His and create Δ6D pESC-His.  
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Arabidopsis Transgenic Lines.  

Arabidopsis Columbia-2 (Col-2) and fad3-2 plants were transformed with Δ6D pEarleyGate203 

using the floral dip method as described in (42). Four lines from each background were chosen 

for further analysis based on total GLA and SDA content. The four lines in the WT Col-2 

background were also crossed with the ats1-1 and tgd1-1 mutants. Four lines from independent 

crosses in each of these mutant backgrounds were also chosen for further analysis based on 

total GLA and SDA content. 

 

Nicotiniana benthamiana Transient Expression.  

Transient expression of Δ6D pEarleyGate101 was performed according to (43). 

 

Recombinant Protein Production in Saccharomyces cerevisiae.  

Δ6D pESC-His and pESC-His empty vector were introduced into S. cerevisiae (InvSc1) using 

the Frozen EZ Yeast Transformation II kit from Zymo. Yeast cultures were grown in SD-His 

selection medium to OD600 = 0.4-0.6, and the cells were then pelleted and resuspended in the 

same volume of YPG induction medium. Cells were harvested at 0, 4, 8 and 24 h after induction 

and used for protein extraction as described in (44). 

 

Confocal Microscopy.  

Confocal imaging was performed on 4-6 week-old tobacco leaves 36 hours post infiltration of 

agrobacterium culture using a Nikon A1Rsi confocal laser scanning microscope. YFP fusions 

were excited at 514 nm, and the emissions were detected with a 530-600 nm band pass filter. 

Chlorophylls were excited at 647 nm, and the emissions were detected with a 660 nm long pass 

filter. Images were merged and pseudocolored using Nikon NIS Elements AR software (version 

4.30.01). 
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Organelle Isolation and Protein Preparation.  

3-5 plates of 3-4 week old seedlings (details above) were used for each chloroplast and ER 

isolation. Chloroplast isolation was carried out as described in (22), while ER and protein 

extraction were carried out as described here. Protein was extracted from the isolated 

chloroplasts by adding 200 μL of extraction buffer (0.1 M Tris-HCl pH6.8, 1% SDS, 15% 

glycerol, 5% 2-mercaptoethanol) to approximately 250 μg chlorophyll equivalents of pelleted 

chloroplasts. The chloroplast suspension was heated to 95°C for 10 min and re-pelleted in a 

microfuge at 14000 x g for 5 min. The supernatant was transferred to a new tube and mixed 1:1 

with 2X SDS-PAGE sample buffer (0.1 M Tris-HCl pH6.8, 4% SDS, 20% glycerol, 10% 2-

mercaptoethanol, 0.05% bromophenol blue) before loading on a protein gel. ER isolation was 

done by grinding seedlings and 20 mL of ER grinding buffer (10 mM 2-mercaptoethanol, 5 mM 

EDTA, 10mM Tris-HCl pH7.5) plus 2 cOmplete, mini, EDTA-free protease inhibitor tablets 

(Roche) into a paste with a mortar and pestle on ice. The whole procedure was carried out on 

ice or at 4°C. Solid tissue was filtered out through a double layer of Miracloth, and the liquid was 

centrifuged at 3000 x g for 5 min. The supernatant was centrifuged again at 12,000 x g for 10 

min and then again at 100,000 x g for 10 min. The pellet was resuspended in 300 μL of ER 

grinding buffer and loaded onto a step gradient of 5 mL 25% sucrose in ER grinding buffer and 

5 mL 18% sucrose in ER grinding buffer and then centrifuged at 100,000 x g for 1 h. The 

interface was collected into a new tube, diluted with 10 mL of ER grinding buffer, and 

centrifuged at 100,000 x g for 10 min. The final pellet was resuspended in 100 μL of import 

buffer (330 mM sorbitol, 50 mM HEPES pH 8.0-KOH) and mixed 1:1 with 2X SDS-PAGE 

sample buffer before loading on a protein gel. 

 

SDS-PAGE and Immuno Blotting.  

Protein samples (15 μg plant protein extracts or 20 μL of 32-fold diluted yeast protein extract) 

were run on 10% Mini-Protean TGX 10 well, 50μL gels (BioRad cat# 4561034). Gels were either 
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subjected to Coomassie Brilliant Blue stain or used for transfer to polyvinylidene fluoride 

membrane (90 V for 50 min at 4°C). Blocking of membranes was done in 5% milk in TBST (20 

mM Tris-HCl pH 7.5, 150 mM NaCl, 0.05% TWEEN 20) while all antibody incubations were 

done in 5% BSA in TBST (filter sterilized). The primary antibody used for a chloroplast marker 

was rabbit αOE33 (Agrisera Cat#AS14 2824), 1:5000. The primary antibody for an ER marker 

was rabbit αBIP (Santa Cruz Biotech Cat#sc33757, lot#H1806), 1:200. The primary antibody for 

detection of Myc-Δ6D was rabbit αMyc (Cell Signaling Cat#2278, Lot#5), 1:1000. The same 

secondary antibody was used in all cases, goat-anti-rabbit HRP, 1:10000. Visualization 

substrate used for αOE33 and αBIP membranes was Clarity Western ECL substrate (BioRad 

Cat# 1705060). A more sensitive substrate was needed for detection of Myc-Δ6D, so 

SuperSignal West Dura substrate (Thermo Fisher Cat#34075) was used. 

 

Lipid Analysis.  

Whole tissue lipid analysis was done by subjecting leaf tissue to fatty acid methyl ester (FAME) 

preparation as described in (45). Lipid extraction, TLC separation, FAME preparation for scrape 

silica, and GC analysis were also carried out as described in (45). Modifications to the 

referenced protocol are noted as follows. The FAME preparation for whole tissue lipid analysis 

was started with whole leaf tissue rather than scraped silica. The 80°C incubation step for whole 

leaf FAME preparation was extended to 45 min. For TLC separation of individual lipids, Sil G-25 

20x20 TLC plates (Macherey Nagal Cat#809013) were treated with 0.15M ammonium sulfate 

solution at least 2 days prior to use and baked at 250°C for 2.5 h directly before use. 

 

Positional Analysis.  

Positional analysis was carried out by first extracting lipids from both isolated chloroplasts and 

whole leaf tissue and running them on a TLC as described above for all lipids except PA. The 

TLC solvent system of chloroform:methanol:concentrated ammonium hydroxide (65:25:5 v/v/v) 
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was used for PA separation. Silica from areas with the desired lipids was scraped into tubes and 

re-extracted with 2 mL of methanol:chloroform (2:1 v/v) and then 1 mL of 0.2 M H3PO4, 1 M KCl. 

The organic layer was filtered through glass wool and dried under a nitrogen gas stream. Lipids 

were resuspended in 300 μL PBS (phosphate-buffered saline), 1% Triton X-100 and sonicated 

3 x 10 s at power level 0.5. 10 μL of 4 mg/mL Rhizopus lipase stock solution in PBS was added 

to the lipid suspension and incubated at room temperature for 1 h. Lipids were extracted with 

1.1 mL methanol:chloroform (2:1 v/v) and then 400 μL 0.2 M H3PO4, 1 M KCl. The organic layer 

was concentrated under a nitrogen gas stream and run on an ammonium sulfate treated TLC. 

MGDG, DGDG, PG, SQDG, and PA were run with acetone:toluene:water (91:30:7 v/v/v) 

solvent, and PC was run with chloroform:methanol:acetic acid:water (60:30:8:5 v/v/v/v).  

 

Lipid preparation and LC/MS measurement.  

Total lipids were extracted from 100 mg (fresh weight) leaf tissue high Δ6 acyl producing plants 

with 1 mL of an extraction buffer composed of methyl-tertiary-butyl-ether:methanol (3:1 v/v). 

Samples were shaken vigorously for 5 min, and 500 μL of water:methanol (3:1 v/v) was added 

and well mixed. Phases were completely separated by 5 min centrifugation at 15,000xg. The 

upper phase of the separation was isolated and dried by nitrogen gas. The concentrated lipids 

were finally resuspended in 100 µl acetonitrile:isopropanol (7:3 v/v) and diluted 30-fold for 

LC/MS measurement. 

The LC/MS measurement method was modified from (46). Lipid samples were analyzed 

using a Waters Xevo G2-XS Q-TOF mass spectrometer interfaced with a Waters Acquity binary 

solvent manager and Waters 2777c autosampler. 10 µl samples were injected onto an Acquity 

UPLC CSH C18 column (100 x 2.1 741 mm, Waters Corp) held at 55˚C. The mobile phases 

consist of 0.1% acetic acid and 10 mM NH4OAc in water (Solvent A) and methanol/isopropanol 

(7:3, v/v containing 0.1% acetic acid and 10 mM NH4OAc ) (Solvent B). A gradient of mobile 

phase was applied in a 20-min program with a flow rate of 0.4 ml / min. The gradient profile was 
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performed as follows: hold for one min after injection at 45% A / 55% B, followed by a one-

minute linear ramp to 25% A / 75% B and another two-minute linear ramp to 11% A / 89% B. 

Then, a 13-minute linear gradient was applied to further decrease to 1% A/ 99% B and 

equilibrate for one minute, followed by a two-minute isocratic period at 45% A / 55% B. LC 

separated analytes were ionized by negative ion mode electrospray ionization and mass spectra 

were acquired using an MSe method in continuum mode over m/z 50 to 1500 to provide data 

under non-fragmenting and fragmenting conditions (collision energy ramp from 20-80 V).   

Processing and alignment of chromatograms, peak identification and integration were 

performed using Progenesis QI (version 2.2). MGDG peaks were filtered out from all peaks 

based on their m/z and their expected retention time. The acyl composition of the MGDG peaks 

was determined by identification of the fragmented fatty acid ions (the m/z value of SDA is 

275.21). The ion intensities of SDA containing MGDG species were normalized to the ion 

intensity of all identified MGDG species. 

 

Radiolabeling.  

The leaf pulse-chase was performed as described in (29) with adjustments noted as follows. MS 

salts and vitamins were added to the incubation medium, and the medium was filter-sterilized 

before use or addition of 14C-acetate. Incorporation levels per mg of tissue were determined in a 

separate experiment following the same general protocol as for the pulse-chase, but the only 

time point taken was the 40 min pulse time point. 10 μL of the lipid extract was also directly 

used for scintillation counting instead of running on TLC for individual lipid separation. 
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Abstract 

Chloroplasts are often isolated to allow for studies which are free of the influence of all other 

components. Here I investigate the effect of lipid composition on the stability of isolated 

chloroplasts during extended experiments by comparing chloroplasts of wild-type Arabidopsis to 

those of three lipid metabolism mutants, sfr2-3, tgd1-1, and sfr2-3 tgd1-1. The results suggest 

both the presence of oligogalactolipids and the double bond index of the acyl groups have an 

effect on isolated chloroplast stability, but the double bond index seems to have a stronger and 

dominant effect. 

 

Introduction 

Chloroplasts are the complex organelles which house the machinery required to carry out 

photosynthesis. They have a unique double membrane as an envelope, the outer and the inner 

envelope membrane, enclosing the extensive thylakoid membranes, which contain the 

photosynthetic protein complexes embedded in lipids. In addition to photosynthesis, 

chloroplasts also carry out much of the lipid metabolism within the plant cell (1). Fatty acids are 

produced in the chloroplast and are either used within the organelle for glycerolipid biosynthesis 

or are exported for glycerolipid biosynthesis in the endoplasmic reticulum (ER) (1, 2). The 

glycerolipid precursors produced in both the chloroplast and the ER serve in the assembly of 

glycerolipids with galactose sugar head groups which are exclusive to the chloroplast under 

normal growth conditions (3).  

The combination of the presence of specialized chloroplast lipids and the unique 

membrane arrangement allow each subchloroplast membrane to have a different lipid 

composition. The outer envelope, which is the most permeable membrane (4), is the only 

chloroplast membrane which contains phosphatidylcholine (PC) above levels of contamination 

from ER membranes during isolation (5, 6). PC is actually located specifically in the outer leaflet 

of the outer envelope membrane but makes up as much as 40% of the total lipid composition of 
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the outer envelope membrane (5, 7). Both envelopes as well as the thylakoid membranes are 

composed of substantial quantities of the galactolipids, monogalactosyldiacylglycerol (MGDG) 

and digalactosyldiacylglycerol (DGDG), with all three membranes containing close to 30% 

DGDG and levels of MGDG increasing from close to 10% in the outer envelope to up to 50% in 

the inner envelope or 65% in the thylakoid membranes (7). Because chloroplasts are largely 

lacking in phospholipids abundantly found in extraplastidic membranes, phosphatidylinositol 

(PI), phosphatidylethanolamine (PE), and phosphatidylserine (PS), the only other major lipids 

found in the chloroplast are the sulfolipid, sulfoquinovosyldiacylglycerol (SQDG), and 

phosphatidylglycerol (PG) (7). SQDG and PG occur in the range of 5-15% in each chloroplast 

membrane, and are slightly more abundant in the thylakoid membranes (7). 

Because of the unique biochemistry which takes place within the chloroplasts, these 

organelles are often isolated for further study of everything from photosynthesis and protein 

import to lipid metabolism. During my studies done with isolated chloroplasts from Arabidopsis 

mutants disrupted in lipid metabolism, tgd1-1 and sfr2-3, I observed that chloroplasts with 

different lipid composition were more or less stable over time when compared to those isolated 

from wild-type (WT) plants. Aside from practical experimental implications, the further study of 

this phenomenon may provide novel insights into the physiological function of specific 

chloroplast lipids. The tgd1-1 mutant caries a leaky allele and is impaired in ER to chloroplast 

lipid transport which is known to affect the ratio of 16C to 18C fatty acids. It was named for its 

constitutive production of oligogalactolipids, specifically trigalactosyldiacylglycerol (8, 9). The 

production of oligogalactolipids is due to the activation of SFR2 (Sensitive to Freezing 2), which 

removes galactose head groups from MGDG and repeatedly adds them to other MGDG 

moieties to make oligogalactolipids of which hexagalactosyldiacylglycerol is currently known as 

the oligogalactolipid with the most galactosyl residues in its head group (10, 11). While the tgd1-

1 mutant has a constitutively activated SFR2 for not yet known reasons (8, 9), chloroplasts 

isolated from WT plants also have SFR2 activated (12). The sfr2-3 mutant lacks functional 
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SFR2 and, therefore, cannot produce oligogalactolipids even after chloroplast isolation. Thus 

studying these mutants, I hoped to address the question of whether oligogalactolipids stabilize 

chloroplasts.  

Once isolated, chloroplasts remain intact for a limited amount of time before breaking. 

For this reason, experiments requiring isolated chloroplasts to maintain the integrity of their 

membranes for the duration of the experiment are limited to short time spans of usually less 

than 1-2 hrs. Depending on the type of experiment being conducted, the chloroplasts of different 

mutants may need to be compared to those of WT. In the case of lipid metabolism mutants, 

there is a question of whether the isolated chloroplasts of plants with altered lipid composition 

remain intact for the same amount of time as those of wild type. Different levels of chloroplast 

breakage could potentially alter the conditions of experiments by leaking stromal contents into 

the buffer system as well as giving proteins access to compounds in membranes with which 

they do not normally come in contact. Overall, the aim of this study was to identify the 

differences in chloroplast intactness over time between isolated chloroplasts of Arabidopsis with 

different lipid compositions using specific mutants and to correlate these differences with the 

lipid phenotype through detailed lipid analysis of isolated chloroplasts. I expected to gain novel 

insights into the function of specific lipids and to develop a novel system to study the 

physiological function of chloroplast membrane lipids. 

 

Results 

Isolated Chloroplasts With Altered Lipid Composition and Metabolism Differ in Stability. 

In order to determine if the experimental conditions for isolated chloroplasts with altered lipid 

composition are similar to those of wild type, the percentage of chloroplasts which remain intact 

after a 2 h room temperature incubation was determined for WT, tgd1-1, sfr2-3, and sfr2-3 tgd1-

1 chloroplasts (Figure 3.1A). As noted above, tgd1-1 plants are defective in ER to chloroplast 

lipid transport causing an increase in 16C to 18C ratio as well as production of TGDG and other 
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oligogalactolipids (8, 9). The sfr2-3 mutant is known to be more similar to WT in its lipid 

composition other than the inability to produce oligogalactolipids under inducing conditions (11, 

13), and the sfr2-3 tgd1-1 mutant was included to distinguish between chloroplast stability 

differences caused by oligogalactolipid production or the lipid compositional changes specific to 

the tgd1-1 mutant. Chloroplasts were aliquoted into equal chlorophyll equivalents for the 

experiment. After 2 h at room temperature in the light, chloroplasts remaining intact were re-

isolated on Percoll cushions, and their chlorophyll was extracted and measured. The chlorophyll 

content of re-isolated chloroplasts was compared to the chlorophyll content of aliquots of the 

same type, which had not been re-isolated after the 2 h incubation in order to determine the 

percentage of chloroplasts which remained intact. Approximately 25% of the WT chloroplasts 

were intact after 2 h compared to less than 15% of sfr2-3 chloroplasts (Figure 3.1A). In contrast, 

approximately 30% of the tgd1-1 and sfr2-3 tgd1-1 mutant chloroplasts could be re-isolated after 

the incubation period (Figure 3.1A).  

 

WT and tgd1-1 Mutant Chloroplasts Show No Differences in Size or Production of Lipid 

Oxidation Products. 

Other than lipid composition, presumably differences in size of the chloroplasts or amounts of 

reactive oxygen species (ROS) produced could affect the stability of chloroplasts in solution. In 

order to check the size of the isolated chloroplasts, they were extracted from WT, tgd1-1, and 

Figure 3.1 Measurement of Properties of Isolated Chloroplasts. (A) The percent of chloroplasts which 

remained intact after a 2 h incubation period is shown for chloroplasts from WT and each mutant. WT, n = 41; 
sfr2-3, n = 22; tgd1-1, n = 44; sfr2-3 tgd1-1, n = 4. (B) The average area of the isolated chloroplasts is shown. 
185 ≤ n ≤ 222. (C) The MDA equivalents measured for WT and tgd1-1 are shown for 0 and 1 hour after initial 
isolation. MDA, malondialdehyde. n = 3. All error bars denote SD. Student's t-test was performed comparing 
mutant to wild-type (WT) results, * p < 0.05.  
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sfr2-3 plants and examined under a light microscope. A series of pictures were captured for 

chloroplasts of each type, and ImageJ was used to determine the apparent area projections of 

individual chloroplasts. Based on this measure, no apparent size differences were seen 

between the WT and mutant chloroplasts (Figure 3.1B). For the ROS measurement, a TBARS 

(thiobarbituric acid reactive substances) assay was used, which measures the malondialdehyde 

(MDA) content (14). MDA is formed by some lipid peroxidation products, so this method is a 

general estimate of lipid oxidation levels (14, 15). Only WT and tgd1-1 chloroplasts were used 

for this assay as representative samples. Results showed no differences in MDA levels between 

WT and mutant chloroplasts (Figure 3.1C). 

 

Polar Lipid Amounts Change in the Chloroplasts from Different Mutant Backgrounds 

While analysis of the polar lipids in whole leaves for the WT, sfr2-3, tgd1-1, and sfr2-3 tgd1-1 

plants has been published (8, 9, 11, 13, 16), these analyses needed to be repeated on isolated 

chloroplasts in order to determine how chloroplast specific differences in lipid composition might 

affect chloroplast intactness. Chloroplast amounts used for lipid measurement were aliquoted 

based on chlorophyll equivalents, and the lipids were extracted and used for polar lipid analysis. 

When the amounts of polar lipid species were analyzed as a percent of the total polar lipid 

amount, not many statistical differences were seen between WT and the three mutants, but the 

tgd1-1 and sfr2-3 tgd1-1 mutants did show small increases in the percentage of PC or 

oligogalactolipids (Figure 3.2A). It should be noted that the solvent, which was used for polar 

lipid separation, could not separate the oligogalactolipids of higher order than TGDG from PC 

(Figure 3.2D). Therefore, the apparent increase in PC could also indicate an increase in 

oligogalactolipids, although, this would not be expected to be the case in the sfr2-3 tgd1-1 

chloroplasts as they lack functional SFR2 protein. The solvent system also could not always 

resolve TGDG from PE and PI (Figure 3.2D). Therefore, all three lipids were consistently 

isolated together. The amount of lipid detected for the PE+PI+TGDG spot appeared to be 
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Figure 3.2 Polar Lipid Analysis. The individual polar lipid amounts are represented as a percent of total polar 

lipid. (A) and as pmol per 200 μg chlorophyll (B) n = 3. (C) TGDG and other oligogalactolipid amounts are show 
as fmol per 200 μg chlorophyll, n = 3. (D) Polar lipid separation on TLC for chloroplasts 0 and 1 hr after isolation is 
shown with both iodine (all lipid) and α-naphthol (glyclolipid) stains. 1, PA, phosphatidic acid; 2, MGDG, 
monogalactosyldiacylglycerol; 3, PG, phosphatidylglycerol; 4, DGDG, diglactosyldiacylglycerol; 5, SQDG, 
sulfoquinovosyldiacylglycerol; 6, PE+PI+TGDG, phosphatidylethanolamine+phosphatidylinsitol+trigalactosyl-
diacylglycerol; 7, PC+Oligogalactolipid, phosphatidylcholine; Oligo, oligogalactolipid. Error bars denote SD. 
Student's t-test was performed comparing mutant to wild-type (WT) results, * p < 0.05, ** p < 0.005.  
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increased in the tgd1-1 mutant based on visual examination of the TLC plates (Figure 3.2D) as 

would be expected with constitutive production of TGDG, but with n = 3, the apparent difference 

was not statistically significant (Figure 3.2A).  

The polar lipid amounts were also represented as absolute amounts normalized to the 

chlorophyll equivalents used for analysis (Figure 3.2B). While no differences in polar lipid 

amounts were detected between WT and sfr2-3 chloroplasts, the tgd1-1 and sfr2-3 tgd1-1 

chloroplasts showed increased total polar lipids (relative to chlorophyll) due to increases in 

MGDG, PG, and PC+oligogalactolipid (Figure 3.2B). As for the representation as relative mol% 

fractions, the PE+PI+TGDG visually seemed to be increased in the tgd1-1 mutant background 

(Figure 3.2D), but again, this difference was not statistically significant (Figure 3.2B). This 

increase in absolute amounts of polar lipids for tgd1-1 and sfr2-3 tgd1-1 chloroplasts is opposite 

of the results obtained previously for leaf tissues based on dry weight (16). The tgd1-1 mutant 

plants are known to be slightly paler than WT plants (8, 9), so this increase is probably an 

indication of decreased pigment in the chloroplasts rather than increased lipid since these 

results are normalized to chlorophyll equivalents. It should be noted that while the tgd1-1 plants 

appear pale, previously performed ultrastructural studies showed no differences in the 

appearance or abundance of the thylakoid membranes (8). 

In order to get a better measure of TGDG and the other oligogalactolipids, a different 

solvent system was used to resolve and analyze them separately. The sfr2-3 chloroplasts 

showed a small base level of TGDG and higher order oligogalactolipids, which was probably 

due to slight overlap with PA on the TLC plate (Figure 3.2C). The WT chloroplasts had 

detectable amounts above the sfr2-3 background levels of TGDG but not higher order 

oligogalactolipids (Figure 3.2C), which was expected based on the known activation of SFR2 

upon isolation of chloroplasts (12). The tgd1-1 chloroplasts had significantly increased levels of 

both TGDG and higher order oligogalactolipids compared to WT levels as expected with 

constitutively active SFR2 (Figure 3.2C). 
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The appearance of lyso-lipids was also examined on the polar lipid TLC plates. WT, sfr2-

3, and tgd1-1 chloroplast lipids were extracted from chloroplast aliquots immediately after 

isolation as well as after a 1 hr room temperature incubation. It was expected that chloroplasts 

which retained lower levels of intactness over time, like those of the sfr2-3 mutant, may show 

signs of lipid degradation, but no lyso-lipids were detectable for any of the types of chloroplasts 

before or after the 1 h incubation (Figure 3.2D). 

 

The Fatty Acid Ratios in Polar Lipids Change as Expected for the Different Mutant 

Backgrounds. 

Detailed analysis of the mole percentages of different fatty acids in each polar lipid was 

determined for WT, sfr2-3, tgd1-1, and sfr2-3 tgd1-1 isolated chloroplasts (Figure 3.3). No 

differences were detected in the fatty acid composition of any lipids between the WT and sf2-3 

chloroplasts (Figure 3.3). This result for isolated chloroplasts  is consistent with the published 

results analyzing lipids of whole leaves under normal growth conditions (11, 13). The tgd1-1 and 

sfr2-3 tgd1-1 mutant chloroplasts showed decreases in 18:3 (carbon #: double bond #) and 

increases in 18:1Δ9 (Δ# = double bond position from the carboxyl end) in all lipids except 

PE+PI+TGDG in the tgd1-1 background did not show the decrease in 18:3 (Figure 3.3). PG, 

DGDG, and PC+oligogalactolipids also had increased 16:3 levels in the tgd1-1 and sfr2-3 tgd1-

1 chloroplasts, while 16:3 was decreased in MGDG (Figure 3.3). Also in these two types of 

chloroplasts, both MGDG and DGDG showed increased 16:0, 16:1, and 16:2 levels, while 

PC+oligogalactolipids had increased 16:1 and 16:2 but decreased 16:0 levels (Figure 3.3). All of 

these fatty acid changes were consistent with what is known about the tgd1-1 mutant and 

indicated that the lipid phenotype of sfr2-3 tgd1-1 replicates that of tgd1-1 in all aspects but 

oligogalactolipid production (8, 9). 
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Figure 3.3 Acyl Group Profiles for Polar Lipids. The fractions of different acyl groups are shown as mole 

fractions for each polar lipid. PA, phosphatidic acid; MGDG, monogalactosyldiacylglycerol; PG, 
phosphatidylglycerol; DGDG, diglactosyldiacylglycerol; SQDG, sulfoquinovosyldiacylglycerol; PE+PI+TGDG, 
phosphatidylethanolamine+phosphatidylinsitol+trigalactosyldiacylglycerol; PC+Oligogalactolipid, phosphatidyl-
choline. Error bars denote SD and n = 3. Student's t-test was performed comparing mutant to wild-type (WT) 
results, * p < 0.05, ** p < 0.005. 
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Chloroplasts from plants with the tgd1-1 Mutation Have Changes in Double Bond Index 

as well as 16C to 18C and MGDG to DGDG Ratios 

In order to get a more complete view of the chloroplast lipid composition differences between 

WT, sfr2-3, tgd1-1, and sfr2-3 tgd1-1 chloroplasts, the double bond index (DBI) and both 16C to 

18C and MGDG to DGDG ratios were calculated. The DBI represents the level of unsaturation 

of the acyl groups with a lower number meaning fewer double bonds and, therefore, less 

unsaturation. The DBI of all polar lipids was the same between WT and sfr2-3, but tgd1-1 and 

sfr2-3 tgd1-1 both had similar decreases in the DBI of MGDG, PG, DGDG, and SQDG (Figure 

3.4A). No changes were seen in either 16C to 18C or MGDG to DGDG ratio between WT and 

sfr2-3 chloroplasts (Figure 3.4B&C). However, both the tgd1-1 and sfr2-3 tgd1-1 chloroplasts 

had increased 16C to 18C ratios for MGDG, DGDG, and SQDG (Figure 3.4B), which is 

consistent with published data for tgd1-1 (17). The MGDG to DGDG ratio was significantly 

increased in the tgd1-1 chloroplasts, but the sfr2-3 tgd1-1 chloroplasts did not show a 

statistically significant increase in this ratio with only n = 3 (Figure 3.4C). It should be noted that 

the MGDG to DGDG ratio was neither statistically significant from WT nor tgd1-1. 

 

Discussion 

Assays done with isolated chloroplasts require much care to assure comparable conditions 

between samples as well as consideration as to how the conditions may change throughout the 

duration of the experiment. Here, isolated chloroplasts with different lipid compositions were 

shown to have different levels of stability over time (Figure 3.1A). Because size of the 

chloroplasts (Figure 3.1B) and levels of the lipid oxidation product, malondialdehyde (Figure 

3.1C), were unchanged between the different types of chloroplasts and no lipid degradation 

products were detected (Figure 3.2D), it is likely that the differences in lipid composition are the 

direct cause of the stability differences. However, because the method of re-isolation on a 

Percoll cushion cannot distinguish between chloroplasts truly remaining intact and chloroplasts 
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breaking to release stromal contents but then resealing, the stability differences measured here 

could also be differences in the ability of the membranes to reseal following damage. In order to 

distinguish between these two possibilities a different test for chloroplast intactness can be 

Figure 3.4 Lipid Related Ratios and Double Bond Index. (A) The 16C to 18C acyl composition of each polar 

lipid is shown for each type of chloroplast, n = 3. (B) The double bond index is shown for each polar lipid of each 
type of chloroplast, n = 3. (C) The MGDG to DGDG ratio is shown for each type of chloroplast, 3 ≤ n ≤ 6. PA, 
phosphatidic acid; MGDG, monogalactosyldiacylglycerol; PG, phosphatidylglycerol; DGDG, diglactosyl-
diacylglycerol; SQDG, sulfoquinovosyldiacylglycerol; PE+PI+TGDG, phosphatidylethanolamine+phosphatidyl-
insitol+trigalactosyldiacylglycerol; PC+Oligogalactolipid, phosphatidylcholine. Error bars denote SD. Student's t-
test was performed comparing mutant to wild-type (WT) results, * p < 0.05, ** p < 0.005. 

 



82 
 

used. For example, a test which measures for enzyme activity which is normally associated with 

the stroma of chloroplasts, such as 6-phosphogluconate dehydrogenase, in the buffer (18), 

might provide information about stroma leakage as a consequence of chloroplast rupture 

followed by resealing. 

Even without further study using a different intactness test, the current results indicate 

that the differences in lipid composition of the chloroplasts are causing the chloroplasts to act 

differently once isolated. The only lipid change between WT and sfr2-3 chloroplasts is the 

reduced amount of TGDG (Figure 3.2C). Since the sfr2-3 chloroplasts are more prone to 

breakage than those of WT (Figure 3.1A), TGDG and higher order oligogalactolipids must be 

able to confer stability to the membrane whether that be prevention of breakage or the ability to 

reseal. SFR2 is activated under freezing conditions, which can disrupt cellular membranes (11), 

so it is understandable that oligogalactolipids would serve to protect the intactness of the 

membrane. 

In contrast to the sfr2-3 chloroplasts, chloroplasts from tgd1-1 and sfr2-3 tgd1-1 show 

increased stability once isolated when compared to WT chloroplasts (Figure 3.1A). Because the 

sfr2-3 tgd1-1 chloroplasts resemble the phenotype of tgd1-1 rather than that of sfr2-3, 

something other than the presence of oligogalactolipids must affect the stability of isolated 

chloroplasts, and it must be able to completely compensate for lack of oligogalactolipids. Both 

tgd1-1 and sfr2-3 tgd1-1 chloroplasts have decreased DBI in certain lipids (Figure 3.4A), an 

increased 16C to 18C ratio (Figure 3.4B), and increased ratios of lipid to chlorophyll (Figure 

3.2B). The tgd1-1 chloroplasts also show an increased MGDG:DGDG ratio, while the results for 

sfr2-3 tgd1-1 were inconclusive (Figure 3.4B). Since there is no indication of decreased 

amounts of membrane damaging lipid oxidation in tgd1-1 (Figure 3.1C), it is unlikely the stability 

is due to less chlorophyll and photosynthetic activity. Also, MGDG is a non-bilayer forming lipid, 

so an increased MGDG to DGDG ratio would more likely destabilize a membrane than stabilize 

it. This leaves the decreased DBI and increased 16C to 18C ratio as the most likely reasons for 
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increased chloroplast stability following isolation. Study of the effect of unsaturation levels on 

the propensity for MGDG to form the hexagonal-II phase rather than a bilayer has shown that 

decreased levels of unsaturation result in reduced formation of the hexagonal-II phase (19). The 

degree of unsaturation has this effect on MGDG because fewer double bonds allow for the acyl 

chains to take up less space and help to balance the smaller head group to form more of a 

cylindrical than a cone shape. The levels of unsaturation are not known to have an effect on 

bilayer formation for PG, DGDG, or SQDG (19). The decreased DBI in MGDG for tgd1-1 and 

sfr2-3 tgd1-1 chloroplasts indicates a lower degree of unsaturation (Figure 3.4A). Therefore, 

MGDG would presumably be less likely to form a hexagonal-II phase  thereby decreasing the 

probability of chloroplast disruption during phase transition of the membrane. It is also possible 

that an increase in shorter acyl chains, like 16C, may have the same effect on MGDG because 

this may also decrease the amount of space occupied by the acyl chains. In order to further 

investigate how DBI and 16C to 18C ratio affect chloroplast membrane stability, the next step 

would be to run tests on chloroplasts isolated from ats1-1 mutants which have a decreased 16C 

to 18C ratio but a similar DBI of MGDG compared to WT (20, 21). Chloroplasts of the ats1-1 

mutant would be expected to have reduced stability compared to those of WT if the 16C to 18C 

ratio is at least partially responsible for the increased stability of tgd1-1 and sfr2-3 tgd1-1 

isolated chloroplasts or no change in stability, if DBI is the only factor responsible. 

This work on isolated chloroplasts speaks to how important lipid composition can be to 

the physical characteristics of membranes, but additional work needs to be done in order to 

substantiate the conclusions. Moving forward, data should be collected for chloroplasts from 

ats1-1 plants for all of the experiments already presented here. It is also important to perform a 

different type of intactness test, such as measurement for 6-phosphogluconic acid 

dehydrogenase activity release into buffer, in order to distinguish between actual resistance to 

breakage and the ability to reseal a broken membrane. Having these data in hand, it should be 

possible to determine the relative importance of the different factors discussed above for the 
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integrity of isolated chloroplasts and extrapolate these results towards the behavior of 

chloroplasts in intact plants exposed to different abiotic stresses that could affect membrane 

integrity. 

 

Materials and Methods 

Plant Growth and Genotyping  

Arabidopsis (Arabidopsis thaliana) were grown on petri plates containing MS medium as 

described for organelle isolation in Chapter 2. The genotypes of all of the mutant plants used for 

seed stock were also confirmed with established methods for both sfr2-3 and tgd1-1 mutations 

(9, 11). This confirmation of genotype was needed because plants with the tgd1-1 mutation in 

particular are prone to contamination due to poor pollen quality, so each plant from which seeds 

are collected and used must be checked to ensure homozygosity.   

 

Chloroplast Isolation 

Chloroplast isolation was carried out as described in Chapter 2. 

 

Chloroplast Intactness 

Isolated chloroplasts were aliquoted into 50 μg chlorophyll equivalents and pelleted by 

centrifugation at 700 x g for 5 min at 4°C. The pellets were resuspended in 50 μL of import 

buffer (330 mM sorbitol, 50 mM HEPES, pH 8.0 KOH) for 1 μg chlorophyll equivalents/μL import 

buffer. The chloroplast aliquots were incubated at room temperature in the light for 2 h. After 

incubation, half of the aliquots were centrifuged at 5000 rpm in a microfuge for 5 min at room 

temperature, and the pellet was extracted with 800 μL of methanol:chloroform (2:1 v/v). These 

aliquots were used to determine the absorbance at 652 nm, a measurement for chlorophyll, for 

the total amount of chloroplasts in each aliquot. The other half of the aliquots were loaded onto 

3 mL 40% Percoll cushions in import buffer and centrifuged at 1500 x g for 5 min at 4°C in order 
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to pellet only the chloroplasts which remained intact for the duration of the incubation. Each 

pellet was resuspended in 1 mL of import buffer, centrifuged at 5000 rpm in a microfuge for 5 

min at room temperature, and extracted with 800 μL of methanol:chloroform (2:1 v/v). The 

absorbance at 652 nm was measured for the re-isolated chloroplast extracts and taken as a 

percent of the total absorbance for the chloroplasts which were not re-isolated. This percent was 

considered the percent of chloroplasts which remained intact. 

 

Measurement of Chloroplast Area 

Isolated chloroplasts were centrifuged at 700 x g for 5 min at 4°C, and the pellets were 

resuspended in import buffer (same as above) to a concentration of 1 mg chlorophyll 

equivalents per mL import buffer. Images were taken using a Leica DMi8 inverted microscope 

and HCX PL S-APO 63x/1.30 oil objective. The area of individual chloroplasts was then 

determined from the images using ImageJ software for analysis. 

 

Measurement of Reactive Oxygen Species by TBARS 

Isolated chloroplasts were aliquoted into 50 μg chlorophyll equivalents and pelleted by 

centrifugation at 700 x g for 5 min at 4°C. Half of the chloroplast aliquots were resuspended in 

50 μL import buffer and incubated for 1 h at room temperature in the light. The other aliquots 

were immediately resuspended in 1 mL of either TCA solution (4.06% trichloroacetic acid in 

water) as the negative control or TBA solution (0.31% thiobarbituric acid in TCA solution) for 

measurement of thiobarbituric acid reactive substances (TBARS). The chloroplasts subjected to 

1 h incubation were re-pelleted and resuspended in either TCA or TBA solution after the 

incubation step. The suspensions were heated at 95°C for 15 min along with 2 tubes of TBA 

solution to use as blanks for the spectrophotometric measurements. The samples were allowed 

to cool completely and then centrifuged at maxium speed in a microfuge for 3 min at room 
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temperature. The absorbances for each sample were taken at 440 nm, 532 nm, and 600 nm. 

The MDA equivalents were calculated as in (15). 

 

Lipid Analysis 

Isolated chloroplasts were aliquoted into 200 μg chlorophyll equivalents (or 100 μg chlorophyll 

equivalents for thin layer chromatography (TLC) separation only meant for staining and 

visualization) and pelleted by centrifugation at 2000 x g in a microfuge for 3 min at room 

temperature. Each pellet was then extracted with 800 μL methanol:chloroform:formic acid 

(2:1:0.1 v/v/v) followed by 400 μL of 0.2 M H3PO4, 1 M KCl. The organic layer was transferred to 

a new tube and dried under a N2 gas stream. The TLC plates used were the same as described 

in Chapter 2. Samples were first resuspended in 25 μL chloroform and loaded onto TLC 

followed by a second and third resuspensions and loading of 15 μL and 10 μL, respectively, in 

order to ensure loading of the entire sample. Two different solvent systems were used for lipid 

separation. The solvent used for general polar lipid separation was acetone:toluene:water 

(91:30:7 v/v/v), and the solvent used for better separation of the oligogalactolipids was 

chloroform:methanol:concentrated ammonium hydroxide (50:25:6 v/v/v). Fatty acid methyl ester 

(FAME) production and GC analysis as well as iodine and α-naphthol staining were carried as 

described in (22). 
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Abstract 

Because plants use both ER and chloroplast based lipid synthesis pathways for the production 

of chloroplast lipids, a lipid transport mechanism is needed between the two organelles. The 

TriGalactosylDiacylglycerol (TGD) proteins have been identified to fulfill this need, but the 

identity of the transported lipid species remains elusive. Here, in vitro transport assays are 

developed in an effort to determine the identity of this transported lipid species. Many variations 

of radiolabeled donor liposome representing the ER membrane to acceptor membranes 

represented by isolated chloroplasts were tested. Labeled phosphatidic acid, 

phosphatidylcholine, and phosphatidylethanolamine + phosphatidylinositol were all transferred 

at a decreased rate to tgd mutant chloroplasts compared to those of wild type. Assays 

measuring the transport of lipids tagged with a fluorophore to isolated chloroplast envelopes 

were also explored. Fluorescent studies showed the TGD1,2,3 complex had a slight preference 

for phosphatidic acid, while the TGD4 dimer had a slight preference for phosphatidylcholine. 

Both radiolabel and fluorescent assays yielded promising results, but unexpected control results 

in many cases questioned whether the in vitro data observed truly reflect the situation in vivo.  

 

Introduction 

Chloroplasts are most well-known for housing the photosynthetic machinery which can utilize 

solar energy for carbon fixation. These organelles use an extensive membrane system, the 

thylakoids, providing a scaffold for the photosynthetic proteins and the thylakoid lipids that are 

also found as integral components of the protein complexes (1-6). Plants use two biosynthetic 

pathways in order to produce all of the membrane lipids needed for the chloroplast. One 

pathway, the plastid pathway, is located in the chloroplast, which is also the site of fatty acid 

synthesis for plant cells. The other pathway, the endoplasmic reticulum (ER) pathway, uses fatty 

acids exported from the chloroplast to then make membrane lipids, which are exported from the 

ER to other organelles including the chloroplast. Membrane lipids require transport mechanisms 
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to transverse the aqueous space between organelles or membrane contact sites between 

different organelles which generally still have  up to 30 nm of aqueous space in between (7). 

The only identified transport mechanism to move lipids from the ER to the chloroplast is 

facilitated by TriGalactosylDiacylglycerol (TGD) proteins (8-14). Five TGD proteins have been 

identified in genetic screens (8-15). The tgd mutants all show impaired ER to chloroplast lipid 

transfer, which can be deduced by an increased 16 carbon to 18 carbon fatty acid ratio 

(16C:18C) in these mutants (14). This fatty acid ratio is diagnostic for the relative contribution of 

the two pathways because the different substrate specificities of the plastid and ER based acyl 

transferases, result in the presence of 16C fatty acids in the sn-2 glyceryl position of plastid 

derived lipids whereas 18C fatty acids reside in the sn-2 position of ER derived lipids (16, 17). 

The TGD proteins have been well characterized in regards to mutant phenotypes and 

complex formation. Plants with defective or missing TGD proteins show a distinctive increase in 

the 16C:18C ratio as well as growth and reproductive phenotypes, in addition to the 

accumulation of oligogalactolipids (which gave rise to their name) (8-11, 14, 18). TGD4 is a β-

barrel protein, which forms a homodimer in the outer envelope membrane of the chloroplast and 

has the ability to bind phosphatidic acid (PA) (11, 19, 20). TGD1, 2, and 3 form an ABC-

transporter in the inner envelope membrane of the chloroplast with TGD1 and 3 being present in 

2 copies each and TGD2 in 8-12 copies (13). TGD1 is the predicted permease while TGD3 has 

been confirmed as the ATPase (10, 14). TGD2 is the substrate-binding component which has 

been shown to both disrupt membranes and bind PA, and it likely spans the intermembrane 

space forming a lipid conduit (8, 15, 18, 21). TGD5 is a small (9.2 kDa) protein which has been 

shown to associate with both TGD4 and TGD2 proteins despite the lack of any detectable 

association between the actual TGD4 and TGD1,2,3 complexes (9). While these studies provide 

detailed characterization of the five TGD proteins, it is still unclear what lipid or lipids the TGD 

complexes transport. TGD2 and TGD4 both have the ability to bind PA, but it has not been 

shown that either complex can actually transport PA. It is possible that the binding of PA is just 
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a mechanism for membrane contact or disruption to facilitate the transfer of specific lipid 

species.  

Hypotheses for the transported lipid species between the ER and chloroplast include not 

only PA but also phosphatidylcholine (PC), lyso-PC (L-PC), and diacylglycerol (DAG) (22). It is 

also possible that more than one lipid species is transferred from the ER to the chloroplast. PC 

has long been considered because it is present in the outer leaflet of the outer envelope of the 

chloroplast, but the chloroplast lacks the required machinery to produce PC independently (22, 

23). L-PC is a candidate for the same reason as PC, but its biophysical properties may allow it 

to move more readily between membranes (24-26). DAG is a good candidate because not only 

is it the precursor for galactolipid synthesis, but it also has the ability to flip between leaflets of a 

membrane at biologically relevant rates (27, 28). This study focused on developing methods to 

determine the transported lipid species from the ER to the chloroplast by way of the TGD 

proteins.  

 

Results 

Isolated Chloroplasts from tgd1-1 Mutants Receive Less Radiolabeled ER Lipids than 

Wild-type Chloroplasts.  

In order to closely mimic the natural environment for ER to chloroplast lipid transport in vitro, 

radiolabeled ER microsomes were incubated with nonlabeled isolated chloroplasts from both 

wild type (WT) and the most severe, but still viable tgd mutant carrying the tgd1-1 allele. To 

obtain labeled ER, Pisum sativum (pea) plants were incubated with 14C-acetate. 14C-acetate is a 

lipid precursor that is incorporated almost exclusively into fatty acyl chains of all glycerolipid 

classes. Pea plants were used because they could readily incorporate the label into lipids, and 

ER isolation from pea had a higher yield than that from Arabidopsis. The labeled ER 

microsomes were incubated with isolated chloroplasts from WT and tgd1-1 plants for 30 min. 

Chloroplasts which remained intact throughout the duration of the incubation period were re-
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isolated for lipid analysis, and results were normalized based on chlorophyll equivalents. The 

amount of 14C label measured in each polar lipid from the chloroplasts was compared to the 

amount of the 14C label in each corresponding lipid from the ER microsomes (Figure 4.1A) as 

well as the total 14C label in the ER microsomes (Figure 4.1B). The tgd1-1 chloroplasts received 

significantly less label in PA and PC than the wild-type chloroplasts, but they also had less label 

in phosphatidylethanolamine (PE) and phosphatidylinositol (PI). The PE+PI fraction was 

considered a control as chloroplasts lack these phospholipids, and therefore, they should not be 

transported at all. Because labeled PE+PI represented the second highest fraction of the total 

radioactivity in the chloroplasts (as it is in the ER microsomes alone) and was lower in the tgd1-

1 mutant chloroplasts, the radiolabel detected in the chloroplasts may be a result of 

contamination from the microsomes. It is possible that the microsomes are less prone to 

“sticking” to tgd mutant chloroplasts because of the presence of trigalactosyldiacylglycerol 

Figure 4.1 
14

C Labeled ER Microsome to Intact Chloroplast Lipid Transfer. The % of radiolabel transferred 

from ER microsomes extracted from 
14

C-acetate labeled pea plants to isolated Arabidopsis chloroplasts from 
both wild-type (WT) and lipid transport mutant, tgd1-1. (A) The percentage is represented as the percent of 
radioactivity from each individual labeled lipid in the ER microsomes. (B) The percentage is represented as the 
percent of the total amount of radioactivity in the ER microsomes regardless of lipid class. Student's t-test was 
performed comparing WT to tgd1-1 for each lipid, n = 10, * p-value < 0.05, ** p-value < 0.005, error bars denote 

SD. PA, phosphatidic acid; MGDG, monogalactosyldiacylglycerol; PG, phosphatidylglycerol; DGDG, 
digalactosyldiacylglycerol; SQDG, sulfoquinovosyldiacylglycerol; PE+PI, phosphatidylethanolamine+phospha-
tidylinositol; PC, phosphatidylcholine. 
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(TGDG) which is already known to cause differences in chloroplast properties (see Chapter 3). 

Alternatively, these lipids are actually transferred in this in vitro system, which may lack 

specificity.  

 

Variations of the Radiolabeling Assay Did Not Produce Conclusive Results.  

One caveat to using ER microsomes extracted from labeled plants as the donor for the transport 

assay with isolated chloroplasts was that the microsomes were always contaminated with 

labeled chloroplast lipids such as MGDG and DGDG. With several lipids being labeled and 

given the highly active metabolism of intact chloroplasts, it is difficult to distinguish direct 

transport of a specific lipid from its production from a transported precursor. Because of these 

experimental hurdles, several variations of the in vitro transport experiment were pursued (Table 

1).  

In one variation, commercially available 14C-PA and 14C-PC were simultaneously 

incorporated into ER microsomes extracted from pea or WT Arabidopsis plants. The two labeled  

lipids were incorporated simultaneously, so I could determine if one substrate was preferred 

over the other when in direct competition. These donor microsomes from pea or Arabidopsis 

were then incubated with pea or WT Arabidopsis isolated chloroplasts, respectively, in the 

presence or absence of ATP. Because the TGD1,2,3 complex is an ABC transporter with an 

ATPase subunit, it was expected the labeled transported lipid species would not be as abundant 

in the acceptor chloroplasts in the absence of ATP. However, the results showed no significant 

difference in the amounts of 14C-PA or 14C-PC found in the acceptor chloroplasts with or without 

ATP (Table 1). This was done with both pea and Arabidopsis chloroplasts because, while 

Arabidopsis has its TGD proteins well characterized, pea, as an 18:3 plant (29), is almost 

completely reliant on the ER pathway for the synthesis of chloroplast lipids. With this 

dependence on lipid flux coming into the chloroplast from the ER, pea chloroplasts were 

expected to show a more robust result than the Arabidopsis chloroplasts.  
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Table 4.1 Summary of Radiolabeled Lipid Transport Assays. * Indicates only 50% of the repeats were above 

background levels. In order to determine if there was significant difference of p < 0.05, Student's t-test was performed 
between WT and mutant and/or the variable condition (e.g. +/-ATP) when applicable. WT, wild type Arabidopsis. 

Another experimental variation used Arabidopsis ER microsomes as mentioned above, 

but the microsomes were either labeled with 14C-PA or 14C-PC, but not both concomitantly. This 

was done in order to simplify the interpretation of the experimental results. By using either 14C-

PA or 14C-PC individually, I could distinguish which lipid is the donor of the label present in any 

other radiolabeled lipids. The acceptor chloroplasts were isolated from either WT or tgd3-1 

mutant chloroplasts with the expectation that the tgd3-1 mutant chloroplasts would accept less 

of one of the lipids, therefore, identifying it as the transported lipid species. While tgd3-1 is a 

weak mutant compared to other tgd mutants, it was chosen for this set of experiments due to 

availability of seeds at the time. The stronger tgd mutant allele, tgd1-1, was used for most of the 

other experiments. Different concentrations of UDP-galactose (UDP-Gal) were also added to 

the incubation buffer. The addition of UDP-Gal was expected to stimulate the synthesis of 

Label Donor Acceptor Variable 
Above 

Background? 
Significant 
Difference? 

14
C-Acetate Pea Microsomes 

Col-2 or tgd1-1 
chloroplasts 

N/A Yes Yes 

14
C-PA and 
14

C-PC 
WT Microsomes Col-2 chloroplasts +/- ATP Yes No 

14
C-PA and 
14

C-PC
 Pea Microsomes Pea chloroplasts +/-ATP Yes No 

14
C-PA or 

14
C-PC

 WT Microsomes 
WT or tgd3-1 
chloroplasts 

+/- UDP-Gal Yes* No 

14
C-Acetate Pea Microsomes Pea chloroplasts +/- cytosol Yes* No 

32
P-H3PO4

 
Pea Microsomes 

WT or tgd1-1 
chloroplasts 

N/A No No 

14
C-Acetate 

Liposomes from 
Extracted Pea 

Lipids 

WT, tgd1-1, sfr2-3 
or sfr2-3 tgd1-1 

chloroplasts 
N/A Yes* No 

14
C-Acetate 

Liposomes from 
Extracted Pea 

Lipids 
Pea chloroplasts pH 7.3 or 8.0 Yes No 
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galactolipids, MGDG or DGDG, from the transported precursor, and in turn, result in more total 

label above background being detected in the acceptor chloroplasts. The results with neither 

14C-PA nor 14C-PC showed significant differences between amounts of label detected in WT or 

tgd3-1 chloroplasts nor with varying amounts of UDP-Gal (Table 1). 

Previously, it was shown that when fed with labeled PA, WT chloroplasts produced more 

labeled MGDG when a cytosolic protein fraction was included in the buffer (30). Two more 

studies also suggested cytosolic factors might be involved in either the transport or metabolism 

of the lipid precursor from the ER (31, 32). One paper described that a cytosolic phospholipid 

transport protein from spinach could facilitate transport of PC from liposomes to chloroplasts 

(32), although this protein was later shown to be a cell wall protein rather than cytosolic (33). 

The other paper concluded cytosolic phospholipases are needed for chloroplasts to produce 

MGDG from labeled PC transported from liposomes (31). Based on the evidence from the first 

and third paper mentioned (30, 31), I hypothesized adding cytosol to these radiolabeling assays 

might increase the transfer and hence, the amount of radiolabel detected in the acceptor 

chloroplasts. A cytosolic protein fraction was extracted from pea leaf tissue and either included 

or excluded from incubation buffer in an assay using ER microsomes from 14C-acetate labeled 

pea as described above as donor and unlabeled isolated pea chloroplasts as acceptor. The 

results of this assay showed no difference in amount of labeled lipid received by chloroplasts 

with or without the cytosolic fraction (Table 1). 

It was thought that one of the reasons no statistically significant differences between 

mutant and WT were obtained with these different experimental variations was the overall low 

levels of label being detected in the acceptor chloroplasts. Some repeats of the experiments 

yielded results less than background levels of radioactivity while others were barely above 

background. In order to circumvent this issue, 32P-H3PO4 was used to label pea plants. Because 

32P is a high energy β emitter, it was expected to be more easily detectable compared to the low 

energy β emitter, 14C. Another reason for using 32P was to only detect phospholipids and 



98 
 

simplify the results. ER microsomes were extracted from the labeled pea plants and used as the 

donor with WT or tgd1-1 mutant chloroplast acceptors. The level of 32P label incorporated into 

lipids was much lower than expected possibly due to seedlings already having a large unlabeled 

phosphate pool, so label could not be detected in the acceptor chloroplasts above background 

levels (Table 1). 

Because the commercially available labeled lipids and the 32P labeling did not work as 

expected, another variation was attempted in order to get statistically significant results from a 

more simplified donor than the ER microsomes extracted from 14C labeled pea plants. In this 

version of the experiment, total lipids were extracted from 14C-acetate labeled pea plants and 

separated by thin layer chromatography (TLC). Just the phospholipids, which would be found in 

the ER (i.e. PA, PC, PI, and PE), were extracted from the TLC plate and used to make synthetic 

donor liposomes. Those donor liposomes were incubated with WT or tgd1-1 chloroplasts. 

Chloroplasts from mutants unable to produce TGDG, sfr2-3 and sfr2-3 tgd1-1, were also 

included as acceptors in this experiment in order to mitigate any effects caused by the stability 

differences between WT and tgd1-1 (see Chapter 3). While some of the experimental repeats 

resulted in acceptor label levels above background, no statistically significant differences were 

seen between the different mutant and WT acceptor chloroplasts (Table 1). 

The last variation of the labeling experiment was done in consideration of cytosolic pH. 

All of the previous assays were conducted in pH 8.0 incubation buffer as is standard for protein 

import assays with isolated chloroplasts. However, the pH of the cytosol has been reported to 

be close to 7.3 (34). For this assay, liposomes were produced from lipids extracted from 14C-

acetate labeled pea plants as described above. The liposomes were incubated with isolated pea 

chloroplasts in either pH 8.0 or pH 7.3 incubation buffer. Results showed no statistically 

significant difference in the amount of label received by chloroplasts in the two different pH 

buffers (Table 1). 
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Transport of Fluorescently Labeled Lipids Can Be Measured in Real-Time.  

Because results for transport assays using radiolabel as the mode of detection were below or 

just above background levels and were inconclusive in identifying the transported lipid species 

between the ER and chloroplast, a different method was pursued. Commercially available lipids 

of interest (PA and PC) which were tagged with the fluorescent molecule, 6-(N-(7-nitrobenz-2-

oxa-1,3-diazol-4-yl)amino)hexanoic acid (NBD), were used in donor liposomes which included 

unlabeled phospholipids as well as a quencher, N-(lissamine rhodamine B 

sulfonyl)phosphatidylethanolamine (N-Rh-PE). NBD-PS was also included as a control since PS 

is not found in chloroplasts and, therefore, should not be transported. The donor liposomes 

were always composed 25% each of some form of PA, PC, PS, and N-Rh-PE. The PA, PC, and 

PS were either dioleoyl or NBD-labeled; when one lipid was NBD-labeled, the other two would 

be dioleoyl. For this assay, the NBD fluorophore was quenched while in the donor liposomes, 

and lipid transport to an acceptor (away from the quencher) was detected as an increase in 

fluorescence over time (Figure 4.2).  

Figure 4.2 Fluorescent Lipid Transport Assay Model. A representative scheme is shown depicting how the 

transport of lipids tagged with an NBD fluorophore are transported from liposomes containing a quencher to 
isolated chloroplast envelopes which are the location of known lipid transporter proteins. When the NBD-labeled 
lipids are transported to the envelopes, an increase in fluorescence is expected due to removal from the 
quencher. NBD, 6-(N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl)amino)hexanoic acid; N-Rh-PE, N-(lissamine rhodamine 
B sulfonyl)phosphatidylethanolamine. 
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Chloroplast envelope membranes were extracted from pea plants or WT, tgd1-1, and 

tgd4-1 Arabidopsis plants and used as the acceptors in the assay. Envelope membranes were 

used rather than intact chloroplasts for two reasons. One, using envelopes prevents any issues 

with chlorophyll or other pigments found in thylakoids from interfering with excitation or detection 

during the experiment. Two, the use of envelopes makes it easier to separate the action of the 

TGD1,2,3 complex from that of TGD4 if they are isolated in such a way as to form separate 

inner and outer envelope vesicles. The TGD1,2,3 complex and TGD4 work in the same 

transport pathway, but TGD4 is located in the outer envelope membrane (12, 20), while 

TGD1,2,3 is located in the inner envelope membrane (8, 13). While the two complexes do not 

necessarily transport the same lipid species, the TGD1,2,3 complex presumably relies on TGD4 

to transport its own substrate before TGD1,2,3 can access any substrate. This makes the use of 

intact chloroplasts for this type of transport assay complicated. Using envelopes eliminates this 

complexity by putting the TGD1,2,3 complex in direct contact with the donor membranes.  

For experiments using pea chloroplasts as acceptors, the ATP and protein dependence 

of the lipid transport were tested. The ATP dependence is a measure of TGD1,2,3 complex 

function because of TGD3 being an ATPase, while the protein dependence is a measure of both 

TGD1,2,3 complex and TGD4 function in that it will distinguish between protein-mediated 

transport and some other nonspecific mechanism. The ATP dependence was tested by 

inclusion or omission of ATP in the incubation buffer as well as by inclusion or omission of 

apyrase, which depletes the ATP included in the incubation buffer. The transport of both NBD-

PA and NBD-PC were reduced by omission of ATP while the transport of NBD-PS was 

unaffected by the absence of ATP (Figure 4.3A). The test of ATP dependence by inclusion of 

apyrase was only attempted with NBD-PA, and this experiment confirmed the results of the 

previous ATP dependence experiments (Figure 4.3B). While the NBD-PA result is consistent 

with what is known about the TGD1,2,3 complex, the NBD-PC result is unexpected. TGD1,2,3 is 

not expected to transport PC as PC is only found in the outer leaflet of the outer envelope of the 
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chloroplast, and, therefore, the TGD1,2,3, complex would not be expected to have access to PC 

in vivo (23). The result of NBD-PS being transported at all is also unexpected because 

chloroplasts do not naturally contain any PS. Protein dependence of NBD-lipid transport was 

tested by inclusion or omission of a protease, ProteinaseK. The transport of all tested lipid 

species was decreased when donor liposomes were incubated with protease-treated envelopes 

(Figure 4.3C). This was an important control experiment to confirm that the measured transport 

was protein-mediated and not an artifact from using NBD-lipids which may possess altered 

biophysical properties from native lipid species. 

For fluorescently labeled lipid transport assays using Arabidopsis chloroplast envelopes 

as acceptors, envelopes from WT, tgd1-1, and tgd4-1 plants were used. The tgd1-1 mutant 

allele was chosen to represent the TGD1,2,3 complex because it has the most severe of all of 

the tgd mutant phenotypes and may, therefore, yield the most obvious results. The tgd4-1 

mutant allele was chosen to represent the TGD4 complex because while it may not have the 

most severe phenotype of all the tgd4 mutant alleles, it is possible to maintain a homozygous 

seed stock for this allele. Homozygous knock-out lines of TGD4 are sterile (11), and for the 

purposes of extracting chloroplast envelopes, the availability of homozygous seed for tgd4-1 

Figure 4.3 NBD-Lipid to Pea Envelope Transport. The percentage of the total fluorescence transported from 

donor liposomes to acceptor envelopes as represented by the increase in fluorescence after a 200 second 
incubation with envelopes. The percentage of increase in fluorescence was calculated using the amount of 
flourescence after addition of Triton X-100 as the total since the detergent separates the NBD from the 
quencher. The label on the x-axis indicates which lipid in the donor liposomes was labeled with NBD. (A) The 
percentage of total NBD-lipid transported is shown in the presence (white) and absence (grey) of ATP. PA, n = 
9; PC and PS, n = 4. (B) The percentage of total transported NBD-PA is shown without (white) or with (grey) 
addition of apyrase. n = 3. (C) The percentage of total transported NBD-lipid is shown without (white) or with 
(grey) ProteinaseK. PA, n = 7; PC and PC, n = 3. Student's t-test comparing the conditions for each lipid tested. 
* p < 0.05, ** p < 0.005. Error bars denote SD. PA, phosphatidic acid; PC, phosphatidylcholine; PS, 
phosphatidylserine.  
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was crucial. Both tgd1-1 and tgd4-1 showed less increase in fluorescence over time than the 

wild-type for NBD-PA and NBD-PC while no differences were seen with NBD-PS (Figure 4.4). 

The difference with NBD-PA appeared to be greater and statistically significant for tgd1-1, and 

the difference with NBD-PC appeared to be greater and statistically significant for tgd4-1 (Figure 

4.4D). While this could suggest PA as the preferred substrate for TGD1,2,3 and PC for TGD4, 

the results were often too variable within even a single experiment (Figure 4.4A-C) to draw firm 

conclusions.  

 

Discussion 

As an approach to identify which lipid structure(s) is/are transported from the ER to the 

chloroplast both radiolabeling and fluorescent studies were used with isolated chloroplasts or 

chloroplast envelopes, respectivel,. A previous study used radiolabeled PC and isolated pea 

chloroplasts to show that PC can be transferred to chloroplasts in a time- and protein-dependent 

Figure 4.4 NBD-Lipid to Arabidopsis Envelope Transport. (A-C) The increase in fluorescence over time after 

addition of acceptor envelopes to donor liposomes is shown for three NBD-labeled lipids: (A) PA, (B) PC, and (C) 
PS. Each shows 2 replicates for wild-type (WT, blues) and tgd1-1 mutant (greens) collected during the same 
experimental repeat. (D) The results of all experimental repeats taken as the % of total fluorescence after 200 
seconds of incubation with envelopes are shown for WT, tgd1-1, and tgd4-1. Student's t-test was performed 
comparing mutant to wild-type results from the same experiments. 10 ≤ n ≤ 21, * p < 0.05, ** p < 0.005. Error 
bars denote SD. PA, phosphatidic acid; PC, phosphatidylcholine; PS, phosphatidylserine.  
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manner (35). The results of the radiolabel assays with Arabidopsis chloroplasts for the current 

study corroborated these previous results. The methods used by the previous paper had similar 

issues as the current study with obtaining results above background levels when trying to look 

at multiple simultaneously labeled phospholipids. The previous study also recorded transport of 

PE as was observed in our results (Figure 4.1) (35). Neither the published results nor this study 

could show ATP dependent transport using radiolabeled lipids and isolated chloroplasts which 

would be indicative of transport by the TGD1,2,3 complex (35). Two older studies also looked 

specifically at the transfer of labeled PC to intact chloroplasts and isolated envelopes (31, 32). 

Miquel et al. concluded that while labeled PC can be transferred to both envelope vesicles and 

intact chloroplasts with help of a cytosolic factor, the label remains on the outer leaflet of the 

outer envelope membrane (32). Andersson et al. then proceeded to show cytosolic 

phospholipases are needed in order to produce MGDG from transported PC, but this paper also 

had problems with PI and PE being transported along with PC (31). Taken together, based on 

the work presented here and previous publications, the use of radiolabeled liposomes incubated 

with isolated chloroplasts may not be a sufficiently robust system for measuring details of the 

ER to chloroplast lipid transport. While I was able to show differences in PA and PC transport in 

WT and tgd1-1 mutant chloroplasts, the amount of radiolabeled PE detected in chloroplasts was 

also different between WT and mutant (Figure 4.1). This result in combination with difficulties 

obtaining levels of radioactivity above background for transferred lipids make the interpretations 

of results of this assay difficult. Perhaps the background issues could be resolved by longer 

incubation times as commonly used in other lipid labeling studies, but isolated chloroplasts do 

not remain intact long enough during longer incubation periods and were, therefore avoided. It 

should also be noted that the results using intact isolated chloroplast are complicated by the 

presence of two different transport complexes in the inner and outer envelopes and the fact that 

these complexes may or may not transport the same lipid species. Using the tgd4-1 mutant in 

conjunction with the tgd1-1 mutant may have been able to help minimize this complication, but 
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the phenotype of tgd4-1 is very weak. This weak phenotype and the problems with getting 

results above background levels did not allow me to draw solid conclusions using this approach. 

The fluorescent lipid transport assays seemed to provide more reliable results than the 

radiolabeling experiments despite the lipid acyl chains being tagged with a bulky NBD 

fluorophore. Many studies have been done investigating the biological relevance of using NBD 

lipids. While many studies have found the NBD-lipids to act normally within the membrane and 

with known protein interactions, others have found the presence of NBD can affect the fluidity 

and architecture of membranes (36). For the assays performed here, the NBD-lipids were able 

to form stable donor liposomes and levels of transport from the liposomes to acceptor envelope 

membranes were low enough that the integrity of acceptor membranes should be maintained for 

the short duration of the experiment. For these fluorescent lipid transport assays, there were no 

problems with background levels, transport could be measured in real time rather than with end 

point analysis, and the two TGD complexes could be distinguished by use of different tgd 

mutants. The problem of the substrate for TGD1,2,3 having to first travel through the outer 

envelope membrane was also resolved by using envelopes which were isolated in such a way 

to get a mixture of vesicles made only of either inner or outer envelopes (Figure 4.2). While the 

results of this experiment point towards the transported lipid species being PC for TGD4 and PA 

for TGD1,2,3, the use of PS as a control complicates matters. The results show that while PS is 

not differentially transported by WT and mutant or influenced by the presence or absence of 

ATP, its transport is still protein-dependent (Figures 4.3 and 4.4). The PS transport could be due 

to promiscuity of the transport proteins in vitro and limits the interpretations of the rest of the 

results obtained by this method. 

The studies described here yielded results that illustrate the challenges in identifying a 

transported lipid species for the TGD complexes., Clearly, additional methods will need to be 

explored for further investigation into the transported lipid species. A full reconstitution of the 

complex in the test tube or molecular structures of different forms of the complex may be 
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required to ultimately reveal the nature of the lipid molecules that are transported from the ER to 

chloroplasts. 

 

Materials and Methods 

Plant Growth  

Arabidopsis (Arabidopsis thaliana) were grown on petri plates containing MS medium as 

described for organelle isolation in Chapter 2. Pea (Pisum sativum "Little Marvel") plants were 

grown in vermiculite at room temperature under a 16h light/8h dark cycle.  

 

Organelle Isolation 

Chloroplast and ER isolation from Arabidopsis were carried out as described in Chapter 2. For 

organelle isolation from pea the following adjustments were made. Two-week-old pea seedlings 

were harvested for both ER and chloroplast extraction, and the ER extraction was carried out as 

for Arabidopsis. For pea chloroplast isolation, the pelleting steps were carried out at 1500 x g, 

and the Percoll gradient step was carried out at 8000 x g. Chloroplast envelope extraction was 

carried out with the same procedures for both Arabidopsis and pea. The method for envelope 

extraction was developed combining techniques as described in (13, 37, 38), and all steps were 

done at 4°C. The chloroplasts were initially resuspended in hypertonic 0.6 M sucrose in TE 

buffer (10 mM tricine pH 7.5 KOH, 2 mM EDTA) in order to separate the outer and inner 

envelope membranes before breakage. The chloroplasts were then broken by 10 strokes with a 

Dounce homogenizer. This method was chosen over the common freeze-thaw method in order 

to ensure the integrity of protein complexes such as the TGD complex. The thylakoids were 

removed by three 5 min centrifugations at 1500 x g after each of which the supernatant was 

maintained. The supernatant was then subjected to a 30 min centrifugation at 100,000 x g in 

order to obtain a crude envelope membrane pellet. The pellet was resuspended in 100 μL 0.2 M 

sucrose in TE buffer and loaded onto a step sucrose gradient composed of 750 μL 0.45M 
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sucrose in TE buffer and 750 μL 1 M sucrose in TE buffer. The gradient was centrifuged at 

100,000 x g for 2 hours, and the faint yellow interface was collected into a new tube and diluted 

with 1 mL TE buffer. The final envelope membrane pellet was obtained by centrifuging the 

suspension at 100,000 x g for 1 hour, and the pellet was resuspended in incubation buffer (330 

mM sorbitol, 50 mM HEPES pH 8.0 KOH, 10 mM KCl, 2.5 mM MgCl2, 1 mM ATP) for use in 

transport assays. 

 

Isolation of Cytosol Fraction 

The cytosol fraction was isolated from pea seedlings according to (39) using 10 mL of 

homogenization buffer instead of 50 mL. 

 

Variations of Incubation Buffer for Both Radiolabeled and Flourescent Lipid Transport 

Assays 

The standard incubation buffer used in the transport assays was 330 mM sorbitol, 50 mM 

HEPES pH 8.0 KOH, 10 mM KCl, 2.5 mM MgCl2, 1 mM ATP. Some assays used pH 7.3 buffer, 

but all of the buffers with a variable ingredient were at pH 8.0. When cytosol fraction was used, 

5 μL of the cytosol was added in place of 5 μL of water when preparing the buffer. When UDP-

Gal was added, it was done so at either 2 mM, 6 mM, or 20 mM concentrations in order to 

determine the effect of increasing concentrations. Apyrase was used in the incubation buffer at 

0.04 U/μL, and ProteinaseK was used at 200 μg/mL.  

 

Donor Vesicle Preparation for Radiolabeled Lipid Transport Assays 

American Radiolabeled Chemicals, Inc. was the supplier for all radioactive material. For half of 

the assays using 14C-acetate labeled ER microsomes, ten 7-day-old pea seedlings were cut at 

the stem while under water, and each seedling was placed in 900 μL water with 100 μL of 57 

mCi/mmol acetic acid [1,2-14C] sodium salt in ethanol (10 μCi) for 8 h. The labeled seedlings 
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were then mixed with the leaves of 10-15 unlabeled pea seedling and used for ER microsome 

preparation as described above. The labeled seedlings were mixed with unlabeled seedlings for 

ER microsome preparation in order to increase total yield of ER. For the other half of assays 

using 14C-acetate labeled ER microsomes, cut leaves from 7-day-old pea seedlings were 

incubated in 5 mL of 20 mM MES pH5.5, 0.01% Tween20 containing 250 μCi of 50mCi/mmol 

acetic acid sodium salt [1-14C] for 1.75 hours with light and shaking. The leaf slices were then 

combined with leaves from 30 unlabeled seedlings and used for ER microsome preparation as 

described above. 

To make ER microsomes labeled with commercially available 14C-phospholipids, ER 

microsomes extracted from either pea or Arabidopsis seedlings were centrifuged at 100,000 x g 

for 10 min at 4°C. The pellet was resuspended in 1 mL of the desired incubation buffer, and 0.1 

μCi of phosphatidic acid, L-α-dioleoyl [2-oleoyl-1-14C] sodium salt and/or phosphatidylcholine, L-

α-dioleoyl [dioleoyl-1-14C] per μg of protein equivalents were added. The suspension was 

sonicated 3 x 10 seconds at power level 1.0 (3 W), and then centrifuged at 100,000 x g for 10 

min at 4°C. The supernatant was removed and subjected to scintillation counting in order to 

determine the success of label incorporation. The pellet was resuspended in 1 mL of incubation 

buffer to wash and then centrifuged at 100,000 x g for 10 min at 4°C. This final pellet was 

resuspended in the desired variation of incubation buffer at 0.5 μg protein equivalents per μL of 

buffer.  

To prepare microsomes with 32P-labeled lipids, cut leaves from 7-day-old pea seedlings 

were incubated in 5 mL of 20 mM MES pH 5.5, 0.01% Tween20 containing 1000 μCi of 

150mCi/mL orthophosphoric acid [32P] for 1.75 hours with light and shaking. The leaf slices 

were then combined with leaves from 30 unlabeled seedlings and used for ER microsome 

preparation as described above. 

For assays using liposomes prepared from lipids extracted from 14C-acetate labeled pea 

seedlings, cut leaves from 7-day-old pea seedlings were incubated in 500 μL of 20mM MES pH 
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5.5, 0.01% Tween20 containing 250 μCi of 57 mCi/mmol acetic acid sodium salt [1-14C] for 2 

hours with light and shaking. All excess liquid was then removed from the leaf slices, and 900 

μL of methanol:chloroform:formic acid (2:1:0.1 v/v) was added and vortexed in order to extract 

lipids. The lipid extract was moved to a fresh tube, and 450 μL of 0.2 M H3PO4, 1 M KCl was 

added. The mixture was vortexed and centrifuged at max speed in a microfuge for 1 min. The 

bottom organic layer was removed to a glass tube and dried under a nitrogen gas stream. The 

lipids were then resuspended in chloroform for loading on a TLC for polar lipid separation with 

acetone:toluene:water (91:30:7 v/v/v). PA, PE+PI, and PC were then scraped from the plate and 

extracted as described for the lipids used for positional analysis in Chapter 2. Once extracted, 

the lipids were dried under a nitrogen gas stream and placed under vacuum for 30-40 min in 

order to remove any residual solvent. Then 1 mL of the desired incubation buffer was added, 

the lipids were sonicated with a probe 3 x 10 seconds at power level 1.0 (3 W). 

 

Radiolabeled Lipid Transport Assays 

Each assay which included some form of labeled ER microsomes used 100 μL of labeled ER 

(50 μg protein equivalents) and 50 μL of chloroplasts (50 μg chlorophyll equivalents) all in 

incubation buffer. The samples were incubated at room temperature in the light for 30 min. After 

30 min, the suspension was loaded onto a 1 mL 40% Percoll cushion in import buffer (330 mM 

sorbitol, 50 mM HEPES pH8.0 KOH) and centrifuged in a 4° microfuge at 3000 rpm for 5 min. 

Each pellet was extracted with 800 μL 2 methanol: 1 chloroform and vortexed. The samples 

were centrifuged in a microfuge at max speed for 1 min, and the extract was transferred to a 

cuvette for measuring absorbance at 652 nm. Chlorophyll equivalents were determined with the 

same equation used for the chloroplast extraction protocol, and equal chlorophyll equivalents for 

each sample were transferred to new tubes. The equivalent of the solvent volume of 0.2 M 

H3PO4, 1 M KCl was added to each tube. Samples of 100 μL of labeled ER (50 μg protein 

equivalents) were also extracted with 800 μL 2 methanol: 1 chloroform and then 600 μL 0.2 M 
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H3PO4, 1 M KCl to use as controls for total amounts of radiolabel available for transport. All 

samples were vortexed and centrifuged at max speed in a microfuge for 1 min. The bottom 

organic layer was moved to a fresh tube for each sample. The samples were dried down and 

resuspended in chloroform for loading onto a TLC plate. Polar lipids were separated as 

described above. PA, MGDG, PG, DGDG, SQDG, PE+PI, and PC bands were scraped into 

scintillation vials, 1 mL of scintillation fluid was added to each vial, and the levels of radioactivity 

for each lipid were counted. 

 

Fluorescent Lipid Transport Assays 

Donor liposomes were a mix of 25% each of N-Rh-PE, dioleoyl-PA or NBD-PA, dioleoyl-PC or 

NBD-PC, and dioleoyl-PS or NBD-PS. Only one type of lipid was labeled with NBD at a time. 

The liposomes were prepared by drying 10 nmol of total lipid under a nitrogen gas stream and 

placing them under vacuum for 30-45 min. The lipids were then solubilized in 30 μL of 100% 

ethanol and injected into 1 mL of cold incubation buffer. The liposomes as well as the acceptor 

chloroplast envelope membranes were kept on ice until measurement. The chloroplast envelope 

membranes were used at 25 μg protein equivalents per mL of incubation buffer. The fluorescent 

quality of the liposomes was tested by recording an emission spectra for 200μL of each set of 

quenched liposomes at excitation 450 nm and emission 485 - 585 nm followed by a second 

emission spectra with 20 μL of 10% Triton X-100 added to break the liposomes for maximum 

separation for quencher and, therefore, maximum fluorescence. Once quality of the liposomes 

was assured, time-based measurements were taken at excitation 450 nm and emission 530 nm. 

For each sample, 200 μL of liposomes were measured for 100 seconds to establish a baseline 

fluorescence value. Then 20 μL of envelope membranes were carefully added with mixing by 

pipetting up and down 5 times, and measurements were taken for another 200 seconds. 20 μL 

of 10% Triton X-100 were then added to break the liposomes and to provide a total fluorescence 

value after another 120 seconds.  
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Understanding plant lipid metabolism is not only important for gaining a comprehensive 

picture of plant biology and biochemistry ranging from cellular structure and signaling to energy 

storage and conversion, but it is also necessary in order to engineer plants for better nutrition 

and biofuel production. The effort to advance our understanding of such a complex process 

requires a combination of many approaches. The work presented here combines both in vivo 

and in vitro methods in order to investigate some of the areas of plant lipid metabolism in which 

our knowledge is incomplete, including lipid transport between the endoplasmic reticulum (ER) 

and the chloroplast, acyl editing, and how lipid composition affects membrane stability. 

The in vivo studies made use of a unique type of desaturase, a Δ6 desaturase, which 

Arabidopsis is normally lacking. A Δ6 desaturase incorporates a double bond at the 6th carbon 

position from the carboxyl end of the acyl group. Arabidopsis is known to have Δ9, Δ12, and 

Δ15 desaturases, so the addition of a Δ6 desaturase was expected to add a subtle but readily 

detectable tag to membrane lipids, which I anticipated would only minimally affect the natural 

composition or function of the respective membrane or the overall balance of lipid metabolism. 

A well-characterized Δ6 desaturase from Physcomitrella patens (Δ6D) was chosen because of 

its location within the cell, the ER, and its known substrate specificity for the sn-2 position of the 

glycerol backbone of phosphatidylcholine (PC). This location and specificity provided a unique 

starting position for a "tag and track" approach as most in vivo radiolabel approaches start 

labeling at fatty acid synthesis within the chloroplast or with pre-labeled fatty acids. With the 

goal of probing lipid transport and metabolism with increased sensitivity, several mutants of lipid 

metabolism were used for the "tag and track" approach described in Chapter 2. While the lipid 

phenotypes of these plants verified key findings of previous studies of plant lipid metabolism in 

both wild type (WT) and mutant plants validating the method, several of the results were 

unexpected and provided novel insights into the complexities of plant lipid metabolism. Since 

phosphatidylglycerol (PG) is thought to be made nearly exclusively from plastid precursors (1), it 

was interesting to detect Δ6 acyl groups, which had to have originated in the ER, in PG at much 
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higher levels than expected and in both the sn-1 and sn-2 positions (Figure 2.5A&B). Another 

striking observation was that the ratio of the Δ6 acyl groups in the sn-1 and sn-2 positions 

changed between PC in the ER and the envelope membranes and genuine thylakoid lipids 

(Figure 2.4B). This result combined with confirmation of an ER-derived Δ6 acyl group on the 

same lipid molecule as a plastid derived 16:3 (carbon #: double bond #) acyl group provided 

evidence for extensive acyl editing of chloroplast lipids (Figures 2.5C & 2.6). Knowing that acyl 

editing occurs both outside (2) and inside the chloroplast (Chapter 2 and (3)) enriches our view 

of lipid metabolism, and it can help us better explain results and formulate new hypotheses for 

other studies involving these pathways.  

New discoveries related to lipid metabolism may add complexity to our current models 

as seen from the results described in Chapter 2, but they will get us closer to fully understanding 

the dynamic processes governing plant lipid metabolism. Currently, designing experiments for 

study of plant lipid metabolism can be difficult due to many unknown factors which can affect the 

results. Experiments involving isolated chloroplasts are designed in order to remove some of 

these unknown factors because there is only one organelle to consider. It provides the 

opportunity to study chloroplasts in a controlled environment and focus on how its metabolism 

functions under the chosen conditions. Unfortunately, even with this seemingly well-controlled 

system, some variability is still to be expected. Chapter 3 focused on how differences in lipid 

composition could affect these types of experiments and shows apparent pitfalls of studying lipid 

metabolism with chloroplasts isolated from different lipid mutants. Because fatty acid synthesis 

and one of the two major glycerolipid synthesis pathways occur in the chloroplast, it is not 

uncommon to do experiments, which compare isolated chloroplasts from WT and lipid 

metabolism mutant plants. If the distinct lipid composition of those mutant chloroplasts can alter 

the conditions of these experiments, the design of experiments and interpretation of the results 

must be adjusted accordingly. I found that both the presence of oligogalactolipids and the 

double bond index and/or 16C to 18C acyl chain length ratio seemed to have an effect on either 
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isolated chloroplasts' resistance to breakage or the ability to reseal the membrane (Figures 

3.1A, 3.2C, 3.4A&B). Differences in chloroplast breakage or the ability to reseal the membrane 

could affect the composition of the buffer and substrate accessibility of chloroplast proteins. For 

example, a broken chloroplast could give a stromal protein access to the contents of the outer 

envelope or an outer envelope protein access to the contents of the thylakoid membrane. 

Therefore, with the stability differences shown between isolated chloroplasts of different lipid 

composition, these types of possibilities need to be taken into consideration when interpreting 

the results. Although some of these aspects of studies with isolated chloroplast are concerning, 

they provide a novel way to systematically analyze the role of membrane lipid composition on 

chloroplast stability that should be pursued further in future studies.   

Although the results described in Chapter 3 point out potential issues with comparing 

isolated chloroplasts with different lipid compositions, an isolated chloroplast experimental 

system could still be useful in determining the transported lipid species from the ER to the 

chloroplast as long as the results are interpreted with careful consideration of the Chapter 3 

findings. With this in mind, in vitro experiments using donor liposomes or ER microsomes and 

acceptor whole chloroplasts or envelopes from WT and lipid transport mutants were undertaken 

in order to identify the transported lipid species between the ER and the chloroplast. In 

experiments with whole chloroplasts as acceptors, I tested different variations of radiolabeled 

donor liposomes or ER microsomes. These experiments showed potential transport of both 

phosphatidic acid (PA) and PC (Figure 4.1A), but the amounts of radiolabel detected were 

barely above background questioning the efficacy of this assay under the different conditions 

tested. The results were further complicated by the fact that the phosphatidylethanolamine+ 

phosphitidylinositol (PE+PI) fraction also showed possible transport (Figure 4.1A). These are 

lipids typically absent from chloroplasts, thereby questioning the specificity of transport 

observed in this system.  
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The experiments which used fluorescently labeled donor liposomes with chloroplast 

envelope acceptors showed similar results to the radiolabeling experiments with PA and PC. In 

particular, reduced transport of these two lipids to the mutant envelopes compared to WT were 

promising (Figure 4.4D). However, these results were ultimately inconclusive because 

phosphatidylserine (PS), a lipid not known to move to the chloroplast, also showed protein-

dependent transport to envelopes; although, there were no differences between mutant and 

wild-type chloroplasts (Figures 4.3C & 4.4D). Based on these data, I could not rule out that the 

lipid transport systems in the chloroplast may lack specificity in vitro resulting in experiments 

which do not reflect the situation in the cell, possibly, because other critical factors are missing. 

Summarizing the results of these experiments, my data are consistent with the hypothesis that 

PC is first transported to the outer envelope by the TGD4 dimer and that PA is then transported 

to the inner envelope by the TGD1,2,3 complex. This would require the conversion of PC to PA 

by a phospholipase D, which has not yet been identified. Thus, aside from further development 

of a robust in vitro transport assay, one key experiment to support this hypothesis would be to 

identify a phospholipase D in the outer envelope membrane of chloroplasts. Given the large 

number of predicted lipases in the plant genome (4), identifying such a lipase may not be an 

easy task, particularly if there are redundant enzymes . 

All of the methods presented here have the potential for continued use in the field of 

plant lipid research. While the in vitro methods require further optimization, the results are 

promising. Perhaps with more study of the donor liposomes and better understanding of their 

biophysical properties over time, the transport assays would show solidly conclusive results. 

The in vivo "tag and track" method is ready to use as is. It will have value when used in other 

mutant backgrounds of interest, and it may be able to help researchers answer questions that 

cannot quite be addressed with other approaches such as radiolabeling.  

To ultimately understand the nature of the lipid species transported by the TGD complex 

and its mechanistic function, structural analysis of the protein complex with trapped 
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intermediates might be necessary in the future. The TDG complexes are relatively stable during 

isolation (5, 6), and cryo-electron microscopy techniques combined with cross-linking mass 

spectrometry are particularly applicable to large complexes (7). These techniques have 

advanced to a level that they may allow us to address this problem in the near future (7). 
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